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Summary 

The formation, maintenance, and regeneration of skeletal muscle tissue depend on the 

interplay between muscle progenitor cells, known as myoblasts, and other local cell 

populations. Successful myogenesis requires precise regulation of multiple cellular processes, 

culminating in the formation of myofibers, multinuclear contractile syncytia from myoblasts. 

Proliferating myoblasts migrate to the muscle formation region, adhere to each other, express 

terminal differentiation markers, and eventually fuse their cytoplasmic contents. These 

processes are characterized by dynamic alterations in cytoskeletal architecture. The 

cytoskeleton comprises polymerizing proteins such as microfilaments, microtubules, 

intermediate filaments, and septins, forming an interconnected network of filaments. While 

the roles of actin, tubulin, and intermediate filaments are well studied, septins have only 

recently begun to emerge in the myogenic context. 

In my thesis, I investigated the expression and organization of septin paralogues in dividing 

and differentiating myoblasts, describing septins as a necessary component of the myoblast 

cytoskeleton. I propose the existence of septin octamers in myoblasts consisting of Septin2-

7-11 and 9, with Septin9 undergoing substantial changes in expression. Septin9 mRNA is 

induced as quiescent cells transition to activated progenitors in regenerating mouse muscle 

and is downregulated by the end of the regenerative process. Septin9 mRNA and protein 

expression were also reduced during in vitro differentiation in C2C12 and primary myoblasts.  

Cycling myoblasts incorporate Septin9 into actin-decorating septin filaments that form 

primarily near the nucleus, in close proximity to the plasma membrane. However, these 

filaments undergo substantial reorganization after myogenic differentiation is induced. I 

observed that a fraction of Myogenin-positive cells exhibits short, curved septin rods and 

filament remnants, with no co-localization with actin filaments. This reorganization 

potentially coincides with the accumulation of muscle specific actin and myosin proteins. 

These findings were confirmed via live-cell microscopy using an endogenously tagged eGFP-

Septin9 C2C12 cell line. Furthermore, nascent myotubes showed septin filaments extending 

across the perinuclear area in the basal plane, while the rest of the sarcoplasm contained 

filamentous remnants and rings. Mature myotubes, which exhibit sarcomeric actin 

organization, were mostly devoid of septin structures. 

SiRNA-mediated depletion of Septin9 resulted in the disruption of septin filaments and in a 

premature transition from proliferating to committed transcriptional signature in C2C12 and 
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primary myoblasts, as evident from RNASeq analysis. Additionally, Septin9-deficient 

myoblasts showed signs of premature cell cycle exit, increased apoptosis, and a precocious 

onset of myogenic differentiation during in vitro differentiation.  

Taken together, my findings establish Septin9 as a critical regulator of myoblast differentiation 

during the initial commitment phase. We propose that filamentous septin structures are part 

of a temporal regulatory mechanism governing myogenic differentiation, with their 

reorganization marking the progress of unfolding myoblast differentiation. 
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Zusammenfassung 

Die Bildung, Erhaltung und Regeneration von Skelettmuskelgewebe hängt vom 

Zusammenspiel zwischen Muskelvorläuferzellen, den sogenannten Myoblasten, und anderen 

lokalen Zellpopulationen ab. Eine erfolgreiche Myogenese erfordert eine präzise Regulation 

mehrerer zellulärer Prozesse, die schließlich zur Bildung multinukleärer kontraktiler Synzytien 

aus Myoblasten führt. Proliferierende Myoblasten wandern in die Region der Muskelbildung, 

haften aneinander, exprimieren terminale Differenzierungsmarker und vereinigen schließlich 

ihre zytoplasmatischen Inhalte. Diese Prozesse sind durch dynamische Veränderungen in der 

Zytoskelettarchitektur gekennzeichnet. Das Zytoskelett besteht aus polymerisierenden 

Proteinen wie Mikrofilamenten, Mikrotubuli, Intermediärfilamenten und Septinen, die ein 

miteinander verbundenes Netzwerk von Filamenten bilden. Während die Rollen von Aktin, 

Tubulin und Intermediärfilamenten gut untersucht sind, treten Septine erst in jüngster Zeit 

im myogenen Kontext in den Vordergrund. 

In meiner Dissertation habe ich die Expression und Organisation von Septin-Paralogen in 

teilenden und differenzierenden Myoblasten untersucht und beschrieben, dass Septine eine 

notwendige Komponente des Myoblasten-Zytoskeletts darstellen. Ich schlage vor, dass in 

Myoblasten Septin-Oktamere existieren, die aus Septin2-7-11 und 9 bestehen, wobei Septin9 

erhebliche Veränderungen in der Expression durchläuft. Septin9-mRNA wird induziert, wenn 

ruhende Zellen in aktivierte Vorläuferzellen in regenerierendem Mausmuskel übergehen, und 

am Ende des Regenerationsprozesses herunterreguliert wird. Die Expression von Septin9-

mRNA und -Protein wurde auch während der in vitro Differenzierung in C2C12-Zellen und 

primären Myoblasten reduziert. 

Proliferierende Myoblasten integrieren Septin9 in aktin-dekorierende Septinfilamente, die 

hauptsächlich in der Nähe des Zellkerns, in unmittelbarer Nähe zur Plasmamembran, gebildet 

werden. Diese Filamente unterliegen jedoch nach der Induktion der myogenen 

Differenzierung einer erheblichen Reorganisation. Ich beobachtete, dass ein Teil der 

Myogenin-positiven Zellen kurze, gebogene Septin-Stäbchen und Filamentreste aufweist, die 

nicht mit Aktinfilamenten kolokalisiert sind. Diese Reorganisation könnte möglicherweise mit 

der Akkumulation von muskelspezifischen Aktin- und Myosinproteinen zusammenfallen. 

Diese Befunde wurden durch Lebendzellmikroskopie mit einer endogen markierten eGFP-

Septin9 C2C12-Zelllinie bestätigt. Darüber hinaus zeigten neu entstehende Myotuben 

Septinfilamente, die sich im basalen Bereich über den perinukleären Bereich erstreckten, 
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während der Rest des Sarkoplasmas filamentöse Reste und Ringe enthielt. Reife Myotuben, 

die eine sarcomerische Aktinorganisation aufweisen, waren größtenteils frei von 

Septinstrukturen. 

Die siRNA-vermittelte Depletion von Septin9 führte zur Disruption der Septinfilamente und 

zu einem vorzeitigen Übergang von einem proliferativen zu einem differenzierten 

transkriptionellen Signaturprogramm in C2C12- und primären Myoblasten, wie aus der 

RNASeq-Analyse hervorgeht. Darüber hinaus zeigten Septin9-defiziente Myoblasten 

Anzeichen eines vorzeitigen Zellzyklusaustritts, erhöhter Apoptose und eines verfrühten 

Beginns der myogenen Differenzierung während der in vitro Differenzierung. 

Zusammengefasst belegen meine Ergebnisse, dass Septin9 ein kritischer Regulator der 

Myoblastendifferenzierung in der initialen Commitment-Phase ist. Wir schlagen vor, dass 

filamentöse Septinstrukturen Teil eines zeitlich regulierten Mechanismus sind, der die 

myogene Differenzierung steuert, wobei ihre Reorganisation den Fortschritt, der sich 

entfaltenden Myoblastendifferenzierung markiert.  
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1. Introduction 

1.1. Skeletal muscle: A hallmark of youth 

The timeless desire for eternal life has captured the imagination of artists, storytellers and 

thinkers across cultures and epochs. From the ancient Epic of Gilgamesh to modern tales of 

immortal cells of Henrietta Lacks, the quest for perpetual youth echoes through myth and 

reality alike. Whether depicted as blessed like the mythological Phoenix or cursed like the 

Wandering Jew, painted dancing across the basin of the Fountain of Youth or immortalized in 

the lyrics of Bob Dylan’s iconic song, our collective fascination with immortality persists, 

across literature, music, art, and folklore, transcending cultural boundaries. In contemporary 

discourse, the fascination has evolved into a focus on longevity and the broader public health 

implications of a rapidly aging global population. This preoccupation is likely to endure, 

especially considering projections from the World Health Organization (WHO) indicating that 

the number of individuals aged 60 and above will exceed 2 billion by 2050. This marks a 

substantial increase from the 600 million recorded in 2000 (www.who.int/health-

topics/ageing, 2023). Additionally, it is anticipated that a significant portion of children born 

after 2000 in developed nations like Germany, Italy, France, Japan and USA will live to become 

centenarians (Christensen et al., 2009). Advancing age is characterized by reduced 

regenerative capacity, exhaustion of the stem cell pool and progressing skeletal muscle 

weakness (Brotto and Abreu, 2012; López-Otín et al., 2013). These hallmarks coupled with 

chronic metabolic and muscle associated diseases significantly impact quality of life (Conboy 

et al., 2005; Granic et al., 2023; Koopman and van Loon, 2009; López-Otín et al., 2013). 

Overcoming these challenges and promoting healthy aging to sustain mobility and preserve 

quality of life is a persistent scientific endeavor (McGregor et al., 2014). In this context, the 

study of skeletal muscle biology remains imperative for the understanding and addressing 

the complexities of aging and promoting healthy longevity in the future. 

 

1.2. Adult skeletal muscle architecture 

Skeletal muscle, is one of the biggest organs in human body, constitutes approximately 40% 

of lean body mass, slightly higher in males and a little less in females (Janssen et al., 2000). 

With about 640 individual muscles it functions as a biomechanical device crucial for various 
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physiological roles including voluntary contraction, force generation and motion (Mukund 

and Subramaniam, 2020). Moreover, it accounts for 30-50% of overall body protein turnover, 

rendering it particularly responsive to physiological triggers such as growth factors, 

nutritional status, hormones, exercise, and injury. Beyond its metabolic role and heat 

production, skeletal muscle exhibits high energy demands and susceptibility to fatigue. The 

basic contractile units, known as sarcomeres, generate force that transmits via tendons to 

bones. This organization of muscle fibers and diverse connective tissue highlights the well-

described architecture of the tissue (Gillies and Lieber, 2011).  

 

Figure 1-1. Skeletal muscle ultra-structure 
A scheme depicting the musculoskeletal system comprising of bone, muscle and connective tendons. 
Skeletal muscle is composed of muscle cells, cylindrical myofibers that house intracellular organelles 
and contractile units, called sarcomeres. Muscle-resident stem cells (satellite cells) reside at the 
periphery of myofibers beneath the basal lamina- an extracellular matrix layer. These individual fibers 
aggregate into fascicles and fascicle bundles, all ensheathed by distinct connective tissue layers: 
endomysium, perimysium, and epimysium. The epimysium connects the overall ultrastructure to 
tendons (adapted from (Relaix and Zammit, 2012), originally from (Tajbakhsh, 2009)).  

 

Individual muscle fibers, which are multinucleated and post-mitotic, house intracellular 

organelles, including the contractile machinery. Enveloping these fibers is an extracellular 

matrix layer called basal lamina, further enclosed by a connective tissue layer known as 
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endomysium. Bundles of fibers, called fascicles, are surrounded by perimysium, while an 

individual muscle is ultimately ensheathed into epimysium (Frontera and Ochala, 2015; 

Mukund and Subramaniam, 2020) (Fig. 1-1). 

 

1.3. Embryonic origin of skeletal muscle  

Skeletal muscle development initiates in transient embryonic structures termed somites, 

which arise from the paraxial mesoderm – a tissue forming during gastrulation and embryonic 

axis elongation (Fig. 1-2). The paraxial mesoderm subdivides into an immature posterior 

presomitic mesoderm and a committed anterior region, from which somites emerge, 

ultimately giving rise to multinucleated myofibers (Chal and Pourquié, 2017). The subsequent 

specification and differentiation of the paraxial mesoderm into somites, are processes tightly 

regulated by gradients of fibroblast growth factor (FGF), Wingless and Int-1 (WNT) and bone 

morphogenetic protein (BMP) signaling (Ciruna and Rossant, 2001; Reshef et al., 1998). 

Further regulation is achieved through the segmentation clock, a molecular oscillator 

mechanism (Hubaud and Pourquié, 2014). In brief, receding concentration thresholds (called 

determination front) for Notch, WNT and FGF deriving from the posterior tail region, is 

counteracted by specification- inducing retinoic acid (RA) produced in the anterior segment 

(Aulehla and Pourquié, 2008). This mechanism guides the transformation of the mesodermal 

structure toward somite development.  

Freshly formed somites undergo dorsoventral segmentation, giving rise to the dorsal 

epithelial dermomyotome structure. In response to WNT, BMP and sonic hedgehog (Shh) 

signaling, the initial uncommitted cell populations within the dermomyotome become 

directed toward distinct somitic fates (Yusuf and Brand-Saberi, 2006). These nascent 

progenitor cells express the early myogenic factor paired-homeobox 3 (Pax3), while the 

dermomyotome subdivides further (Gros et al., 2005). Shortly after dermomyotome 

establishment, cells transition to expressing Myogenic factor 5 (Myf5) (Ott et al., 1991) and 

downregulating Pax3 (Bober et al., 1994), marking the formation of the myotome, a ventrally 

located cell layer in respect to the dermomyotome (Chal and Pourquié, 2017). Development 

of the myotome corresponds with appearance of first postmitotic cells called myocytes, 

characterized by the expression of specialized myogenic proteins such as cytoskeletal 

proteins slow (Myh7) and embryonic myosin heavy chains (Myh3), α-actin (Acta1), desmin 

(Des) (Babai et al., 1990; Lyons et al., 1990) and an enzyme carbonic anhydrase III (Car3) 
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(Tweedie et al., 1991). Additional Pax3+ cells migrate from the dermomyotome and integrate 

into the myotome, where they subsequently undergo fusion to generate first myofibers (Gros 

et al., 2005). Migration of those cells into the limb bud sets the stage for the eventual 

development of limb muscles (Buckingham et al., 2003). This foundational myogenic process 

is regulated by a network of muscle regulatory factors (MRF) consisting of Myf5, Myogenic 

determination protein 1 (Myod1), Mrf4 and Myogenin (the MRFs are introduced in detail in 

chapter 1.4.2) (Berkes and Tapscott, 2005; Chal and Pourquié, 2017). 

 

Figure 1-2. Embryonic origin of somites 
An illustration of spatial organization of mesoderm development within the embryo’s posterior 
region. Mesoderm subtypes - paraxial mesoderm (only in this figure indicated as PM), intermediate 
mesoderm (IM) and lateral plate mesoderm (LPM)- emerge progressively during development. 
Signaling gradients, including BMP, retinoic acid, WNT and FGF drive mesoderm patterning as 
depicted on the right side. Initial embryonal axis elongation (from top to bottom in this 
representation) is concomitant with the emergence of neuromesodermal progenitors (NPMs) 
constituting the first paraxial mesoderm progenitors. The determination front, a WNT/FGF signaling 
gradient, is countered by retinoic acid, partitioning the nascent mesoderm into anterior presomitic 
mesoderm (aPSM) and immature posterior presomitic mesoderm (pPMS). Subsequent somite 
formation occurs in the anterior region, differentiating into dermomyotome and myotome, 
culminating later in skeletal muscle generation. Mesodermal subtypes are color-coded. Axial 
mesoderm includes the neural tube, notochord and node. Mesoderm initially forms at the primitive 
streak (PS) level. Presented from dorsal view (modified from (Chal and Pourquié, 2017)). 
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1.4. The paradigm of myogenesis 

Muscle development is a complex process involving several stages: the emergence of 

mesenchymal progenitors, their specification into myoblasts, the subsequent commitment of 

myoblasts and their cell cycle arrest, the fusion of myoblasts to multinucleated myotubes, 

and ultimately the maturation of myofibers (Bentzinger et al., 2012). This myogenic process 

can be subdivided into embryonic, fetal and adult phases. 

 

1.4.1. Embryonic, fetal, and neonatal myogenesis 

In mice, the initiation of somitogenesis takes place at embryonic day 8 (E8), generating 

distinct paraxial mesoderm segments that promptly differentiate into dermomyotome 

(Aulehla and Pourquié, 2008). By day E10.5, Pax3+ cells from the dermomyotome delaminate, 

migrate ventrally and fuse to form the initial muscles of the primary myotome. This 

embryonic or primary phase of myogenesis persists until E14.5 (Buckingham and Relaix, 

2007). Subsequently, during secondary or fetal myogenesis (E14.5-E17.5) Pax3+ cells start 

expressing Pax7 and fuse either with each other or preformed primary myotubes, leading to 

formation of secondary fibers (Biressi et al., 2007a; Buckingham and Relaix, 2007). Primary 

and secondary fibers differ from each other expressing various sets of metabolic enzymes 

and structural proteins including specific myosins (Schiaffino and Reggiani, 2011). Formation 

of the basal lamina towards the end of the secondary myogenesis (E17) marks maturation of 

fibers and the emergence of satellite cells, a Pax7+ cell pool residing uniquely between basal 

lamina and sarcolemma of myofibers (Relaix et al., 2005) (Fig. 1-3).  
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Figure 1-3. Stages of skeletal myogenesis 
An illustration depicting dermomyotome (DM) development. Early myotome is comprised of primary 
myocytes (yellow) forming the initial muscles. In the primary myogenesis phase, Pax3+ cells (yellow, 
middle panel) delaminate from DM and form primary myofibers. During secondary myogenesis, Pax7+ 
cells (red middle and right panel) give rise to secondary myofibers (red, right panel). During this stage, 
some Pax7+ cells position beneath the nascent basal lamina, constituting a stem cell pool. nt- 
notochord, n- neural tube. (modified from (Chal and Pourquié, 2017)). 

 

1.4.2. Genetic network controlling the progression of the myogenic lineage 

The sine oculis–related homeobox 1 (Six1) and Six4 are transcription factors that govern the 

whole cascade directing dermomyotomal progenitors toward myogenic lineage, and regulate 

expression of crucial transcription factors involved into developmental steps of myogenesis 

(Bentzinger et al., 2012; Grifone et al., 2005).  

Next level of genetic hierarchy is regulated by Pax3 and Pax7 transcription factors that drive 

specification of myogenic progenitors. Pax3 expression is detected in presomitic mesoderm 

at E8.5, while Pax7 expression initiates in somites at E9 (Boudjadi et al., 2018; Kassar-

Duchossoy et al., 2005). Pax3 loss-of-function mutation inhibits formation of limb muscle 

among other defects (Bober et al., 1994). Specific ablation of Pax3 lineage using Pax3-cre 

driver led to embryonic lethality, while Pax7 lineage depletion lead to defects in later stages 

of development (Hutcheson et al., 2009). Therefore, it is believed that Pax3-positive cells 

form a template of initial fibers, to which Pax7-positive cells contribute forming secondary 

fibers and the satellite cell pool, during secondary myogenesis (Bentzinger et al., 2012; 

Maqbool and Jagla, 2007). 

The terminal specification of mesodermal progenitors is regulated by sequential activation of 

the basic helix-loop-helix (bHLH) myogenic regulatory factors (MRFs): Myf5, Myod1, 



                                                                                                                                                             Introduction 

7 
 

Myogenin and Mrf4 (Hernández-Hernández et al., 2017). These factors bind DNA through 

their basic domain utilize the helix-loop-helix motif to heterodimerize with E proteins. E 

proteins mediate binding to E boxes (CANNTG), regulatory cis elements found in promoters 

of muscle specific genes (Massari and Murre, 2000). Myod1 was the first MRF recognized to 

possess the ability to reprogram fibroblasts into myogenic cells (Davis et al., 1987; Lassar et 

al., 1986). Myf5 is the first MRF transiently upregulated in the paraxial mesoderm and later 

together with others MRFs during myotome formation (E10.5) (Buckingham, 1992). Shortly 

after Myf5, Myod1 is expressed, and both of them are involved into commitment and 

proliferation of myogenic cells, upstream of Myogenin and Mrf4 (Hernández-Hernández et 

al., 2017). Subsequently Myogenin (E11.5) and Mrf4 (E13.5) are expressed, guiding terminal 

differentiation and trigger the expression of myotube-specific genes (Buckingham and Relaix, 

2007) (Fig. 1-4). 

 

Figure 1-4. Transcription factors orchestrating myogenic lineage progression 
Embryonic muscle progenitors give rise to initial myoblasts and establish a pool of postnatal stem 
cells. Committed stem cells retain the capacity to return to a quiescent state. Early lineage 
specification is governed by Six1, Six4, Pax3 and Pax7. Myf5 and Myod1 commit myoblasts, while 
myogenin (MyoG) and Mrf4 orchestrate late-stage differentiation, fusion and myotube formation. 
Modified from (Bentzinger et al., 2012). 

 

 



Introduction 

 

8 
 

1.4.3. Skeletal muscle stem cells 

Skeletal muscle stem cells (MuSCs) play vital roles in the neonatal growth of skeletal muscle 

and regenerative process in adult organism. They were first described by Alexander Mauro in 

1961 as cells possessing their own plasmalemma while sharing the basal lamina of the 

myofiber (Mauro, 1961). Mauro suggested their involvement in muscle regeneration, 

providing a source for fiber repair. These MuSCs originate from mesodermal progenitors of 

the embryonic dermomyotome and commit to myogenic fate during embryogenesis (Lepper 

and Fan, 2010). In the adult state, satellite cells remain in a quiescent state and reside in a 

specialized, polarized microenvironment referred to as the stem cell niche (Yin et al., 2013). 

The basal side of the cell makes close contact with the basal lamina and specifically expresses 

laminin receptor α7β1 integrin. In contrast, the apical side, adjacent to the myofiber, is 

enriched in the cell adhesion molecule (CAM) M-cadherin (Kuang et al., 2007). Studies 

involving the isolation and cultivation of single live myofibers have revealed that quiescent 

MuSCs can be activated, leading to proliferation and differentiation, ultimately resulting in 

the generation of new myofibers (Bischoff, 1986). This process is controlled by sequential 

expression of transcription factors, closely resembling the commitment and differentiation 

process observed during embryonic and fetal development (Schmidt et al., 2019) (Fig. 1-5). 

 

Figure 1-5. Transcription factor and marker expression during satellite cell activation, proliferation, 
differentiation, fusion and maturation 
In the quiescent state, satellite cells express Pax7 and reside in G0 phase of the cell cycle. Muscle 
injury or damage to the basal lamina triggers their activation, causing them to re-enter the cell cycle. 
Proliferating cells begin expressing Myod1 and Myf5. They can choose to return to quiescence, 
maintaining the stem cell pool, or continue expanding as myoblasts. Myoblasts commit to myogenic 
differentiation, marked by the expression of Myogenin, exiting the cell cycle, while downregulating 
Pax7 and Myf5. Differentiated myocytes subsequently express Mrf4 and late myogenic marker 
proteins such as myosin heavy chain (Myh). They fuse either with each other or pre-existing 
myofibers, contributing to muscle regeneration or the formation of new myofibers. The process 
concludes with maturation and hypertrophy, which are regulated by Mrf4. Modified from (Schmidt et 
al., 2019). 
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Tissue-specific or adult stem cells poses the unique capability to both self-renew and 

differentiate into specialized cells (Wosczyna and Rando, 2018). The MuSCs are classified as 

adult stem cells due to their capacity for both generating proliferating progeny to repair 

injured muscle fibers and efficiently self-renew, although this ability tends to diminish with 

age (Chakkalakal and Brack, 2012). Satellite cells exhibit heterogeneity across various 

characteristics. All SCs express Pax7, and depleting of Pax7 results in a reduced number of 

SCs, early postnatal lethality, and absence of injury induced muscle regeneration (Lepper et 

al., 2011; Seale et al., 2000). However, studies using mouse models like Myf5-Cre reporter 

mice (Myf5-Cre/ Rosa-YFP) have demonstrated that approximately 10% of Pax7+ cells have 

never expressed Myf5 (Kuang et al., 2007). Additionally, investigations using Pax7-nGFP 

mouse line have revealed subpopulations of SCs with varying levels of Pax7 expression, 

distinguishing between Pax7high and Pax7low expressing cells. Notably, Pax7high cells exhibit a 

delayed entry into the cell cycle compared to Pax7low cells (Rocheteau et al., 2012). 

Furthermore, a subset of Pax7high cells segregates template DNA specifically to one of the 

daughter cells during asymmetric cell division (Rocheteau et al., 2012), a phenomenon first 

described by Shinin and colleagues (Shinin et al., 2006). Studies on satellite cells within 

cultured isolated myofibers have elucidated two types of cell division: symmetric and 

asymmetric. Symmetric division occurs along the plane perpendicular to the muscle fiber axis 

(a planar division mode) resulting in two identical cells, that can enter quiescence or commit 

to the myogenic lineage. In contrast, asymmetric division which is oriented basal-apically, 

yields distinct progeny. One cell, closer to basal lamina, exits the cell cycle to replenish the 

stem cell pool, while the other commits to the myogenic program (Kuang et al., 2007).  

In addition to DNA strand segregation, organelles, signaling molecules, receptors and other 

determinants of cell fate exhibit a binary distribution during asymmetric cell division. Multiple 

signaling pathways, including the Notch pathway, have been implicated in the control of 

asymmetric cell division (Wen et al., 2012), with Notch effectors like Notch3 and Dll1 shown 

to asymmetrically segregate to satellite daughter cells (Kuang et al., 2007). Further evidence 

suggests that the Notch inhibitor Numb becomes preferentially enriched in one of daughter 

cells (Shinin et al., 2006). Numb, functioning as an intracellular adaptor protein, polarization 

agent and cell fate determinant, recruits E3 ubiquitin ligase Itch to the Notch1 receptor, 

priming it for degradation (George et al., 2013; Ortega-Campos and García-Heredia, 2023). It 

is noteworthy that although approximately 90% of satellite cells that segregate template DNA 
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also cosegregate Numb, it is unlikely that Numb directs this process, rather these processes 

are likely coregulated (Shinin et al., 2006). Additionally, the regulation of cell polarity through 

proteins involved in asymmetry breaking, such as Par, Numa and Dystrophin, plays a critical 

role in asymmetric cell division in satellite cells (Dumont et al., 2015; Troy et al., 2012; Hirth, 

2013). Striking the right balance between self-renewal, expansion and differentiation is 

fundamental for maintaining the stem cell pool and ensuring an adequate supply of material 

for muscle repair and homeostasis.  

 

1.4.4. Postnatal myogenesis  

During the initial three weeks of murine growth, body size increases approximately eight-fold, 

with skeletal muscle contributing significantly to this growth, accounting for about 50% of the 

increase (Gokhin et al., 2008). Although the total number of myofibers is established between 

E18 and birth, the number of nuclei and the radial size of fibers continue to rapidly increase 

until slowing down after postnatal day 21 (Ontell et al., 1984; White et al., 2010). Postnatal 

muscle growth primarily results from the fusion of Pax7+ satellite cells into the myofibers and 

sustained anabolic hypertrophy until adulthood. At birth, SCs represent around 30% of all 

sub-laminal nuclei in skeletal muscle (Allbrook et al., 1971). However, during the early 

postnatal period, the relative proportion of SCs drops to about 3%, a number that further 

decreases with age (Ontell et al., 1984; Sousa-Victor et al., 2014). Adult muscles exhibit a 

consistent SC density, indicating tight regulation of this process (Boldrin and Morgan, 2012). 

The radial growth, or hypertrophy of myofibers involves an increase in both the size and 

number of myofibrils. There is a positive correlation between the myonuclear accretion and 

myofiber volume (Pizza and Buckley, 2023). Skeletal muscle mass depends on the balance 

between anabolic protein synthesis and catabolic protein degradation, which can lead to 

muscle atrophy. Various signaling pathways control this balance. Negative control of protein 

synthesis is primarily achieved through the Myostatin-Smad2/3 pathway, while Igf1-Akt-

mTOR acts as a principal positive regulator (Schiaffino et al., 2013). Insulin-like growth factor 

1 (Igf1) activates Akt in a PI3K-dependent manner, which, in turn, activates mammalian target 

of rapamycin (mTOR) to stimulate protein synthesis through downstream effectors. 

Myostatin (Mstn), a Transforming growth factor beta (TGFβ) family ligand, binds to cell 

surface receptors and activates Smad2/3 transcription factors, which inhibit mTOR pathway 

and stimulate protein degradation via activation of specific E3 ubiquitin ligase Atrogin 1 
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(Sartori et al., 2014). Muscle loss is typically regulated by atrogenes or atrophy-related genes 

that mediate protein degradation through proteasomal and lysosomal pathways. Forkhead 

box O (FoxO) transcription factors are the primary regulator of muscle protein turnover, 

activating expression of E3 ubiquitin ligases such as Atrogin-1 and Muscle RING finger 1 

(MuRF1). These ligases control the half-lives of many structural proteins. Notably, Akt can 

phosphorylate and inhibit FoxO, representing an intricate fine-tuning network that regulates 

muscle protein turnover (Schiaffino et al., 2013).  

 

1.4.5. Muscle regeneration 

Skeletal muscle possesses a remarkable capacity for regeneration. Daily activities can result 

in minor muscle fiber damage, which is effectively repaired intrinsically by patching the 

membrane using intracellular vesicles. This process relies on Dysferlin expression (Bansal et 

al., 2003). In response to more significant traumatic damage caused by factors like strenuous 

exercise, myotoxins, or genetic disorders leading to muscle degeneration, muscle tissue goes 

through a process of destruction and reconstruction. This process can be further divided into 

distinct phases, including necrosis, inflammation, regeneration, maturation and functional 

recovery (Forcina et al., 2020). The initial phase involves the necrosis of damaged fibers, 

characterized by the release of intracellular materials, including calcium, leading to 

proteolytic degradation (Forcina et al., 2020). The innate immune system acts as a first 

responder, recruiting inflammatory cells through chemotaxis within seconds of muscle injury 

(Yang and Hu, 2018). Neutrophils are among the first immune cells to invade the site of lesion, 

secreting enzymes, oxidative factors, chemokines, and pro-inflammatory signals like Tumor 

necrosis factor-α (TNF-α), Interferon-γ (IFN-γ) and Interleukin-1β (IL-1β). The next phase of 

regeneration is marked by the infiltration of pro-inflammatory (CD68+/CD163-) M1 

macrophages and the activation of muscle stem cells within 24 hours of injury. Macrophages 

play a crucial role in clearing cellular debris and continue to secret early pro-inflammatory 

cytokines that attract MuSCs to the damaged site and induce their expansion. TNF-α, for 

instance, inhibits Notch1 and Pax7 expression, therefore promoting the commitment of 

MuSCs (Caballero-Sánchez et al., 2022). Between 2 to 4 days after initial damage, the number 

of myoblasts reaches its peak, and the pro-inflammatory environment transitions to an anti-

inflammatory state, marked by the conversion of M1 macrophages to M2 macrophages 

(CD68-/CD163+). M2 macrophages secrete a wide range of pro-regenerative molecules, 
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including IGF1, which enhances tissue regeneration (Tonkin et al., 2015), and Interleukin-10 

(IL-10), stimulating myoblast differentiation and fusion (Arnold et al., 2007). Newly formed 

myofibers express embryonic isoforms of myosin heavy chain and feature centrally localized 

myonuclei. In the final phase of muscle regeneration, new myofibers mature into functional, 

contractile myofibers with peripheral nuclei. This maturation process coincides with the 

restoration muscle function, ultimately re-establishing the adult muscle ecosystem, including 

the appropriate extracellular matrix, connective tissue, blood circulation, innervation, stem 

cell niche, and associated, muscle-residing cells (Qazi et al., 2019; Schmidt et al., 2019). 

It is universally accepted that de novo formation of a myofiber depends on the proliferation 

and differentiation of muscle progenitor cells and the fusion of myoblasts. These fundamental 

processes are integral to both embryonic and postnatal myogenesis, as well as adult muscle 

regeneration. Progenitor cell proliferation, nuclei accretion, and hypertrophy of a new 

myofiber occur in vitro, during embryonic and fetal development, and in the regeneration of 

adult muscle (Fukada et al., 2022). Therefore, it is conceivable that the cellular and molecular 

mechanisms underlying fiber maturation appear analogous, if not identical, despite 

substantial morphological differences between newly formed muscle structures. The most 

remarkable differences include nuclei organization and myofiber size (Pizza and Buckley, 

2023). For example, developing fibers assemble their own basal lamina, while regenerating 

fibers predominantly form within the lamina of the necrotic fiber (Webster et al., 2016). 

Embryonic myogenesis relies on embryonic and fetal myoblasts, whereas Pax7+ satellite cells 

appear to be primarily, if not the sole, precursor of adult myofiber (Relaix and Zammit, 2012). 

Regenerating myofibers are regulated by different cells in the environment, such as 

macrophages, compared to developmental stages (Forcina et al., 2020). General questions as 

extrinsic and intrinsic need to obtain nuclei may differ between acute injury and 

development. Regenerating myofibers rapidly accumulate a higher-than-normal number of 

nuclei (per area) within the first 7 days after injury in an accelerated fashion, preceding 

hypertrophic growth. In contrast, developing myofibers reach the adult number of myonuclei 

and level of hypertrophy several months after birth (Buckley et al., 2022). Lastly, regenerating 

fibers feature centrally located nuclei, organized in nuclear chains, strings containing at least 

10-20 nuclei that appear in contact. In contrast, during development, centrally positioned 

nuclei are consistently non-randomly separated from each other (Buckley et al., 2022; Wada 

et al., 2008). Despite these and other differences, developing and regenerating myogenesis 
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share common processes, with variations often explained by alterations in the soluble and 

cellular environment mediating maturation (Pizza and Buckley, 2023). 

 

1.5. A synopsis of signaling pathways regulating myogenesis 

Cellular responses are initiated by gradients of morphogens that emanate from a localized 

sources and orchestrate the organization of surrounding cells into specific pattern (Gurdon 

and Bourillot, 2001). Skeletal muscle formation is a highly regulated, multistep process 

governed by a complex genetic network of these morphogenic signals across all 

developmental stages. This intricate regulatory network also plays a role in maintaining 

homeostasis and guiding adult regenerative processes, although not always with a complete 

overlap (Bentzinger et al., 2012). Interestingly, Biressi and colleagues have proposed that 

embryonic and fetal myogenic progenitors may possess intrinsic genetic differences. Through 

cell-sorting techniques, they have demonstrated disparities between these two types of 

myoblasts in terms of proliferation, differentiation and fusion capabilities, and response to 

myogenic inhibitors like TGFβ and BMP4 in vitro (Biressi et al., 2007b). Overall, morphogenic 

signals are sensed and interpreted by myogenic precursors, influencing either the promotion 

or antagonism of myogenic commitment. Numerous well-studied developmental signaling 

pathways play pivotal roles in regulating myogenesis, including Sonic hedgehog (Shh), Notch, 

Hepatocyte growth factor (HGF), Fibroblast growth factors (FGFs), IGFs, RA, WNT, and TGFβ 

signaling among others (Chal and Pourquié, 2017). Here we will dive into greater detail on a 

few relevant pathways, specifically the TGFβ, or more precise Activin receptor signaling, and 

WNT pathways. 

 

1.5.1. Activin receptor signaling 

The TGFβ superfamily encompasses more than thirty soluble ligands that play vital roles in 

both developmental myogenesis and postnatal muscle growth (Horbelt et al., 2012; 

Moustakas and Heldin, 2009). In numerous preclinical mouse disease models, the inhibition 

of specific TGFβ ligands has demonstrated potent anabolic effects on muscle (Lee et al., 

2023). Three of these ligands have garnered particular attention: myostatin, activins and 

growth differentiation factor 11 (GDF11). These proteins are initially synthesized as large 

precursor molecules comprising a signal peptide, N-terminal prodomain, and a C-terminal 
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mature domain. The mature growth factor is composed of a dimer formed by two carboxy-

terminal domains held together by a single disulfide bond. The signal peptide is removed in 

the endoplasmic reticulum, and the remaining peptide undergoes further processing in the 

trans-Golgi network and extracellularly. The prodomain is cleaved by protein convertases, 

such as furin, converting the peptide into a “latent state”, where the prodomain remains non-

covalently bound to the mature domain (Lee and McPherron, 2001; Wang et al., 2016). The 

final cleavage is mediated by metalloproteases of the BMP1/tolloid family, resulting in the 

release of the mature ligand (Wolfman et al., 2003). 

Myostatin, activins, and GDF11 share a common set of activin transmembrane receptors to 

initiate their signaling pathways. This receptor complex consists of two type I and two type II 

receptors. Each activin receptor has a single-pass transmembrane domain flanked by an 

extracellular ligand-binding domain and an intracellular serine/threonine kinase domain. 

When ligands bind to the type II receptor, they form a complex that recruits and activates the 

type I receptors through transphosphorylation. This activation propagates intracellular 

signaling as the type I receptor activates transcription factors Smad2 and Smad3. These 

Smads then form multimers with Smad4 and translocate to the nucleus, where they bind to 

a DNA sequence known as the Smad-binding element (SBE) (Massagué et al., 2005). Within 

the TGFβ family, there are seven different type I receptors known as activin receptor-like 

kinase (ALK1-7). Activin A primarily utilizes ALK4, but can also form a non-signaling complex 

with Alk2, becoming a competitor of Alk4 signaling (Hildebrandt et al., 2021; Olsen et al., 

2018; Quist-Løkken et al., 2023; Szilágyi et al., 2024). Myostatin and GDF11 signal through 

both ALK4 and ALK5 (Andersson et al., 2006; Rebbapragada et al., 2003). There are five 

different type II receptors in the TGFβ superfamily: TGFβ receptor type II (TβRII), bone 

morphogenetic protein receptor type II (BMPRII), anti-Müllerian hormone receptor type II 

(AMHR), activin receptor type IIA (ActRIIA), and activin receptor type IIB (ActRIIB). Activin A 

and GDF11 utilize both ActRIIA and ActRIIB, with similar affinity for these ligands. Myostatin 

primarily uses ActRIIB as its main type II receptor, with much lower affinity for ActRIIA (Goebel 

et al., 2019; Jatzlau et al., 2023; Walker et al., 2017). The TGFβ receptor signaling is 

notoriously promiscuous, with other ligand family members also binding to ActRIIA and 

ActRIIB, such as BMP10. This can sometimes lead to unexpected outcomes in studies that 

manipulate either growth factors or receptor complexes, potentially disrupting the pathway 

(Rodgers and Ward, 2021) (Fig. 1-6). 
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Figure 1-6. Activin receptor signaling pathway in skeletal muscle  
This figure illustrates the promiscuous signaling of various ligands from TGFβ superfamily, including 
myostatin, GDF11 and Activin A, through the activin receptor complex. The activation of the receptor 
complex involves two pairs of receptors: type II (ActRIIA or ActRIIB) and type I (Alk4, Alk5, Alk7). Active 
type I receptors phosphorylate Smad2/3, which then form complexes with Smad4 and translocate to 
the nucleus. There, they bind to specific DNA sequences, driving the transcriptional response. Other 
transcription factors, chromatin- and histone modifying enzymes, collectively modulate Smad-
dependent transcription to regulate essential cellular processes such as protein synthesis, 
degradation, cellular differentiation, and proliferation. Modified from (Lodberg, 2021). 

 

Studying the impact of myostatin in C2C12 cells and primary human myoblasts has provided 

significant mechanistic insights into activin receptor signaling in muscle. Myostatin primarily 

affects four cellular programs: protein synthesis, protein degradation, cellular differentiation 

and proliferation (Lodberg, 2021). Myostatin has been shown in cell lines and mice to 

suppress protein synthesis by inhibiting Akt signaling in a Smad2/3-dependent manner, 

disrupting a critical signal for anabolic protein synthesis regulated by mTOR (Trendelenburg 

et al., 2009; Welle et al., 2009). Additionally, Akt inhibition increases the amount of active 

FoxO transcription factor, which controls the expression of E3 ubiquitin ligases Atrogin-1 and 

MuRF1. These ligases subsequently facilitate the proteasomal degradation of myogenic 

regulatory factors and structural muscle proteins (Lokireddy et al., 2011; McFarlane et al., 
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2006). Myostatin has also been linked to the regulation of autolysosomal activity in C2C12 

cells (Lee et al., 2011). In myoblasts primed for differentiation, myostatin exerts Smad3-

dependent myostatin control over the expression of myogenic regulatory factors such as 

Myod1, Myf5 and Myogenin (Langley et al., 2002). However, in proliferating myoblasts, 

myostatin leads to the inhibition of cell cycle progression through a p21-mediated 

mechanism (McCroskery et al., 2003; Thomas et al., 2000) (Fig. 1-6). The myogenic impact of 

myostatin is nuanced and context specific, often leading to conflicting results particularly in 

studies involving immortalized mouse cell lines (Rodgers and Ward, 2021). The prevailing 

model suggests that during development and regeneration, myostatin arrests the cell cycle 

and initiates the myogenic program in proliferating muscle progenitors. In quiescent, contact 

inhibited satellite cells, myostatin maintains quiescence and inhibits terminal differentiation. 

In mature muscle, myostatin functions as a potent atrogene, stimulating protein degradation 

and inhibiting protein synthesis. Similar effects are assumed for Activin A and GDF11 (Rodgers 

and Ward, 2021). Myostatin is often depicted as a regulator of muscle precursor cell behavior, 

with a seemingly contradictory role in inhibiting both cell proliferation and differentiation 

(Rodgers and Ward, 2021). Although there are reports of increased proliferation following 

myostatin (Rodgers et al., 2014) and Activin A (Ma et al., 2021) stimulation in C2C12 cells, 

multiple vertebrate models such as ovine, porcine, chicken and trout myogenic precursors 

(Kamanga-Sollo et al., 2005; McFarland et al., 2007; Salabi et al., 2014; Seiliez et al., 2012), 

consistently demonstrate myostatin’s role in the cell cycle inhibition through the upregulation 

of p21- Retinoblastoma1 (pRb1) axis. The conflicting data regarding myostatin’s impact on 

myogenesis largely stem from studies in C2C12 cells, which have shown the downregulation 

of MRFs and p21 during differentiation (Langley et al., 2002). Furthermore, studies involving 

myostatin null mice have reported an increased number of satellite cells present in muscle 

(McCroskery et al., 2003). However, subsequent research using an ActRIIA and ACTRIIB 

antibody to inhibit Activin A, myostatin, and GDF11 indicated that hypertrophy can occur 

independently of satellite cell numbers (Lee et al., 2012). Fig. 1-7 provides a summary of 

myostatin and Activin A functions. 
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Figure 1-7. Cellular effects of Activin A and Myostatin in 
myogenesis 
Myostatin, a well-investigated member of the activin receptor 
complex ligands, is thought to impede the proliferation of skeletal 
muscle progenitor cells and favor protein degradation during 
muscle maturation. The regulation of satellite cell self-renewal and 
cellular differentiation remains a subject of debate with context-
dependent characteristics. Other TGFβ ligands such as Activin A and 
GDF11, are presumed to exert comparable functions. Modified 
from (Lodberg, 2021). 
 

Future studies will likely provide clarity on the precise cellular 

functions of activin complex signaling in myoblasts and 

myogenic progenitor cells. Nevertheless, the grotesque 

hypertrophy observed in animal models lacking myostatin, 

such as cattle, dogs and trout, has intensified the interest in 

the TGFβ pathway. It serves as a paradigm, illustrating the 

intricacies of regulation within a signaling network and 

crosstalk (Rodgers and Ward, 2021). Notably, myostatin 

primarily signals directly to myofibers rather than satellite 

cells, as demonstrated by its specific depletion in fast-

twitching fibers (Myl1-Cre), resulting in significant 

hypertrophy without satellite cell activation and fusion (Lee et al., 2020). Simultaneous 

inhibition of Activin A and myostatin (and GDF11) through the inhibition of both activin type 

II receptors using ActRII-Fc antibody (targeting ActRIIA and ActRIIB) greatly amplifies the 

increase in muscle mass observed with myostatin inhibition alone (Lee et al., 2005). 

Conversely, inhibiting BMP type II receptor (BMPRII) in conjunction with both activin type II 

receptors does not yield an additional increase in muscle mass. Surprisingly, inhibiting both 

type I receptors (Alk4 and Alk5) surpasses the effect of ActRII-Fc antibody treatment, nearly 

quadrupling muscle mass (Lee et al., 2020). These findings suggest the involvement of 

another type II receptor in myofibers, potentially bringing the TGFβ receptor type II (TBRII) 

into focus, although no binding of myostatin or Activin A binding to this receptor has been 

reported. The ActRIIA/IIB-neutralizing antibody represents one of 19 pharmaceutical 

strategies in the first generation of “first mover” biologicals that entered clinical trials to 

address muscle wasting conditions, including dystrophies, cachexia, sarcopenia and bone 

injuries. Regrettably, these “first movers” have not succeeded in achieving functional end 
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results and physiological benefits in patients during phase 2 trials, despite increasing lean 

muscle mass (Lee et al., 2023; Rodgers and Ward, 2021). The failure to translate from the 

potent muscle hypertrophy observed in mice following myostatin inhibition to humans may 

be attributed to differences in the circulating levels of these growth factors between species. 

Indeed, recent research in cynomolgus monkeys has revealed a superior effect of Activin A 

inhibition on muscle mass regulation (Latres et al., 2017). However, the complete absence of 

myostatin signaling does not provide the full picture, as simultaneous overexpression of the 

BMP antagonist noggin in the Mstn null mouse mitigated the hypertrophy (Sartori et al., 

2013). This underscores the importance of crosstalk that involves the upregulation of 

anabolic BMP signaling, which shares the transcription factor Smad4 with the catabolic 

activin receptor pathway. The insights gained from recent research and clinical setbacks have 

enriched the TGFβ field with a deeper understanding of the complex regulation of this 

signaling pathway, paving the way for the development of novel treatment strategies.  

 

1.5.2. WNT signaling 

Signaling molecules from the WNT family play crucial roles in myogenesis during both 

embryonic development and adult tissue homeostasis by regulating muscle formation and 

maintenance. This pathway consists of canonical (β-catenin-dependent) and noncanonical (β-

catenin-independent) branches (MacDonald et al., 2009). Upon binding of WNT ligands to 

Frizzled (Fzd) receptor and low-density lipoprotein receptor-related protein (LRP5/6) co-

receptor, β-catenin accumulates in the cytoplasm and translocates to the nucleus. There, in 

conjunction with T cell factor (TCF) and Lymphoid enhancer factor (LEF), β-catenin stimulates 

the transcription of target genes. Conversely, in the absence of receptor activation, β-catenin 

is phosphorylated by the cytoplasmic destruction complex, comprising Axin, Adenomatous 

Polyposis Coli (APC), Casein Kinase I (CKI) and Glycogen Synthase Kinase 3β (GSK3β), leading 

to its ubiquitination and subsequent proteasomal degradation. Activation of the pathway 

results in the sequestration of Axin by a scaffold protein Dishevelled (Dvl), leading to the 

disassembly of the destruction complex (Liu et al., 2022).  

Additionally, non-canonical pathways, such as the Planar Cell Polarity (WNT/PCP) and 

calcium-dependent (WNT/Ca2+) pathways, can also be activated by WNT ligands. The 

WNT/PCP pathway activates small GTPases like Rho and Rac, which in turn activate Rho-

associated protein kinase (Rock) and c-Jun N-terminal kinases (JNKs), ultimately leading to 
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cytoskeletal reorganization and activation of target genes. The WNT/Ca2+ pathway triggers 

the activation of phospholipase C (PLC) and inositol triphosphate (IP3)-dependent release of 

intracellular calcium (Ca2+). Subsequently, this leads to the activation of calcineurin (CaN), 

Calcium/calmodulin-dependent kinase II (CAMKII), and protein kinase C (PKC), culminating in 

the activation of transcriptional regulators such as Nfat, Creb and Nf-κB (Shah and Kazi, 2022).  

WNT proteins serve as morphogens in various developmental processes, playing critical roles 

in embryonic segmentation and somitogenesis (Jensen et al., 2010). Active WNT signaling is 

essential for dermomyotome induction and maintaining the epithelial organization of the 

dermomyotome, as well as for myotome formation (Geetha-Loganathan et al., 2008; 

Marcelle et al., 1997). However, in mature skeletal muscle, the WNT pathway is notably less 

active, compared to development stages (Kuroda et al., 2013). Nevertheless, studies have 

shown that inhibition of WNT1 or GSK3β can enhance myogenic differentiation in adult 

muscle cells (Rochat et al., 2004; van der Velden et al., 2006). High levels of WNT/β-catenin 

signaling are required to drive the transition from proliferation to differentiation, as 

evidenced by mouse models, where exogenous activation of canonical WNT signaling leads 

to premature differentiation towards postmitotic myocytes (Brack et al., 2008). Conversely, 

limiting WNT activity is crucial to maintaining satellite cell expansion and preventing 

premature differentiation during early stages of muscle regeneration (Figeac and Zammit, 

2015). Studies have also demonstrated that both loss-of-function and gain-of-function 

mutations in satellite cells can alter the regenerative process., with β-catenin signaling-

deficient SCs showing reduced differentiation ability, while constitutively active β-catenin 

cascade leads to growth arrest and accelerated commitment of proliferating cells. These 

findings underscore the importance of temporal control of WNT signaling and the levels of 

pathway activation for effective muscle regeneration (Rudolf et al., 2016).  

The molecular mechanisms underlying WNT-dependent muscle repair are not fully 

understood. WNT signaling may regulate the activity of MRFs or inhibit Pax7 in differentiating 

myoblasts (Hulin et al., 2016). Additionally, the non-canonical PCP pathway impacts 

cytoskeletal reorganization through activation of Rac1, enhancing satellite cell migration and 

improving engraftment in vivo (Bentzinger et al., 2014). Furthermore, studies in C2C12 cells 

have demonstrated WNT-dependent activation of the Akt/mTOR pathway, resulting in 

elevated hypertrophy of postmitotic myotubes (von Maltzahn et al., 2011), as well as WNT-
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dependent expression of the TGFβ antagonist Follistatin (Fst) (Han et al., 2014). Fig. 1-8 

provides an overview of the activity of WNT signaling during regeneration. 

 

Figure 1-8. WNT pathway activity throughout muscle regeneration 
Temporal regulation of canonical WNT signaling is vital for adult muscle regeneration. A. Quiescent 
MuSCs exhibit no active WNT signaling and require its inhibition to properly enter the cell cycle. B. 
WNT/PCP signaling stimulates symmetric cell division of activated satellite cells, while the inhibition 
of canonical WNT signaling is necessary for their proliferation. C. WNT/β-catenin facilitates the 
transition from proliferation to differentiation. D. Active WNT signaling promotes the differentiation 
and fusion of myoblasts, partially through the inhibition of Myostatin and activation of Follistatin 
expression. E. WNT signaling promotes the hypertrophic growth of muscle and is downregulated upon 
the completion of regeneration. Modified from (Girardi and Le Grand, 2018). 

 

Experimental data suggests the existence of a dynamic interplay between WNT and TGFβ 

pathways (Girardi and Le Grand, 2018). WNT signaling has been shown to activate BMP4 

expression, thereby facilitating the formation of slow myofibers (Kuroda et al., 2013). 

Additionally, a study in C2C12 cells has demonstrated that WNT4 antagonizes Smad2 

phosphorylation caused by Myostatin, a negative regulator of muscle growth (Takata et al., 

2007). Subsequent research in primary myoblasts has confirmed that WNT4 regulates cell 

fusion and myotube size, antagonizing myostatin function and upregulating MRF expression 

(Bernardi et al., 2011). However, contrasting findings have been reported, as another study 

demonstrated myostatin-dependent repression of WNT4 in proliferating C2C12 cells 

(Steelman et al., 2006).  
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Recent investigations in primary myoblasts have revealed that the canonical WNT pathway 

regulates the transcription of TGFβ2 and TGFβ3 (Rudolf et al., 2016). Moreover, WNT/ β-

catenin signaling has been demonstrated to trigger the expression of Myogenin, a key 

regulator of myogenic differentiation, leading to the upregulation of Follistatin expression 

and premature myogenic differentiation (Jones et al., 2015). In summary, the reciprocal 

interplay between WNT and TGFβ signaling is complex and vital for the correct regeneration 

process (Girardi and Le Grand, 2018). 

 

1.5.3. Signaling regulating the transition from proliferation to differentiation 

in myoblasts 

Myoblasts continue dividing until they reach a fully differentiated state, where terminal 

differentiation typically aligns with the cessation of proliferation and a permanent exit from 

the cell cycle (Ruijtenberg and van den Heuvel, 2016; Wu and Yue, 2024). Cycle-promoting 

cyclin-dependent kinases (CDKs) and tissue-specific transcription factors such as Myod1 

contribute to the temporal coordination of these mutually antagonistic processes (Wu and 

Yue, 2024). Mitogens and growth factors stimulate the sustained expression of cell cycle 

genes such as CyclinD1 (Ccnd1), CyclinE2 (Ccne2), CyclinA2 (Ccna2), Cdc25a, Thymidin kinase1 

(Tk1) and Dyhydrofolate reductase (Dhfr) via the E2F/DP1 transcription factor duo (Bracken 

et al., 2004; Engeland, 2022; Rao et al., 2016; Wang et al., 1996). Active cyclin-CDK complexes 

phosphorylate the repressive tumor suppressor protein pRb1, which dissociates from 

E2F/DP1, promoting entry into the S-phase of the cell cycle (Dyson, 1998; Engeland, 2022; 

Stallaert et al., 2019; Trimarchi and Lees, 2002). Cell division inhibitors (CDIs) such as p21, 

p27, and p57 inhibit cyclin-CDK proteins, leading to cell cycle exit and inactivation of 

E2F/TFDP1, partially via pRb1 hypophosphorylation. The induction of myogenic 

differentiation also leads to pRb1 hypophosphorylation, directly promoting Myod1 activity 

and repressing CDK and E2F-dependent inhibition of Myod1 (Ruijtenberg and van den 

Heuvel, 2016). Additionally, several layers of redundant regulation of the proliferation-

differentiation decision balance the effects of E2F/DP1 and Myod1 on myoblasts, including 

competition for shared proteins such as pRb1, transcriptional coactivators, and chromatin 

regulators (Ruijtenberg and van den Heuvel, 2016; Wu and Yue, 2024). Fig. 1-9 summarizes 

key factors participating in the proliferation-differentiation regulation in myoblasts. 
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Figure 1-9. The crosstalk between myogenic regulatory factors and cell cycle regulators during 
myogenic differentiation  
The initiation of myoblast differentiation involves an irreversible exit from the cell cycle into the G0 
phase, characterized by the persistent inhibition of the cell cycle regulators. This is followed by the 
expression of myogenic regulatory factors that activate a specific set of muscle-specific genes. The 
progression through the cell cycle is orchestrated by specific combinations of cyclin/CDK complexes 
that phosphorylate target proteins during the corresponding stage of the cycle. These complexes 
function alongside other cell cycle regulators, such as CDK inhibitors, which exert broader influence 
throughout the cell cycle. Two families of CDK inhibitors (INK4 and CDK interacting protein/Kinase 
inhibitory protein (CIP/KIP)) play crucial roles in preventing premature entry into any phase of the cell 
cycle. Some cell cycle regulators can influence cell differentiation independently of their role in cell 
division control, and several cell type-specific transcription factors can directly interact with cell cycle 
regulators to modulate gene expression related to the cell cycle. Modified from (Wu and Yue, 2024). 

 

1.5.4. Mitochondrial signaling and apoptosis in myogenic differentiation 

Mitochondria are highly dynamic organelles that play crucial roles in energy production, 

stress regulation, and cell survival (Lin et al., 2024). They can be de novo generated through 

mitochondrial biogenesis, known as mitogenesis, or removed and recycled via mitochondrial 

autophagy, known as mitophagy (Rahman and Quadrilatero, 2021). Additionally, their 

elongation and division, termed fusion and fission respectively, are tightly regulated 

processes that influence mitogenesis and mitophagy. Mitochondrial fusion prevents 

mitophagy, while the onset of mitophagy is typically preceded by fission (Rahman and 

Quadrilatero, 2021). Furthermore, mitochondrial apoptotic signaling is interconnected with 

mitophagy activation, with mitophagy reciprocally inhibiting apoptosis (Baechler et al., 2019; 

Jiang et al., 2021; McMillan and Quadrilatero, 2014). Mitochondrial remodeling is intricately 
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linked to myogenic differentiation and is involved throughout the entire process (Bloemberg 

and Quadrilatero, 2014; Kim et al., 2013; Lin et al., 2024; Rahman and Quadrilatero, 2021; Sin 

et al., 2016; Wagatsuma and Sakuma, 2013), as illustrated in Fig. 1-10.  

 

Figure 1-10. Mitochondrial remodeling during myogenic differentiation  
The dynamic reorganization of the mitochondrial network during myogenic differentiation is 
illustrated. At the initial stages of differentiation, interconnected mitochondrial fission and autophagy 
predominate, while biogenesis and elongation through fusion occur during the middle and late stages. 
Fission initiates mitophagy, which in turn inhibits apoptosis. Apoptosis serves as a signal for the 
initiation of mitophagy and persists throughout the differentiation process, peaking in the middle 
stages. Modified from (Lin et al., 2024). 

 

This process encompasses the metabolic reprograming associated with the mitophagy of old 

mitochondria and biogenesis of a mature mitochondrial network. The transition from the 

“underdeveloped” or undifferentiated sparse myoblast network to mature, tightly-coupled 

differentiated mitochondria (Rahman and Quadrilatero, 2021; Sin et al., 2016) drives the 

metabolic reprogramming necessary to complement and sustain the energy-demanding 

metabolism of myotubes and myofibers. This mature network supports efficient oxidative 

phosphorylation (OXPHOS) machinery, as myotubes primarily generate ATP through OXPHOS, 

in contrast to glycolytic myoblasts (Barbieri et al., 2011; Remels et al., 2010).  

During early myogenesis, the induction of the fission protein Dynamin 1-like/ Dynamin-

related protein 1 (Dnm1l/Drp1) and mitophagy receptors such as Sequestosome1 

(Sqstm1/p62) leads to mitochondrial fragmentation followed by mitophagy-dependent 

clearance of old mitochondria (Huang et al., 2020; Sin et al., 2016). This process is followed 
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by mitochondrial biogenesis, driven by the peroxisome proliferator-activated receptor-

gamma coactivator-1 (PGC-1) family of coactivators, which aligns with the mitochondrial 

fusion machinery, including dynamin-like GTPases such as Mitofusin 1 (Mfn1), Mfn2 and 

Optic-atrophy 1 (Opa1). This generation and elongation processes generate a new myotubal 

mitochondrial network characterized by increased mitochondrial enzyme activity (Duguez et 

al., 2002; Sin et al., 2016; Wagatsuma et al., 2011). The dynamic maintenance of 

mitochondrial morphology and function is essential for the initiation and progression of 

myogenic differentiation (Lin et al., 2024). For instance, the downregulation of mitogenesis 

through depletion of PGC-1α, or mitophagy through the depletion of Autophagy related 7 

(Atg7) (Baechler et al., 2019), Atg5 (Sin et al., 2016) or of Bcl-2/adenovirus E1B interacting 

protein 3 (BNIP3) in C2C12 cells results in poor differentiation (Baechler et al., 2019; Sin et 

al., 2016). Additionally, both overactivation and inhibition of Drp1-mediated fission delay the 

in vitro differentiation of myoblasts (De Palma et al., 2010; Kim et al., 2013). Inhibition of 

myogenic differentiation has also been demonstrated through the inhibition of various other 

aspects of mitochondrial function and activity, such as mitochondrial DNA transcription, and 

RNA and protein synthesis, using agents like ethidium bromide, rifampicin and 

chloramphenicol, respectively, among others (Brunk and Yaffe, 1976; Korohoda et al., 1993; 

Seyer et al., 2011). Many other mitochondrial processes also contribute to this inhibition (Lin 

et al., 2024).  

Induced myogenic differentiation is characterized by the generation of cellular stress signals, 

including the production of reactive oxygen species (ROS), upregulation of oxidative stress-

related genes, and activation of the Caspase (cysteine-aspartic protease) cascade (Gugliuzza 

and Crist, 2022; Jahnke et al., 2009). In response to these and other signals, whether under 

physiological conditions or due to mitochondrial dysfunction, mitochondria engage in 

retrograde signaling crosstalk with the nucleus and cytoplasm to execute diverse 

mitochondrial stress responses (Lin et al., 2024). Depending on the duration and intensity of 

these responses, they can either contribute to cellular homeostasis or trigger apoptosis 

(Picard and Shirihai, 2022).  

Apoptosis is a conserved mechanism that eliminates dysfunctional, damaged, and 

unnecessary cells (Galluzzi et al., 2018). The endogenous apoptosis is initiated by 

mitochondria under tight regulation of initiator proteins from the B-cell leukemia/lymphoma 

2 (Bcl2) family, such as Bcl2 binding component 3 (Bbc3/Puma) and Bcl2 homology 3 (BH3) 
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interacting domain death agonist (Bid) (Rosa et al., 2022). Bbc3 or Bid directly activate pro-

apoptotic effectors like Bcl2-associated X protein (Bax) and Bcl2-antagonist/killer 1 (Bak1), 

which translocate to the mitochondria and induce mitochondrial outer membrane 

permeabilization (MOMP) (H.-C. Chen et al., 2015). Upon mitochondrial membrane rupture, 

Cytochrome c (Cycs) is released into the cytoplasm and binds to apoptotic protease activator 

factor 1 (Apaf-1), initiating the activation of caspases through the cleavage of their zymogens 

(Donepudi and Grütter, 2002; Thornberry and Lazebnik, 1998). This cascade results in the 

cleavage of various cellular proteins, leading to cellular demise (Bock and Tait, 2020). 

Additionally, MOMP leads to the release of pro-apoptotic proteins from the mitochondria, 

such as second mitochondria-derived activator of caspase (Smac) (Du et al., 2000), High 

temperature requirement protein a2 (Htra2) (Hegde et al., 2002), and Arts (Gottfried et al., 

2004). These proteins promote apoptosis by counteracting inhibitors of apoptosis (IAP), 

including the X-linked inhibitor of apoptosis (XIAP), which inhibits Caspase 3, 7, and 9, (Bock 

and Tait, 2020; Galbán and Duckett, 2010). Conversely, anti-apoptotic proteins such as Bcl2 

and Bcl2-like 1 (Bcl2l1/Bclxl) counteract the activation of mitochondrial apoptotic signaling, 

thereby regulating the apoptotic process (Rahman and Quadrilatero, 2023a). 

Besides elimination of dysfunctional cells, apoptotic signaling is essential for the orderly 

progression of myogenic differentiation (Lin et al., 2024; Rahman and Quadrilatero, 2023a). 

Both excessive or deficient apoptosis can adversely affect myogenic differentiation and 

myotube formation (Fernando et al., 2002). Early work from the Megeney Lab demonstrated 

the crucial role of Caspase 3 (Casp3) activity in myogenic differentiation (Fernando et al., 

2002). Myoblasts derived from Casp3-null mice failed to reduce the expression of the cell 

cycle regulator cyclin D1 (Ccnd1), resulting in impaired differentiation. Under normal 

conditions, Casp3 activity peaks during early differentiation (Bloemberg and Quadrilatero, 

2014; Dick et al., 2015; Fernando et al., 2002). Conversely, exogenous expression of Casp3 in 

C2C12 cells abolished Ccnd1 expression, suggesting a premature exit from the cell 

cycle(Fernando et al., 2002). Consistently, Casp3’s function was further demonstrated in 

MuSCs (Dick et al., 2015). Inhibition of Casp3 promoted the self-renewal of MuSCs, impairing 

their differentiation and thereby affecting muscle regeneration. This inhibition was mediated 

by the cleavage of Pax7, which was identified to harbor aspartic cleavage sites (Dick et al., 

2015). Additionally, depletion or inhibition of other components of the caspase signaling 

cascade, including Casp9 (Murray et al., 2008), Cycs, and Apaf1 (H. Dehkordi et al., 2020), 
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resulted in impaired differentiation or myotube formation. The involvement of Casp2 

(Boonstra et al., 2018; H. Dehkordi et al., 2020) and Bcl2-family proteins in the regulation of 

myogenic differentiation has also been demonstrated. Notably, depletion of Peptidyl-tRNA 

hydrolase 2 (Ptrh2/Bit1), a transcriptional regulator of Bcl2, in C2C12 cells led to reduced Bcl2 

levels and rapid onset of differentiation due to elevated levels of Casp3 and Caps9 (Griffiths 

et al., 2015). These findings emphasize the importance of mitochondrial apoptotic signaling 

for the orderly progression of myogenesis and suggest that moderate stress responses may 

be necessary to support differentiation.  

 

1.6. Cytoskeleton as the crossroad for stem cell structure and 

function 

Stem cells, by virtue of their presence, dynamically influence their mechanical 

microenvironment, while simultaneously being influenced by it. This bidirectional interaction 

of mechano-sensation and mechano-adaptation forms the basis for the establishment of 

structure-function relationships across various biological scale, from individual cells to entire 

organ systems (Knothe Tate et al., 2016; Michael, 2021). In addition to biochemical signals, 

the mechanome, which encompasses a collection of biomechanical cues, profoundly shapes 

the formation of biological structures. This process involves a feedback loop wherein cells 

regulate the generation of extracellular matrix externally and the cytoskeletal architecture 

internally, thereby contributing to the emergence of complex living architectures (Knothe 

Tate et al., 2016; Putra et al., 2023).  

The cytoskeleton, comprising actin microfilaments, microtubules (MTs), intermediate 

filaments (IFs), and septins, functions as a dynamic network of filamentous polymers within 

cells, transmitting mechanical stimuli and conferring structural integrity, while regulating vital 

biological processes (Oses et al., 2023). Actin, MTs and IFs are well described components of 

this network, each serving distinct mechanical roles. Actin enable cells to sense and respond 

to their extracellular environment by facilitating cellular protrusions, maintaining cell shape, 

regulating motility, contractility and tension-sensing (Greene et al., 2009; Rivero and 

Cvrcková, 2013). MTs provide resistance to compressive load and serve as an intracellular 

directional transport system (Oses et al., 2023). IFs support organelle positioning in the 

cytoplasm (Lowery et al., 2015), protect cellular architecture, maintain nuclear integrity 
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(Patteson et al., 2019), and facilitate communication between actin and MTs (Gan et al., 2016; 

Wu et al., 2022). In addition to their roles as scaffolding elements and physical connectors 

between cells and substrates, the mechano-induced reorganization of actin (Sakai et al., 

2011), MTs (Yang et al., 2018) and IFs (Stavenschi and Hoey, 2019) modulates the interaction 

between cytoskeleton-associated proteins, thereby regulating cytoskeletal behavior (Bieling 

et al., 2016) and mechano-adaptation to the microenvironment (Putra et al., 2023).  

The growing body of evidence suggests that extracellular matrix (ECM) mechanics regulate 

cell adhesion and cytoskeletal organization, thereby influencing key cellular processes 

including proliferation, migration, self-renewal and differentiation (Engler et al., 2006; Nava 

et al., 2012). Cells possess the ability to recognize and respond to physical cues through the 

formation of multi-protein complexes known as focal adhesions (FAs). These FAs are 

anchored by transmembrane integrin proteins that bind ECM ligands and connect to the 

intracellular cytoskeleton via other FA proteins such as talin, vinculin and focal adhesion 

kinase (FAK) (Geiger and Yamada, 2011). The balance between external and internal forces 

gives rise to a cellular behavior that is best described by the “molecular clutch hypothesis”, 

which posits a metaphorical clutch mechanism enabling cells to sense the stiffness of their 

local environment (Putra et al., 2023). Briefly, actin polymerization drives a continuous flow 

of actin from the leading edge towards the cell center, known as retrograde flow. When 

engaged with the ECM, myosin-mediated contractility applies force against the ECM, resulting 

in the slowing down of retrograde flow, protrusion of the leading edge, and generation of 

rearward traction forces that propel the cell forward (Panzetta et al., 2023; Swaminathan and 

Waterman, 2016). Besides facilitating motility, the molecular clutch is proposed to provide 

cells and tissues with a molecular basis for adapting to the local environment, regulating the 

number and the behavior of clutches in response to the elastic properties of the matrix (Putra 

et al., 2023). 

 

1.6.1. Mechanoadaptive remodeling of cytoskeletal components 

Adaptation to dynamic environments hinges on cytoskeletal remodeling, a process crucial for 

cell survival (Putra et al., 2023). Various cytoskeletal elements undergo mechano-adaptation, 

with cell-cell and cell-matrix adhesions being mechanically modulated, leading to the 

maturation and evolution of FAs (Geiger and Yamada, 2011). Actin stress fibers (SFs), for 

instance, are structures subjected to isometric tension, with their local mechanical properties 



Introduction 

 

28 
 

believed to influence the strength of actin-integrin linkages, actin conformation, and 

interaction with actin-binding proteins (Burridge and Wittchen, 2013). Substrate tension 

regulates SF localization, as well as their de-/polymerization dynamics and FA maturation 

(Putra et al., 2023). Microtubules, on the other hand, are the stiffest filaments and function 

as compression-resisting components (Gittes et al., 1993). In the cytosol, MTs buckle into 

short-wavelength shapes, affording them the capacity to withstand compression and 

influence cell shape through pulling and pushing forces mediated by their dynamic 

polymerization and depolymerization (Brangwynne et al., 2006; Matis, 2020). IFs, like 

vimentin, contribute to force generation and transmission (Wang and Stamenovic, 2002), 

while also protecting intracellular space and nucleus from large deformations (Mendez et al., 

2010). In migrating fibroblasts, vimentin aligns with actin branches to direct actomyosin 

contractile force orientation (Costigliola et al., 2017) and guide microtubule growth and cell 

polarity through spatial correlation with the end-binding protein Eb1 (Gan et al., 2016). IFs 

thus function as an intermediary cytoskeletal structure between MTs and microfilaments, 

contributing to cell shape organization and force transmission (Putra et al., 2023). 

Cooperative reorganization of actin and tubulin has been observed in various studies, 

including changes in mechanical properties and changes in gene expression of mesenchymal 

marker genes in response to seeding density and exposure to shear stress in multipotent 

murine embryonic fibroblasts C3H/10T1/2 (Chang and Knothe Tate, 2011; Song et al., 2012). 

These changes are accompanied by anisotropic remodeling in actin and tubulin, with 

compression-sensing tubulin buckling and bundling depending on cell density and substrate 

proximity, while tension-sensing actin remodeling is attributed to the direction and 

magnitude of force (Chang and Knothe Tate, 2011; Putra et al., 2023). Substrate rigidity 

regulates MT acetylation through MRTF-responsive α-tubulin acetyltransferase (αTAT1) 

(Seetharaman et al., 2022). The recruitment of αTAT1 to Talin in focal adhesions in a Rho-

ROCK-dependent manner demonstrates the involvement of MTs in cell migration and 

actomyosin contractility (Seetharaman et al., 2022). Additionally, depletion of the actin-

polymerizing formin Inf2 leads to the downregulation of αTAT1 and repression of MRTF 

signaling (Fernández-Barrera et al., 2018). Together, these findings underscore the synergistic 

role of the entire cytoskeletal machinery in achieving enhanced mechano-adaptation during 

emergent cytoskeletal responses (Putra et al., 2023).  
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1.6.2. Cytoskeletal remodeling during induced cell differentiation 

The alterations in cytoskeletal architecture within mesenchymal stem cells (MSCs) serve as 

markers for identifying specific pathways of cellular differentiation. Upon induction with 

osteogenic, adipogenic, or chondrogenic media MSC-derived osteogenic, adipogenic, and 

chondrogenic cells exhibit distinct structural changes in actin and tubulin organization (Fig. 1-

11) (Putra et al., 2023). Naïve MSCs typically display thin, unidirectional actin fibers, which 

transform into thicker, more disorganized stress fibers (SFs) with a perinuclear zig-zag pattern 

following osteogenic induction (Pablo Rodríguez et al., 2004; Yourek et al., 2007). In contrast, 

chondrogenic and adipogenic cells tend to exhibit a lower degree of cytoskeletal organization 

or tension. Chondrocytes, upon maturation from MCSs, organize thin cortical actin, while 

adipocytes show lack of organized actin, reflecting the depolymerization of microfilaments in 

the cytoplasm. However, chondrocytes exhibit a broader range of shapes in vivo, with no 

significant changes in cytoskeletal architecture, suggesting that additional chemical factors 

might be necessary to distinguish between chondrocyte and adipocyte differentiation based 

solely on actin organization (Lauer et al., 2021; Mathieu and Loboa, 2012; Pablo Rodríguez et 

al., 2004).  

The reorganization of MTs is also well-documented throughout MSC differentiation. In naïve 

MSCs, MTs typically display a spindle-shaped cell organization, with linear MTs radiating from 

the perinuclear microtubule organizing center (MTOC). Interestingly, despite cell spreading 

characteristic of osteogenic lineage, MTs do not undergo substantial reorganization in 

osteogenic medium (Mathieu and Loboa, 2012). Chondrogenic cells derived from MCSs 

exhibit gradually non-radial, non-centrosomal arrays of disorganized microtubules (Putra et 

al., 2023; Tvorogova et al., 2018). Conversely, adipogenic conversion of MSCs results in an 

increased total tubulin density, thick perinuclear MTs, and thin cytoplasmic fibers that buckle 

at the cell periphery (Yang et al., 2013). Overall, observed cytoskeletal remodeling correlates 

with differentiation of mesenchymal stem cells. 
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Figure 1-11. MSCs adapt to their local environment through cytoskeletal reorganization  
Genetic markers offer a valuable tool for tracing the temporal progression of stem cell differentiation. 
Likewise, the reorganization of (a) actin and (b) tubulin cytoskeletons align with emergent 
differentiation of mesenchymal stem cells. Modified from (Putra et al., 2023). 

 

A plethora of studies has explored the influence of cytoskeletal architecture and remodeling 

on the outcomes of stem cells differentiation. Kilian et al. demonstrated the impact of 

cytoskeletal tension on MSC differentiation by confining cells to various geometries, such as 

star or flower shapes. They found that thick concave stress fibers, larger FAs, and higher 

contractility formed on the star pattern promoted robust osteogenic differentiation, while 

flower shapes induced adipogenic commitment. Disruption of actin or MT polymerization 

with Cytochalasin D or Nocodazole, respectively, abolished the cell shape differences, leading 

to adipogenic differentiation when actin was disrupted and osteogenic differentiation when 

MTs were disrupted on both patterns (Kilian et al., 2010; Lee et al., 2015). Additionally, low-
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intensity vibration (LIV) enhanced osteogenic fate selection in MSCs by aligning stress fibers 

with the primary axis of vibration (Pongkitwitoon et al., 2016). Cyclic hydrostatic pressure 

(CHP), induced actin expression, remodel vimentin IFs, and induced osteogenic 

differentiation in C3H/10T1/2 murine embryonic fibroblasts. Using the IF-disrupting agent 

Withaferin (WA), authors mimicked CHP-induced IF remodeling, highlighting its necessity for 

osteogenic differentiation (Putra et al., 2023; Stavenschi and Hoey, 2019). Other studies 

support the interplay between actin polymerization and lineage commitment. Depletion of 

actin depolymerizers Cofilin1 and Destrin increased F-actin polymerization and osteogenic 

differentiation in hMSCs (L. Chen et al., 2015). Advances in biomaterial fabrication and 

bioengineering have further elucidated the role of cytoskeleton remodeling in stem cell 

regulation(Putra et al., 2023). Fibronectin micropatterning on polydimethylsiloxane (PDMS) 

substrates revealed the influence of cell spreading and intracellular tension on adipogenic 

and osteogenic fate determination (McBeath et al., 2004). Adipogenesis was favored in 

roundish cells on small protein islands, whereas spread cells on large islands committed to 

osteogenic lineage. This regulatory effect of cell shape on lineage commitment was 

demonstrated to modulate RhoA-ROCK activity downstream of soluble factors (McBeath et 

al., 2004). Increasing the shape aspect ratio of rectangular patterns enhanced the osteogenic 

potential of MSCs (Kilian et al., 2010). Furthermore, stiffer, short silicone micropillars 

promoted cell spreading, SF thickness, and osteogenic differentiation of hMSCs in comparison 

to softer, higher pillars that favored adipogenesis (Fu et al., 2010). Culturing MSCs on highly 

disordered, randomly spaced nanotopographies promoted stress fiber polymerization and 

vimentin remodeling, thereby enhancing cell adhesion and promoting osteogenic 

differentiation (Allan et al., 2018; Dalby et al., 2007, 2006). Moreover, tilt dipping the 

substrate in a polyglycerol solution created a roughness gradient, with high roughness leading 

to a gradual reduction in cell spreading, organization, and bundling of stress fibers, and FA 

area. Notably, MCSs exhibited increased osteogenic differentiation through actin ordering 

until the roughness reached 50%, while cultivation on higher roughness promoted the 

adipogenesis (Hou et al., 2020). These findings collectively suggest that cytoskeletal 

remodeling may coincide with or actively regulate cell differentiation processes.  

Recent advancements in fluorescence tagging and live-cell imaging techniques have 

significantly contributed to our understanding of cytoskeletal remodeling during stem cell 

machano-adaptation and lineage commitment (Putra et al., 2023). By combining fixed and 
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live-cell imaging with computational workflows, researchers can assess cytoskeletal 

remodeling and its roles in stem cell behavior. Analysis of structural features or cytoskeleton 

descriptors, such as architecture, intensity, and distribution, in hMSCs seeded on fibronectin-

coated glass, has revealed early changes in actin organization, allowing for the detection and 

prediction of early time-dependent lineage divergence (Treiser et al., 2010). Fluorescence 

imaging of labeled actin combined with flow cytometry has enabled the discernment of 

distinct actin patterns in osteogenic and adipogenic differentiating cells within the initial 24 

hours, preceding detectable changes in gene expression (Sonowal et al., 2013).  

Mishra et al. have investigated the turnover dynamics of the fluorogenic F-actin probe, SiR-

actin (SA), in differentiating hMSCs (Mishra et al., 2019). SA labels cells with high levels of 

actin polymerization or pronounced stress fibers, while low actin polymerization or high actin 

turnover results in a dim label. By employing a combination of live and fixed-sample imaging, 

the authors successfully predicted early MSC differentiation tendencies based on SA decay 

and actin turnover rate (Mishra et al., 2019). Subsequent modification of the analysis through 

cell fixation and phalloidin labeling, which visualizes the amount of newly synthesized actin, 

allowed the authors to discern MSC lineage divergence into osteogenic, adipogenic, or 

chondrogenic populations as early as 1h after differentiation induction through soluble 

factors (Mishra et al., 2021). These studies collectively suggest that cytoskeletal remodeling 

serves as a trackable morphological marker of cell differentiation. 

Taken together, these research findings elucidate the intricate interplay between a cell’s 

mechanical and chemical environment in shaping cellular behavior and facilitating the 

differentiation process. Actin and tubulin play crucial roles in regulating cellular ability to 

generate traction, contract and, change shape, leading to their assembly and disassembly, 

often resulting in anisotropic spatial distribution. This phenomenon is conductive to guiding 

lineage commitment. Thus, cytoskeletal remodeling serves as an indicator of the unfolding 

lineage commitment or stage of stem cell differentiation (Putra et al., 2023). 

 

1.7. The cytoskeleton of the skeletal muscle 

The muscle cytoskeleton undergoes major reorganization during myogenic differentiation, 

with myoblasts and myofibers sharing numerous cytoskeletal components that dynamically 

interact to govern cellular functions (Jabre et al., 2021). The cytoskeleton of myoblasts and 

myofibers is composed of actin filaments, microtubules, intermediate filaments, the linker of 
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nucleoskeleton and cytoskeleton (LINC) complex, which interconnects the nuclear 

cytoskeleton and nuclear envelope (NE) with the cytoplasmic cytoskeleton and associated 

proteins. Myoblast actin cytoskeleton exhibits radial organization reminiscent of naïve MSC, 

characterized by ventral stress fibers, a dorsal actin cap, and transmembrane actin-associated 

nuclear (TAN) lines (Jabre et al., 2021). Notably, the actin cap, a developmentally regulated 

structure absent in embryonic stem cells and myofibers (Khatau et al., 2012, 2009; Roman et 

al., 2017), plays a critical role in nuclear mechano-transduction (Shiu et al., 2018). During 

myogenesis, the muscle-specific isoform α-actin becomes the predominant isoform, 

localizing to sarcomeric thin filaments (Bains et al., 1984), while β and γ isoforms are 

downregulated and localize to the perinuclear area (Otey et al., 1988). β- and γ-actins reside 

in the cortical area, contributing to the formation of the paraxial costameric F-actin network, 

which facilitates radial force transmission (Ervasti, 2003; Jabre et al., 2021). However, the 

structure and function of the perinuclear actin cytoskeleton in myotubes remains poorly 

understood (Jabre et al., 2021).  

In myoblasts, MTs are radially organized and show centrosome-dominated distribution, 

playing key roles in intracellular transport, transmission of external mechanical forces, and 

nuclear shape maintenance (Becker et al., 2020; Lucas and Cooper, 2023). Upon myogenic 

differentiation, there is a significant remodeling of centrosomal proteins, necessitating their 

relocation to the surface of the nucleus (Becker et al., 2021, 2020; Muroyama and Lechler, 

2017). MT nucleation relies on centrosome proteins, leading to a remodeling of MT 

architecture into an ordered paraxial array of filaments within the myotube (Becker et al., 

2020). Additionally, mature myofibers develop a network of perinuclear MTs characterized by 

a high-density cage-like structure and a collection of circular and radial-anisotropic filaments 

(Jabre et al., 2021; S. Wang et al., 2015).  

Cytoplasmic intermediate filaments represent a flexible component the cytoskeleton that 

undergoes major remodeling during myogenesis (Jabre et al., 2021). Several IFs are expressed 

in myoblasts and are developmentally regulated in human muscle progenitors (Capetanaki et 

al., 2007). Among these, Vimentin and Nestin are non-muscle specific IFs in myoblasts, 

organized in dense networks linked to outer nuclear membrane, but are downregulated 

during myogenesis (Abe et al., 2004; Salmon and Zehner, 2009; Sejersen and Lendahl, 1993). 

Conversely, Desmin, one of muscle specific IFs, is barely expressed in myoblasts, but becomes 

prominently expressed in terminally differentiated myofibers and adult muscle. While 
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Desmin seems dispensable during myogenesis (Li et al., 1997), it plays crucial roles in muscle 

structural integrity, cellular integrity, force transmission, and mitochondrial homeostasis 

(Agnetti et al., 2022). In mature myotubes, Desmin forms a large three-dimensional network 

that connects the contractile apparatus, the ECM, and cellular organelles (Jabre et al., 2021). 

Within the perinuclear area of myotubes, Desmin filaments extend from the Z-lines to the 

nuclear envelopes. The primary features of the cytoskeletal remodeling during skeletal 

myogenesis are summarized in Fig. 1-12. 

 

Figure 1-12. Cytoskeletal remodeling from myoblast to myofibril  
 A Myoblasts display a mesenchymal cytoskeletal organization characterized by primarily radial 
distribution of microfilaments (actin), microtubules, and intermediate filaments (Desmin). These cells 
form direct connections with the substrate via focal adhesion, facilitating the transmission of forces 
along actin filaments towards the nucleus and from the cell interior to the ECM (red arrows). The 
perinuclear cytoskeleton is linked to the nuclear envelope through the linker of nucleoskeleton and 
cytoskeleton complex (LINC). B Mature myotubes predominantly exhibit paraxial arrays of F-actin, 
MTs and IFs oriented in the direction of sarcomeric contraction. However, the radial distribution of 
cytoskeletal proteins also plays a crucial role in ensuring proper cellular function. Modified from (Jabre 
et al., 2021). 

 

Cytoskeletal architecture possesses the ability to both influence and correlate with 

differentiation of cells (Mishra et al., 2021). Particularly in highly mechanosensitive cells like 
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myoblasts and myofibers (Engler et al., 2004; Olsen et al., 2019; Pang et al., 2023), 

cytoskeletal properties such as remodeling and contractility are essential for mechano-

adaptation during myogenesis (Bruyère et al., 2019). Muscle cells respond to various 

biomechanical stimuli, including substrate stiffness, stretch, and topography (Pang et al., 

2023). For instance, Engler et al. used atomic force microscopy (AFM) indentation to measure 

the rigidity of murine skeletal muscle and C2C12 cells, finding it to be approximately 12 kPa 

(Engler et al., 2004). Culturing C2C12 cells on collagen-coated polyacrylamide gels matching 

this intracellular stiffness (~12 kPa) led to enhanced myoblast differentiation, fusion, and 

striation(Engler et al., 2004). Similarly, the maintenance of mouse and human MuSCs 

stemness was achieved by culturing on engineered 3D micro scaffolds comprising collagen, 

recombinant laminin, and α4β1 integrin. Despite the lower stiffness of the scaffold (~1-2 kPa) 

compared to optimal muscle stiffness, replicating key biophysical and biochemical properties 

of the native niche, including geometry, elasticity, ECM composition, and structure, along 

with a cocktail of quiescence-modulating molecules, proved sufficient to preserve the 

quiescence signature of MuSCs (Quarta et al., 2016).  

Furthermore, substrate rigidity regulates the self-renewal ability of mouse and human 

MuSCs. Murine MuSCs cultured on polyethylene glycol (PEG) hydrogels mimicking muscle 

elasticity (12 kPa) exhibited self-renewal in vitro and contributed to regeneration when 

transplanted into mice (Gilbert et al., 2010). Similarly, culturing human MuSCs on soft poly-L-

lysine/hyaluronic acid films preserved their quiescence and stemness compared to stiffer 

substrates (Monge et al., 2017). Notably, muscle rigidity transiently increases during 

regeneration (Silver et al., 2021). Culturing C2C12 cells on hydrogels that mimic the stiffness 

of injured muscle resulted in heightened proliferation, migration and nuclear Yap/Taz 

accumulation (Silver et al., 2021). Similarly, when primary myoblasts were cultured on stiff 

hydrogels, Notch signaling was found to synergize with substrate stiffness to inhibit 

differentiation in a RhoA-ROCK-dependent manner (Safaee et al., 2017).  

Lastly, Trensz et al. conducted a study measuring the stiffness of intact and collapsed 

myofibers (0.5 versus 2.0 kPa). Subsequent cultivation of myogenic progenitor cells (MPCs) 

on hydrogels mimicking collapsed myofibers inhibited spontaneous differentiation and 

promoted proliferation (Trensz et al., 2015). This finding is consistent with previous research 

indicating a strong correlation between MPC proliferation and substrate elasticity (Boonen et 

al., 2009). Additionally, numerous other biophysical stimuli have been shown to influence 



Introduction 

 

36 
 

myoblast behavior, contributing to skeletal muscle formation. This stimuli include substrate 

topography, electrical and magnetic stimulation, tensile strain, ultrasound and altered gravity 

(Iberite et al., 2022; Mueller et al., 2021; Pang et al., 2023; Wang et al., 2020). The wide array 

of cues that regulate the behavior of myogenic progenitor cells underscores the significance 

of cytoskeletal remodeling in mediating skeletal muscle formation, serving as primary 

mediator of cellular mechano-adaptation (Putra et al., 2023).  

 

1.7.1. Rho GTPases and cytoskeletal dynamics 

The Rho GTPases are widely recognized as key regulators of actin remodeling and related 

biological processes, including cell adhesion, migration, and polarity. However, their influence 

extends beyond actin dynamics to encompass MT dynamics, cell cycle progression and 

transcriptional regulation (Etienne-Manneville and Hall, 2002; Hall, 1998; Rodríguez-Fdez and 

Bustelo, 2021). Recent studies have underscored the critical roles played by Rho GTPases play 

in myogenesis (Bryan et al., 2005; Rodríguez-Fdez and Bustelo, 2021). Comprising 20 

members, the canonical Rho GTPase family, exhibits predominantly ubiquitous expression, 

with RhoA, Rac, and Cdc42 being the most extensively studied subfamilies (Boureux et al., 

2007). The Rho GTPases undergo cycles of activation and inactivation during cell signaling 

(Bourne et al., 1990). Activation is facilitated by GDP/GTP exchange factors (GEFs), which 

catalyze the release of GDP and the incorporation of the GTP molecules, leading to GTPases 

anchoring to the plasma membrane via C-terminal prenylation. Conversely, inactivation is 

mediated by GTPase activating proteins (GAPs), which promote GTP hydrolysis. Additionally, 

guanine nucleotide dissociation inhibitors (GDIs) bind to GDP-bound GTPases, rendering 

them inactive, and retaining them in the cytoplasm through sequestration of the C-terminal 

geranyl-geranyl group (Etienne-Manneville and Hall, 2002; Rodríguez-Fdez and Bustelo, 

2021). Active Rho GTPases engage numerous downstream effectors, with over 200 identified 

to date (Bagci et al., 2020). These effectors include kinases such as Rho kinase (ROCK), p21-

activated kinase (Pak) c-Jun N-terminal kinase (JNK), and scaffolding proteins such as 

mammalian Diaphanous related formin 1 (mDia1) and the Wiskott-Aldrich syndrome protein 

(WASP), as well as transcription factors such as serum response factor (SRF), the Yes-

associated protein (YAP)/WW domain containing transcription regulator 1 (TAZ) complex 

(Rodríguez-Fdez and Bustelo, 2021). Moreover, the existence of 84 Rho GEFs, 66 Rho Gaps, 
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and 3 Rho GDIs in humans underscores the importance of intricate regulation in GTPase 

activity (Fort and Blangy, 2017; Mosaddeghzadeh and Ahmadian, 2021). 

 

1.7.2. Rho GTPases in muscle differentiation 

A rich body of research has shown the direct involvement of Rho GTPases in the regulation 

of both embryonic and adult myogenesis, where they exert influence over processes integral 

to cell fate determination and later myogenesis steps (Rodríguez-Fdez and Bustelo, 2021). 

The delineation of these functions is often complex, as different members of Rho family have 

been shown to act synergistically or exhibit opposing roles at specific stages of differentiation 

(Bryan et al., 2005). For instance, RhoA has been implicated in contributing downstream of 

IGF1 to the commitment of MSCs toward myogenic and adipogenic lineages. Elimination of 

ArhGAP5 leads to increased RhoA activity, promoting the spontaneous differentiation of 

murine embryonic fibroblasts into muscle cells in culture. It is speculated that RhoA 

coordinates both cytoskeletal remodeling and gene transcription required for cell 

differentiation (Sordella et al., 2003). Furthermore, RhoA has been demonstrated to be 

essential for the initial induction of the myogenic program, partially through its stimulation 

of SRF targets, and to maintain the proliferative state of myoblasts (Carnac et al., 1998; 

Castellani et al., 2006). Subsequent steps of myogenesis such as cell cycle exit and myoblast 

fusion, require RhoA signaling to be downregulated, a process possibly mediated by 

ArhGAP26 and ArhGAP35 (Rodríguez-Fdez and Bustelo, 2021). RhoA maintains myoblast 

identity through SRF-dependent Myod1 expression. Constitutively active RhoA blocks 

myogenesis, while inhibition of RhoA, achieved through C3 transferase-mediated inhibition 

or dominant negative mutants of RhoA, have no discernible effect on myogenic progression 

of C2C12 cells (Castellani et al., 2006; Gauthier-Rouviere et al., 1996). ROCK activity is also 

crucial in maintaining myoblast proliferation and preventing premature commitment, partly 

through the phosphorylation and cytoplasmic sequestration of the Foxo1 transcription factor. 

Foxo1, which in turn, binds and sequesters MRTF-A/Smad1 complex from Id3 promoter, 

thereby enhancing myogenic differentiation. Constitutively active ROCK mutant inhibits 

myogenic progression, whereas inhibition of the kinase through Y27632 small molecule 

greatly promotes it (Castellani et al., 2006; Iwasaki et al., 2008; Nishiyama et al., 2004). RhoA 

was shown to fluctuate between high and low activity in vitro, consistent with its role 

(Castellani et al., 2006).  
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Rac1 and Cdc42 play roles in the later stages of muscle differentiation, regulating myoblast 

fusion through their effector proteins Pak1 and Pak3 (Charrasse et al., 2007; Vasyutina et al., 

2009). Levels of active Rac1 and Cdc42 increase during myogenesis in cell culture, opposing 

the pattern observed for RhoA (Travaglione et al., 2005). The GEF Dock1 activates Rac1, while 

the Rho GEF Trio is involved into Rho activation downstream of M-Cadherin before myoblast 

fusion (Laurin et al., 2008; Moore et al., 2007) . The known roles of Rho GTPases during 

myogenesis are summarized in Fig. 1-13. 

 

Figure 1-13. The roles and activity of Rho GTPases during myogenesis  
A Current understanding suggests that Rho GTPases play crucial roles in the initial stages of myogenic 
development, regulating the commitment of mesenchymal progenitors, the appropriate expansion of 
muscle progenitor cells, as well as primary and secondary fusion. B The schematic line plot illustrates 
the dynamics of Rho GTPase activities throughout myogenic differentiation, primarily derived from in 
vitro experiments with C2C12 cells. Modified from (Rodríguez-Fdez and Bustelo, 2021). 

 

In addition to their fundamental roles in muscle development, Rho GTPases are implicated in 

myofibrillogenesis, muscle mass regulation, muscle-related pathologies, and regenerative 

processes. Specifically, RhoA has been found to facilitate proper timing of the cell cycle re-

entry in MuSCs during activation (Rodríguez-Fdez and Bustelo, 2021). In a quiescent state, 

satellite cells reside within the stem cell niche beneath the basal lamina, where Notch and 

WNT signaling pathways predominantly maintain their dormant state (Bjornson et al., 2012; 

Eliazer et al., 2022; Mourikis et al., 2012). Yap signaling, on the other hand, serves as a crucial 
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mediator breaking the quiescence (Esteves de Lima et al., 2016; Zhang et al., 2019). Satellite 

cells have been shown to sustain RhoA activity, primarily induced by WNT4 protein emanating 

from muscle fibers (Eliazer et al., 2019). Eliazer et al. demonstrated that the activated RhoA-

ROCK axis, in turn, suppresses Yap activity in quiescent cells, thereby preventing their 

transition to an active state. Consequently, a reduction in WNT4 signaling during injury would 

inhibit RhoA activity, thereby promoting Yap-mediated quiescence break. These findings 

indicate the pivotal role of cytoskeletal signaling preceding cell cycle entry in regulating fate 

decisions and the dynamic transition of muscle stem cells during early activation (Eliazer et 

al., 2019).  

In contrast to previous findings, Kann and colleagues present evidence that MuSCs exhibit 

Rac1-promoted cytoplasmic projections (Fig. 1-14), which respond to muscle injury by 

upregulating RhoA/ROCK signaling. This switch from Rac1 to RhoA facilitates the retraction 

of the projections and drives the downstream transition from quiescent to activated stem 

cells (Kann et al., 2022). These long and heterogenous quiescent projections resemble motile 

structures with active filopodia formation, presumed to act as sensors of the niche (Fig. 1-

14A). The projections, capable of full retraction within 2-3 hours, consist of core tubulin 

structures flanked by a cortical actin cytoskeleton (Fig. 1-14B-C). Additionally, there is an 

anisotropic distribution of cell-cell adhesion molecules such as M- and N-Cadherins, with M-

Cadherin equally distributed and N-Cadherin exclusively localizing to the quiescent 

projections (Fig. 1-14D-E). The RhoA-driven retraction of projections involves isotropic 

redistribution of N-Cadherin, substantial reorganization of microtubules and microfilaments, 

formation of the centrosomal MT organizing center (cMTOC), nuclear translocation of MRTF-

A, and ultimately expression of Myod1. Interference with Rac1, RhoA or N-Cadherin activity 

or function results in morphological changes in muscle stem cells and premature quiescence 

break (Fig. 1-14F) (Kann et al., 2022). In summary, the authors propose a model in which the 

projections of muscle stem cells monitor the niche environment for signals of tissue damage, 

leading to a switch in GTPase activity and cytoskeletal remodeling associated with retraction. 

These cellular changes are necessary for the efficient temporal control of stem cell activation 

(Krauss and Kann, 2023).  

The regulation of Rho GTPase levels in MuSCs remains an area requiring further investigation. 

However, studies conducted by Brack (Eliazer et al., 2019) and Krauss (Kann et al., 2022) labs 

have shed light on the importance of cytoskeletal signaling in the initial stages of myogenic 
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differentiation. These findings establish cytoskeletal remodeling as a crucial aspect of 

mechano-adaptation in MuSCs, driving the differentiation process. 

 

Figure 1-14. The cytoskeleton-based dynamic projections of satellite cells resemble motile 
structures 
A Tissue clearing was performed on the EDL muscle, allowing visualization of the MuSC-specific Pax7-
TdTomato reporter. Signal intensity is depicted using a Lookup Table. The magnified view on the right 
highlights filopodia indicated by red arrowheads at the end of the projections. B-C MuSCs show a 
dense α-tubulin network (B) and cortical actin structures (C) within the quiescent projections. The 
magnified image on the right illustrates the core tubulin structure flanked by cortical actin 
cytoskeleton. D Immunofluorescence images of the M-Cadherin show its uniform distribution in the 
apical adherens junctions facing the myofiber in quiescent MuSCs. E N-Cadherin specifically localizes 
to the quiescent projections in the MuSCs. F Pax7-TdT images in cleared EDL muscle from control and 
Cdh2fl/fl;Pax7CreERT2 (Ncad cKO) mice, showing genetic depletion of N-Cadherin. Depletion of N-
Cadherin leads to the activation of quiescent MuSCs(Goel et al., 2017), underscoring the conserved 
feature of dynamic projections during muscle stem cell activation. Modified from (Kann et al., 2022; 
Krauss and Kann, 2023).  
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1.7.3. Cytoskeletal remodeling during myoblast migration 

Muscle regeneration relies on the activation and mobilization of the resident stem cell 

population. Following activation, MuSCs initiate proliferating and migrate towards the injury 

site, where committed myoblasts align and fuse with each other or existing myofibers (Relaix 

et al., 2021). This process is best elucidated through studies conducted on freshly isolated 

murine myofibers, cultured in vitro, where activated MuSCs emerge from beneath the basal 

lamina (Bischoff, 1975; Brondolin et al., 2023). In vitro analysis shows that proliferating MuSCs 

initially exhibit a roundish morphology, and assume an elongated shape as they commence 

differentiation (Brondolin et al., 2023). High-resolution imaging further revealed that MuSCs 

undergo rapid migration on myofibers, employing an ameboid mode characterized by rapid 

cortical contraction and membrane blebbing (Collins-Hooper et al., 2012; Otto et al., 2011; 

Urciuolo et al., 2018). This mode relies on both actin remodeling to generate membrane 

protrusion and minimal interaction with the substrate (Charras and Paluch, 2008; Liu et al., 

2015). 

In contrast, Siegel et al. have demonstrated that MuSCs migrate via pseudopodia extension 

on myofibers embedded in a 3D collagen gel (Siegel et al., 2009). This mesenchymal mode of 

movement entails cell adhesion to the ECM and coordinated actin-driven leading-edge 

protrusion, along with posterior retraction of the cell (Petrie and Yamada, 2012). The process 

involves the formation of fan-shaped lamellipodia and slender hair-like filopodia, comprising 

branched actin and parallel, bundled actin filaments, respectively. Lamellipodia formation is 

primarily mediated by Rac1 activity and its downstream targets such as actin-related protein 

2/3 (Arp2/3) and the WASP-family verprolin-homologous protein regulatory complex (WAVE), 

while Cdc42 regulates filopodia formation predominantly through diaphanous formins (Choi 

et al., 2020; Petrie and Yamada, 2016). Finally, RhoA-ROCK-driven anterior cell contractility 

propels cellular movement through a complex 3D environment (Doyle et al., 2021). Recent 

intravital microscopy (IVM) imaging studies in zebrafish and mouse muscle injury models 

have corroborated pseudopodia as the principal mode of satellite cell migration (Baghdadi et 

al., 2018; Gurevich et al., 2016; Webster et al., 2016).  

It is notable that inhibition of RhoA-ROCK signaling in migrating zebrafish MuSCs led to 

alterations in cell shape, migration mode, and coincided with increased differentiation 

(Brondolin et al., 2023). Briefly, ROCK inhibition caused MuSCs to adopt more elongated 

shape with a posteriorly displayed nucleus and exhibit higher migration speed, recapitulating 
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phenotypic changes observed in C2C12 cells treated similarly with the Y-27632 inhibitor 

(Brondolin et al., 2023; Goetsch et al., 2014). Additionally, ROCK inhibition in zebrafish MuSCs 

lead to formation of smaller pPaxillin adhesions and loss of their polar distribution relative to 

the axis of migration, mimicking smaller adhesions and a more motile “gliding” phenotype 

observed in C2C12 cells with impaired ROCK signaling (Brondolin et al., 2023; Goetsch et al., 

2014). Ultimately, Brondolin et al. demonstrated a reduction in genes associated with G2/M 

transition and Yap/Taz target genes, as well as an increase in Myod1 expression in zebrafish 

MuSCs treated with Y-27632, suggesting that the RhoA-ROCK-YAP axis prevents premature 

differentiation during migration to the injury site (Brondolin et al., 2023). Collectively, the 

authors propose that migration behavior can predict altered MuSCs outcomes, with higher 

adhesion and slower, punctuate migration associated with increased proliferation, while 

faster migration and reduced adhesion was indicative of increased myogenic differentiation 

(Brondolin et al., 2023). 

 

1.7.4. Cytoskeletal remodeling during myoblast fusion 

Myoblast fusion is essential for skeletal muscle development and regeneration (Tajbakhsh, 

2009).Extensive cytoskeletal reorganization occurs before and after myoblast fusion, as 

demonstrated in various models, from flies to mice (Duan and Gallagher, 2009; Fulton et al., 

1981; Richardson et al., 2007; Sens et al., 2010; Städler et al., 2010). In Drosophila 

melanogaster, fusion involves mononucleated founder cells (FCs) and fusion-competent 

myoblasts (FCMs), specified by the action of transcription factors (Tixier et al., 2010), leading 

tosyncytial myofibers (Rushton et al., 1995). Initial recognition and cell adhesion is mediated 

by proteins of the immunoglobulin (Ig) superfamily, where FCs express Nephrin-like proteins 

Dumbfounded (Duf or Kin-of-Irregular chiasm Kirre) and Roughest (Rst or IrreC), while FCMs 

express Nephrin homologs, Sticks-and-stones (Sns) and Hibris (Hbs) (Abmayr and Pavlath, 

2012). Sns- Duf interactions facilitate adhesion and membrane apposition (Galletta et al., 

2004), bringing their plasma membranes within close proximity, about 45 nm apart (Özkan 

et al., 2014), a distance insufficient for membrane fusion to occur (Petrany and Millay, 

2019).Whether asymmetric myoblast fusion, reliant on distinct muscle cell types, occurs in 

vertebrates and if Drosophila CAMs play analogous roles in other systems remain unclear 

(Kim et al., 2015a). Further insights into these regulatory molecules are covered in elegant 
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detail elsewhere with an emphasis on vertebrae myoblast fusion (Galletta et al., 2004; Lee 

and Chen, 2019; Lehka and Rędowicz, 2020a; Willkomm and Bloch, 2015).  

Cytoskeletal dynamics, particularly actin polymerization, are central to membrane fusion. In 

Drosophila, actin regulators and nucleation promoting factors (NPFs) such as WASP and Scar 

(Drosophila homolog of WAVE) (Berger et al., 2008; Richardson et al., 2007) and their partners 

WASP-interacting protein (WIP or Solitary, Sltr) (Massarwa et al., 2007) and Kette (the Nckap1 

homolog) (Schröter et al., 2004) drive actin reorganization via the Arp2/3 complex. Upstream 

of Scar, Drosophila Rac GTPase, through its bipartite GEF Myoblast city (Mbc, homolog of 

Dock1) and Engulfment and cell motility (Elmo) (Geisbrecht et al., 2008), modulates actin 

polymeriazetion. Furthermore, small GTPase Arf6, together with its GEF Loner (homolog of 

Brag2) regulates Rac localization (Chen et al., 2003). This leads to the formation of an actin 

focus in FCMs, which protrudes into FCs, creating podosome-like structures (PLS) that assist 

in membrane deformation and potentially serves as a site for the accumulation of other 

fusion-promoting elements (Haralalka et al., 2014; Schejter, 2016; Sens et al., 2010). The 

interface between the PLS and the trans-interacting CAMs residing in the indented layer of 

both cell membranes is referred to as the fusogenic synapse (Chen, 2011). In response, FCs 

increase cortical tension via Myosin II (MyoII) accumulation, regulated by the Rho1-Rok axis, 

facilitating the creation of fusion pores (Kim et al., 2015a, 2015b).  

In vertebrates, many actin-regulating molecules are conserved, including homologs of Mbc 

(Dock1/ Dock5), Rac1, and N-WASP.However, specific details of cytoskeletal asymmetry 

during fusion remain unclear in vertebrates (Kim et al., 2015a). Key proteins like the multi-

pass transmembrane protein Myomaker (Millay et al., 2013) and the small protein 

Myomerger (Quinn et al., 2017) are essential for vertebrate myoblast fusion, regulating 

membrane hemifusion and pore formation, respectively. Though these proteins lack 

structural homologs in known fusogens, they are sufficient to induce fusion in non-fusogenic 

cells (Sampath et al., 2018). 

Phospholipids, Particularly Phosphatidylserine (PS), play crucial roles in membrane fusion by 

interacting with effectors like Brain-specific angiogenesis inhibitor 1 (BAI1) and Stabilin-2, 

which promote Rac1-dependent actin polymerization (Hochreiter-Hufford et al., 2013; Park 

et al., 2016). Disruption of PS, phosphatidylinositol (4,5)bisphosphate or actin regulators like 

Annexin I and V and Dynamin can impair different stages of myoblast fusion (Leikina et al., 

2013; Sampath et al., 2018).  
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Figure 1-15. Asymmetric signaling pathways in Drosophila myoblast fusion 
The process of cytoskeletal remodeling during myoblast fusion is extensively studied in the embryonic 
development of Drosophila, providing valuable insights into this asymmetric process. It involves two 
distinct populations of progenitor cells: the founder cells (FCs) and fusion competent myoblasts 
(FCMs). FCs, positioned at sites where mature muscle will form, attract migrating FCMs through trans-
interactions of cell adhesion molecules (CAMs), facilitating their recognition and adhesion. The 
engaged of CAMs triggers cytoskeletal signaling resulting, resulting in the formation of a thin actin 
sheath in FCs and a dense, branched actin-enriched focus within the FCMs, forming part of a 
podosome-like structure. This actin-based mechanism generates pushing and resisting forces, 
promoting tight adhesion of plasma membranes between the fusion partners. Ultimately, protein 
machineries containing fusogens facilitate the fusion of cellular membranes and the mixing of cellular 
contents, culminating in the formation of a syncytial cell. Despite the low conservation observed in 
invertebrate and vertebrate myoblast fusion machineries, cytoskeletal remodeling remains a critical 
element required for myoblast fusion across these animal groups. For a comprehensive understanding 
of this process, further details can be found in the main text and are reviewed in greater detail in 
(Abmayr and Pavlath, 2012; Kim et al., 2015a; Sampath et al., 2018; Schejter, 2016). Modified from 
(Kim et al., 2015a).  

 

Overall, myoblast fusion involves a conserved multi-step process of cell adhesion, actin-

mediated membrane apposition, and membrane coalescence. However, some components 

of this process exhibit limited conservation between invertebrates and vertebrates, 

particularly in terms of adhesion effectors. For instance, in Drosophila, the Irre recognition 

Module (IRM) consisting of the Ig superfamily proteins like Duf, Rst, and Sns, plays a crucial 

role, whereas in zebrafish myogenesis, Junctional adhesion molecule B and C (Jamb, Jamc) 

are essential. However, the specific adhesion proteins pertinent to mammalian myoblast 

fusion remain elusive. In contrast, the process of branched actin polymerization and 
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remodeling appears to be more conserved during myoblast fusion across species, albeit with 

species-specific variations in protein composition and mechanistic details (Krauss et al., 2017; 

Sampath et al., 2018). 

 

1.8. The septin cytoskeleton 

As highlighted in previous sections, the anisotropic distribution and dynamic remodeling of 

cytoskeletal components including microtubules, microfilaments, and intermediate 

filaments, often play a pivotal role in guiding lineage commitment. Despite being identified 

over 50 years ago and recognized as integral elements of the cytoskeleton, septins have 

received limited attention in the field of muscle research. As of the time of writing, only a 

small number of publications have explored their involvement in the context of myogenesis. 

The following paragraphs will delve into the literature to introduce the principles of 

organization and function of mammalian septins, elucidate regulatory mechanisms governing 

their remodeling, and provide an overview of their involvement in the regulation of cellular 

differentiation processes. 

 

1.8.1. The molecular building blocks for the cell 

Septin GTPases are heteropolymeric cytoskeletal proteins (Mostowy and Cossart, 2012), first 

discovered in 1970 by Leeland H. Hartwell as four alleles in Saccharomyces cerevisiae, causing 

temperature-sensitive cytokinesis defect during the cell division cycle (cdc) mutant screen. 

Initially named based on their roles in cytokinesis (Cdc3, Cdc10, Cdc11 and Cdc12) (Hartwell 

et al., 1973, 1970), further studies revealed septins forming ring-like structures at the plasma 

membrane of the septate bud neck, confirming their role in recruiting essential players of cell 

division (Byers and Goetsch, 1976; Longtine et al., 2000). Recognizing their distinctive 

localization, the lab of John Pringle renamed this protein family “septins” in the early nineties 

(Sanders and Field, 1994). For a long time, believed to be limited to opisthokonts (the group 

of fungi, animals, and their close relative choanoflagellates), septins have since been 

identified in all clades of eukaryotes except of land plants (Nishihama et al., 2011; Shuman 

and Momany, 2022). It has been proposed that septins evolved from an ancestral bacterial 

GTPase and were present in a very early eukaryotic progenitor. However, their significant 
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expansion occurred during opisthokont diversification (Cao et al., 2007; Nishihama et al., 

2011; Weirich et al., 2008).  

In 2001, Momany lab classified fungal septins into five groups based on sequence homology, 

with most fungal septins falling into four groups consisting of core or prototypical yeast 

septins (Cdc3, 10, 11 and 12). Additionally, some fungal septins, that did not group with 

others were suggested to constitute a separate, fifth group (Momany et al., 2001). These 

group 4 septins were later discovered not only in filamentous fungi but also in protists and 

early diverged eukaryotes, leading to the contemporary belief of their ancestral role the 

evolution of septins (Auxier et al., 2019; Nishihama et al., 2011). Septins exhibit high 

structural conservation among species, but the number of genes per organism varies 

substantially. For example, there is only one septin gene in Chlamydomonas, two in C. 

elegans, five in D. melanogaster, seven in S. cerevisiae, thirteen each in M. musculus and H. 

sapiens, and seventeen in D. rerio (Pan et al., 2007; Shuman and Momany, 2022; Willis et al., 

2016).  

In 2002, Ian Macara and colleagues proposed a unified nomenclature for mammalian septins 

to address the confusion surrounding their naming conventions (Macara et al., 2002). 

Subsequently, Kinoshita and colleagues classified 13 human septins into four groups based 

on sequence similarity, which differed somewhat from the fungal classification proposed 

earlier (Kinoshita, 2003). Further analysis of metazoan species revealed that all septins fell 

into the four Kinoshita categories, leading to the widespread adoption of this nomenclature 

(Cao et al., 2007). Based on molecular interactions among paralogues, Kinoshita et al. 

proposed that group members were potentially interchangeable within heteropolymers, a 

concept now known as the “Kinoshita rule”, although the underlying molecular mechanisms 

of this phenomenon emerged only recently (Cavini et al., 2021). 

The mammalian septin gene family comprises 13 members: Septin1 to Septin12 and 

Septin14, along with at least eleven pseudogenes (Ivanov et al., 2021; Kinoshita, 2003). This 

complexity is further diversified by tissue specific and ubiquitous expression of some 

paralogues, as well as an alternative splicing, which gives rise to multiple additional variants 

(Russell and Hall, 2011; Zuvanov et al., 2019). These septins are classified into four Kinoshita 

group, named after best studied paralogue: SEPT2 (including Septin1, 2, 4 and 5), SEPT3 

(including Septin3, 9 and 12), SEPT6 (including Septin6, 8, 10, 11 and 14), and SEPT7 (only 

member of the subgroup) (Grupp and Gronemeyer, 2023). Structurally, all septins belong to 
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the GTPase superclass of phosphate-binding loop (P-loop) NTPases and possess a central G-

domain homologous to the Ras-like, Dynamin, Myosin-Kinesin, and Translation factor 

superfamily of nucleosid triphosphate binding enzymes (Leipe et al., 2002). The G-domain of 

septins resembles a Rossmann-like fold, comprising repetitive αβ-units (Longo et al., 2020; 

Weirich et al., 2008), and contains all elements required for classification as active GTPases 

(Valadares et al., 2017). These elements include three GTPase boxes G1 (P-loop or Walker A 

motif), G3 (switch 2), and G4 (confers GTP specificity), which interact with the GTP nucleotide 

or its cofactor (Bourne et al., 1991; Leipe et al., 2002). Additionally, the G-domain features 

characteristic elements and insertions that distinguish septins from other members of P-loop 

NTPases and are primarily involved in forming contacts between septin monomers (Auxier et 

al., 2019). Notably, these motifs include a polybasic region PB2 (Shuman and Momany, 2022), 

four short Sep motifs (Sep1-Sep4), six specific residues (Pan et al., 2007), and a polyacidic 

region (PAR) all crucial for inter-monomer interaction (Castro et al., 2020; Valadares et al., 

2017). Another distinctive feature is the C-terminal septin unique element (SUE) (Versele et 

al., 2004), which comprises approximately 60 residues and consists of three small β-strands 

and two helices (α5 and α6), essential for the dimerization at both G- and NC-interfaces 

(Cavini et al., 2021; Grupp and Gronemeyer, 2023). A representative view of a Septin6 GTPase 

domain with conserved elements is depicted in Fig. 1-16.  

 

Figure 1-16. Representative crystal structure and a schematic topology of a septin subunit 
A Septin6-GTP (PDB-ID 7M6J) is labeled based on the canonical G domain found in Ras-like proteins. 
B A general topology of a septin paralogue belonging to one of Kinoshita’s subgroups. G-interface, 
GTP binding domain-interface; NC-interface, amino- and carboxyl-terminal interface; SUE, septin 
unique element; Tr, trans-loop; PB, polybasic motif; PAR, polyacidic region. From (Grupp and 
Gronemeyer, 2023).  
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In contrast to the highly conserved G-domain, the amino- and carboxyl-terminal extension 

(NTE and CTE) of septin paralogues exhibit significant variability. The N-terminal domain, the 

least studied and most variable region among septins (Cavini et al., 2021), typically harbors a 

structured α-helix, often accompanied by a polybasic region (PB1). This region is plays a 

crucial role in phosphoinositide binding and subsequent association with the plasma 

membrane (Bertin et al., 2010; J. Zhang et al., 1999). However, the region immediately 

upstream from this helix is considered intrinsically unstructured (Garcia et al., 2006), with 

some septins possessing substantial extensions, such as SEPTIN4 (∼150 residues) and 

SEPTIN9 (∼300 residues), compared to others rarely exceeding 50 amino acids (Cavini et al., 

2021). Septins with long N-terminal extensions exhibit extensive alternative splicing, further 

enhancing functional diversity. For example, human SEPTIN9 presents more than 30 distinct 

isoforms with unique functions attributed to different variants (Connolly et al., 2014; Estey et 

al., 2010; Zuvanov et al., 2019).  

The N-terminal domain of the longest isoforms of SEPTIN9 and SEPTIN4 can be roughly 

divided into two regions. The more N-terminal basic domain, containing a cytoskeletal 

binding region (CBR), interacts with acidic regions of cytoskeletal components like actin and 

tubulin (Bai et al., 2013; Cavini et al., 2021; Smith et al., 2015). Moreover, these extensions 

facilitate interactions with proteins such as dynactin (Kesisova et al., 2021) and Septin-

associated RhoGEF (SA-RhoGEF) (Nagata and Inagaki, 2005). The second, more C-terminal 

region is notably acidic and encompasses a proline-rich motif positioned adjacent to the 

structural α-helix described above (Cavini et al., 2021). This region has been implicated in 

mediating interactions with various partners, including the SH3-containing CIN85 

(Diesenberg et al., 2015), and harbors modulatory motifs and sites for posttranslational 

modifications (PTM) such as acetylation, phosphorylation, and SUMOylation (Hernández-

Rodríguez and Momany, 2012; Ribet et al., 2017; Sharma and Menon, 2023). The 

unstructured region is thought to restrict aberrant filament assembly (Jiao et al., 2020; 

Weems and McMurray, 2017) and further fine-tune binding specificity among septins and 

their promiscuous binding partners, thereby broadening their ordinary interactome (Cavini 

et al., 2021; Devlin et al., 2021). Notably, septin isoforms lacking the basic CBR motif display 

increased affinity towards SH3 domain containing signaling factors (Cavini et al., 2021). 

Collectively, these findings suggest a modular nature of the N-terminal domain of septins, 
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potentially serving as regulatory switches modulating the effects of their adjacent regions 

and overall governing polymer organization (Cavini et al., 2021).  

The CTE is located immediately downstream the G-domain and is present in all septins 

(except the SEPT3 group and ancestral septins). It typically contains at least one heptad 

repeat sequence, predicted to form a coiled-coil (CC) helix bundle. These coiled-coils are 

thought to form contacts within and across polymers, contributing to higher-order structure 

formation (Bertin et al., 2010; Leonardo et al., 2021). The coiled-coil domain is linked to the 

G-domain through a flexible hinge (Mendonça et al., 2021). Additionally, the very C-terminus 

of septins is generally believed to be unstructured, although SEPTIN6 and SEPTIN7 are 

thought to contain a structured domain, which likely forms an amphipathic helix, facilitating 

plasma membrane binding (Cannon et al., 2019; Shuman and Momany, 2022; Woods and 

Gladfelter, 2021). 

 

1.8.2. Protofilament formation and higher-order structures 

In stark contrast to other small GTPases, septins polymerize into filaments, and most of their 

functions are attributed to this ability (Spiliotis and McMurray, 2020). Septin filaments consist 

of core particles, also known as protofilaments, which contain linear hetero-oligomeric 

succession of monomers from each of the four Kinoshita groups, maintaining “positional 

orthology” across species (Shuman and Momany, 2022) (Fig. 1-17). Each monomer utilizes 

two alternate interfaces for oligomerization: N- and C-terminal domain, termed the NC 

interface and the G-domain, which reconstitutes the G interface (Sirajuddin et al., 2007). In 

mammals, the palindromic protomer forms a centrally symmetric filament with an order of 

SEPT2-6-7-7-6-2 for a hexamer and SEPT2-6-7-3-3-7-6-2 for an octamer (McMurray and 

Thorner, 2019; Mendonça et al., 2019; Soroor et al., 2021). Septin filament formation likely 

occurs through end-to-end collision of the core particles, presumably at the plasma 

membrane (Bridges et al., 2014). Recent research suggests that mammalian septin filaments 

predominantly exist as immobilized membrane-bound octamers, at least during the 

interphase (Martins et al., 2022).  

These core particles are considered the building blocks of septin filaments due to their 

persistence in high ionic strength (over 300mM) solution in vitro (Cavini et al., 2021). Several 

studies have demonstrated the impact of varying salt concentrations on filament 

polymerization of yeast and human septins (Bertin et al., 2008; Fischer et al., 2022; Iv et al., 
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2021). It is assumed that lowering the ionic strength permits end-to-end annealing of 

protofilaments (Grupp and Gronemeyer, 2023). Weems et al. have demonstrated a multi-step 

assembly of yeast protofilaments from monomers, predicting an active communication 

between G- and NC-interfaces. They combined the Biomolecular Fluorescence 

Complementation assay with depletion of cellular GDP and GTP levels (Weems and 

McMurray, 2017). Initially, the central dimer of Cdc10 is formed (NC-interface), followed by 

the dimerization of two outer septins, Cdc11-Cdc12 (G-interface). The Cdc11-Cdc12 dimer 

recruits the bridging Cdc3 to the NC-interface of Cdc12, inducing a conformational change in 

the exposed G-domain of Cdc3. Protofilament assembly concludes with the lateral 

association of Cdc11-Cdc12-Cdc3 trimers to the central Cdc10 dimer (G-domain) (Grupp and 

Gronemeyer, 2023; Weems and McMurray, 2017).  

The formation of the mammalian protofilaments remains poorly understood. Additionally, 

septin filaments can assemble into high-order structures, including paired and stacked 

filaments, gauzes, and rings (Bertin et al., 2010, 2008; Mostowy and Cossart, 2012). C-

terminal coiled coils are believed to mediate the connection between adjacent filaments. In 

both human and yeast, two types of spacings between filaments have been observed in vitro: 

loose (15-20 nm) and tight (∼5 nm). These spacings correspond to the length of larger CC 

domains of SEPT6-SEPT7 (8-11 nm) group members and shorter SEPT2 (4-5 nm) group 

members, suggesting the potential involvement of septin CTEs in high-order filament 

formation (Bertin et al., 2010, 2008; Jiao et al., 2020; Leonardo et al., 2021).  

While reconstituted septins exhibit high theoretical shape plasticity in solution, living cells 

likely utilize a more narrow set of geometries (Martins et al., 2022; Szuba et al., 2021). 

Kinoshita’s rule, governing the position of monomers within a filament, restricts the potential 

number of octamers to 60, without considering known alternative splice variants. However, 

the existence of possible combinations, the simultaneous presence of multiple distinct 

complexes, or their in vivo relevance for mammalian cells have yet to be convincingly 

described (Mendonça et al., 2019). In 2022, Panagiotou et al. demonstrated the co-existence 

of two septin filament populations incorporating either SEPTIN11 or SEPTIN9. Both filaments 

were shown to associate with Anillin, either directly or through CIN85, respectively. Anillin 

anchors distinct populations of septins to the plasma membrane of the intracellular bridge in 

dividing cells (Panagiotou et al., 2022).  
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Figure 1-17. The domain architecture and protofilament assembly of septin GTPases 
A Mammalian septins are divided into four subgroups (SEPT2, SEPT6, SEPT7, and SEPT3) through 
bioinformatical analysis. The septin fold comprises a central GTP-binding domain (G-domain) followed 
by a characteristic insertion known as the septin unique element (SUE). Members of the SEPT6 group 
remain constitutively bound to GTP due to the lack of the catalytic residue. Surrounding the central 
domain are highly variable amino- and carboxyl-terminal extensions (NTE and CTE). The CTE contains 
coiled-coil domains of varying length, except for the SEPT3 group. The NTE sequence is unique to 
SEPT3 septins and is largely unstructured. It includes a proximal acidic proline-rich motif and a distal 
basic motif that facilitate interactions with actin and tubulin. Additionally, septins feature polybasic 
and/or amphipathic helices that facilitate binding to lipid bilayers. B Septins form non-polar 
protofilaments through heteropolymerization via alternating G-domain and NC-domain interfaces. 
The smallest functional unit consists of a dimer of tetramers, comprising a paralog from each 
subgroup. According to the Kinoshita rule, septins from the same subgroup can interchange, leading 
to a variety of potential oligomer combinations. Modified from (Spiliotis and Nakos, 2021).  

 

The cellular functions of cytoskeletal filaments, such as actin and tubulin NTPases, depend 

on the complete GDP-GTP cycle. NTP binding promotes filament polymerization, while 

hydrolysis and phosphate release induce disassembly (Bowne-Anderson et al., 2013; 

Kudryashov and Reisler, 2013). Although the dynamics, assembly, stability, and turnover of 

septin protofilaments are not fully understood, GTP activity likely regulates these processes 

(Valadares et al., 2017; Weems and McMurray, 2017; Zent and Wittinghofer, 2014). Unlike 

actin and tubulin, studies by the Wittinghofer lab have demonstrated that nucleotide 

hydrolysis stabilizes the dimeric interface between certain septins, such as Septin7 (Sirajuddin 

et al., 2009; Zent et al., 2011; Zent and Wittinghofer, 2014), while others like the SEPT6 

subfamily, remain catalytically inactive and constitutively bound to GTP (Zent and 

Wittinghofer, 2014). A recent study by Weems and McMurray suggests that nucleotide-bound 

states influence interaction preferences in septin monomers, with enhanced stability 

observed at the dimeric interface between GDP- and constitutively GTP-bound paralogues 
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compared to two GDP-bound yeast septins (Weems and McMurray, 2017). Nucleotide 

binding and hydrolysis are likely early, one-time events that initiate septin protofilament 

formation (Grupp and Gronemeyer, 2023). However, the impact of very low GTP 

hydrolysis/exchange rates on subsequent septin dynamics following protomer assembly 

remains unclear (Abbey et al., 2019; Spiliotis, 2018). Fluorescence recovery after 

photobleaching (FRAP) assays revealed that septin heteropolymers exhibit 2 to 3 times slower 

turnover rates than average actin or tubulin polymers, indicating heightened stability of 

septins (Hagiwara et al., 2011; Hu et al., 2008; Schmidt and Nichols, 2004). Although 

monomeric septins hydrolyze GTP faster than signaling GTPases or monomeric actin and 

tubulin, the association of a GAP to small GTPases or cytoskeletal NTPase polymerization 

significantly increases their hydrolysis rates (Kanematsu et al., 2022; Mishra and Lambright, 

2016; Paydar and Kwok, 2020; Roostalu et al., 2020). The absence of described mammalian 

GEFs or GAPs for septins (Abbey et al., 2019; Akhmetova et al., 2015) implies their dynamic 

remodeling might be regulated by post-translational modifications and other unidentified 

factors (Alonso et al., 2015; Hernández-Rodríguez and Momany, 2012; Sharma and Menon, 

2023; Spiliotis, 2018). 

 

1.8.3. The role of septins in actomyosin organization 

Septin and actin filaments exhibit a remarkable structural interdependence, with disruptions 

in one filament system affecting the other (Spiliotis, 2018), though the nature of this 

interaction remains unclear. Early studies showed that recombinant human septin hexamers 

self-assemble into rings and do not interact with pre-polymerized phalloidin-stabilized actin 

filaments (Kinoshita et al., 2002). However, recent evidence suggests that human SEPTIN2-

SEPTIN6-SEPTIN7 and SEPTIN9 can cross-link and bend actin filaments, depending on septin 

filament state (Dolat et al., 2014b; Mavrakis et al., 2014; Smith et al., 2015). This actin cross-

linking ability has been attributed directly to human SEPTIN9 (Dolat et al., 2014b). In renal 

epithelial cells, SEPTIN9 orchestrates the organization of lamellar actin stress fibers, 

contributing to focal adhesion maturation and stability, which promotes epithelial motility. 

Studies employing low-speed actin sedimentation assays and negative stain electron 

microscopy (EM) have demonstrated the unique ability of SEPTIN9, but not the SEPTIN2-6-7 

complex, to cross-link preformed actin filaments (Dolat et al., 2014b). Up to date, only the 

human SEPTIN9 is presumed to directly interact with actin filaments (Smith et al., 2015). In 
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vitro reconstruction assays and EM studies conducted by Smith and colleagues have revealed 

that the basic region of the NTE of SEPTIN9, shared among long isoforms 1, 2, and 3, can bind 

and bundle F-actin, occupying three distinct positions. Notably, two of those actin surfaces 

are also targeted by Myosin V and Cofilin, potentially competing with SEPTIN9 for binding 

sites (Smith et al., 2015). Recent studies using biochemical and biophysical assays propose an 

alternative binding mode for septin octamers. Specifically, mammalian octamers, containing 

the short isoform 5 (SEPTIN9_i5) can interact with and cross-link actin filaments (Iv et al., 

2021). Moreover, despite an 18-residue difference, SEPTIN9-i2, but not SEPTIN9-i1, is 

downregulated in breast tumors. Reintroducing SEPTIN9-i2 remodeled septin structures into 

short rods, leading to the loss of perinuclear actin stress fibers and inhibiting of cancer cell 

migration (Verdier-Pinard et al., 2017). 

The arrangement of septins along actin filaments has remained unclear, with uncertainties 

regarding whether they form filamentous polymers, short oligomers, or protofilaments. 

Recent work by Martins et al., provided insight into this, suggesting that most human septins 

organize into octamer-based, paired filaments along actin stress fibers (Martins et al., 2022). 

Using split-GFP assays, single protein tracking andsuper-resolution microscopy, the study 

underscores the importance of octamer assembly for the integrity of both septin and actin 

filaments. These actin-bound septin filaments are largely immobile and located near the 

plasma membrane, anchoring actin (Martins et al., 2022). The role of specific paralogues or 

splice variants, such as SEPTIN9, in influencing actin organization remains an area for further 

investigation.  

Septins indirectly associate with actin filaments through mediating proteins. For instance, the 

recombinant SEPTIN2-6-7 interacts with pre-polymerized actin only after its decoration by 

anillin (Kinoshita et al., 2002), which facilitates septin-actin interaction in the mitotic 

contractile ring (Panagiotou et al., 2022; Renshaw et al., 2014). During interphase, non-

muscle myosin IIA serves as an adaptor protein linking septins to actin. Specifically, SEPTIN2 

binds the myosin heavy chain, acting as a scaffold for kinases like citron kinase (CRIK) or ROCK, 

and disruption of this interaction disassembles septin filaments and reduces cytoplasmic 

actin filaments, linking septins to actomyosin contractility (Joo et al., 2007).  

Furthermore, the binding of septins to actin is facilitated by Cdc42 effectors, such as binders 

of Rho GTPases BORG/ Cdc42EP (Spiliotis and Nakos, 2021). BORG proteins are largely 

unstructured and feature a Cdc42/Rac interactive binding (CRIB) domain that binds to Cdc42, 
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along with three characteristic BORG homology domains (BH1-3) (Joberty et al., 1999). 

Specifically, BORG 1-3 directly binds to septins, with the BD3 domain being responsible for 

this association. Overexpression of BORG3 in Madin-Darby canine kidney (MDCK) cells 

promotes the formation of thick perinuclear septin filament (Joberty et al., 2001). The BD3 

domain of BORG3 was shown to bind SEPTIN6-7 dimers and to SEPTIN2-6-7 trimers, likely at 

the interface between SEPTIN6 and SEPTIN7 (Joberty et al., 2001; Sheffield et al., 2003). In 

breast cancer-associated fibroblasts, elevated BORG2 enhances actomyosin contractility and 

aligns thick septin filament, promoting YAP nuclear import, which is crucial for cancer-

promoting abilities of CAFs (Calvo et al., 2015). Conversely, in melanoma cells, BORG3 

facilitates metastasis through ameboid migration, and its depletion (or SEPTIN9) reduces 

invasion both in vitro and in vivo, highlighting the necessity of septin binding for the function 

of BORG3 in melanoma invasion (Farrugia et al., 2020). Moreover, Salameh et al. observed a 

decrease in BORG2 and BORG3 levels along with the disappearance of actin stress fibers in 

human hepatocyte line 16 (HHL16) cells during paclitaxel treatment or resistance aquisition 

(Salameh et al., 2021). This effect was linked to proteasomal degradation of BORG2/3 and the 

re-localization of septins to MTs (Salameh et al., 2021). Cdc42, a key regulator of actin 

remodeling (Nobes and Hall, 1995), influences BORG-dependent septin organization. In vitro 

studies show Cdc42 reduces BORG binding to septins, but cellular outcomes vary (Tomasso 

and Padrick, 2023). For instance, constitutively active Cdc42 (Q61L) disrupted septin 

filaments in MDCK cells and CAFs (Farrugia and Calvo, 2017; Joberty et al., 2001), while in 

HHL16 cells,it counteracted BORG2 degradation, preserving septins on actin stress fibers 

during paclitaxel treatment (Salameh et al., 2021). Dominant negative Cdc42 (T17N) also 

disrupted septin filaments in multiple cell lines (Burbelo et al., 1999; Farrugia and Calvo, 2017; 

Salameh et al., 2021). These findings suggest that Cdc42, cycling between active and inactive 

states, regulates septinstability by modulating BORGs (Tomasso and Padrick, 2023). 

In addition to Cdc42 effectors, Rho effectors potentially mediate septin- actin interaction 

(Spiliotis and Nakos, 2021). SEPTIN9 interacts with the septin-associated Rho GEF 18 (SA-

RhoGEF, ARHGEF18), and with Rhotekin, an effector of RhoA and RhoC (Ito et al., 2005; 

Nagata and Inagaki, 2005; Safavian et al., 2023). Sept9b (SEPTIN9_i3) binds SA-RhoGEF, 

assembling on actin filaments and inhibiting GEF activity, leading to reduced SF formation 

(Nagata and Inagaki, 2005). Furthermore, SEPTIN9 also plays a role in substrate stiffness 

sensing, regulating RhoA signaling via SA-RhoGEF-dependent mechanism in human umbilical 
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vein endothelial cells (HUVEC) (Yeh et al., 2012). HUVEC cells cultured on low-stiffness 

polyacrylamide (PA) gels upregulated expression of SEPTIN9 through an integrin αvβ3-

dependent mechanism, resulting in perinuclear SF disassembly and actin re-localization to 

the cell periphery (Yeh et al., 2012). Conversely, Safavian et al. demonstrated that SEPTIN9 

binds to and activates SA-RhoGEF, thereby promoting RhoA signaling at the base of a cilium 

in retinal pigment epithelial cells (hTERT-RPE1) (Safavian et al., 2023).  

Moreover, SEPTIN9_i1 activates RhoA-ROCK and FAK-Src-paxillin signaling in MCF7 cells, 

although no involvement of SA-RhoGEF or direct septin participation in the phosphorylation 

of these proteins was investigated (Zeng et al., 2019). Rhotekin involved in switching Rho 

function from SF contractility to membrane ruffling and actin polymerization (Chen et al., 

2013), binds SEPTIN9_i3 on actin SF in a Rho-dependent manner (Ito et al., 2005). The 

activated Rho disrupts septin filaments in REF52 cells, resembling the transfection of 

Rhotekin (Ito et al., 2018). Considering the role of SEPTIN2 in myosin phosphorylation 

cascade, septins modulate actin organization also directly, integrating signals from pathways 

that regulate actin remodeling (Spiliotis, 2018). 

Two examples of signaling pathways linking septins to actin filament remodeling involve Yap 

and the non-catalytic region of tyrosine kinase 1 (Nck1) protein (Calvo et al., 2015; Fan et al., 

2021; Kremer et al., 2007). Septins have been shown to regulate the cellular localization of 

YAP, a key transcriptional regulator, suggesting their involvement in mechanotransduction 

pathways (Lam and Calvo, 2019). Increased septin-actin association has been demonstrated 

to enhance the nuclear translocation of YAP in breast CAFs and hepatocellular carcinoma 

(HCC) cells, thereby promoting oncogenic progression (Calvo et al., 2015; Fan et al., 2021). 

Nck1 is an adaptor protein involved in signal transduction that stimulates actin 

polymerization through a N-WASp-Arp2/3-dependent mechanism (Buday et al., 2002; Ditlev 

et al., 2012). In HeLa cells, SEPTIN2-6-7 complexes associated with stress fibers maintain the 

cytoplasmic localization of Nck1. Depletion of septins results in the suppressor of cytokine 

signaling 7 (SOCS7)-dependent nuclear translocation of Nck1 and loss of actin stress fibers 

(Kremer et al., 2007). This finding suggests that septins may influence gene transcription by 

sequestering nucleoplasmic proteins to stress fibers in a mechanoresponsive manner 

(Spiliotis and Nakos, 2021).  

Despite their functional interdependence, septins only partially overlap with actin, 

preferentially associating with contractile ventral actin structures, such as linear SFs 
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connected to focal adhesions on both ends, and transverse arcs at the interface with lamellae 

(Calvo et al., 2015; Dolat et al., 2014b; Kinoshita et al., 2002; Kremer et al., 2007; Spiliotis, 

2018). Septins also localize at branched actin sites, as seen with SEPTIN1, 4 and 5 in 

lamellipodia of squamous cell carcinoma, seemingly in absence of other septins (Mizutani et 

al., 2013). Additionally, SEPTIN6 plays a role in collateral branching in the axon of sensory 

neurons, promoting the formation of filopodia and localizing to membrane actin patches 

consisting of branched actin filaments. This facilitates the recruitment of cortactin, an 

activator of Arp2/3-mediated polymerization (Hu et al., 2012). In vitro binding assays have 

shown that SEPTIN6 exhibits a preference for Arp2/3-nucleated branching points on actin 

filaments compared to linear actin, while SEPTIN7 showed no such preference and binds to 

linear segments (Hu et al., 2012). Another study demonstrated SEPTIN2 (and potentially 

SEPTIN7 and 9) accumulation at curved membrane tips of lamellipodia between two 

opposing endothelial cells (Kim and Cooper, 2018). Branched actin filaments are proposed to 

push membranes of endothelial cells in close proximity, promoting tight barrier formation via 

vascular endothelial (VE) cadherin interaction (Efimova and Svitkina, 2018). Loss of SEPTIN2 

resulted in marked filopodia formation, gaps between cells, re-localization of cortical F-actin 

to the cytoplasm, and disruption of junctional integrity (Kim et al., 2023; Kim and Cooper, 

2021, 2018).  

 

1.8.4. The functions of MT-associated septins  

Septins are known to associate with microtubules and play crucial roles in regulating MT 

organization, dynamics, post translational modifications, and interactions with MT-associated 

proteins (MAPs). They also regulate transport along MTs, earning them the status of bona 

fide MAPs themselves (Spiliotis and Kesisova, 2021; Spiliotis and Nakos, 2021). Septins often 

associate with subsets of bundled MTs in specific cellular regions, including the perinuclear 

cytoplasm, subcortex, Golgi nucleated MTs, as well as MTs of the primary cilium and the 

cytokinetic bridge (Bowen et al., 2011; Ghossoub et al., 2013; Nagata et al., 2003; Russo et 

al., 2024). 

The current understanding of how septins associate with microtubules has been elucidated 

through investigations into human SEPTIN9, which possesses a long and disordered N-

terminal extension (NTE), a feature unique among septins. Alternative splicing generates at 

least 5 isoforms, varying in size and functions (Connolly et al., 2011; Verdier-Pinard et al., 
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2017). The NTE of SEPTIN9_i1 contains a motif (K/R-R/x-x-D/E) resembling the microtubule-

binding repeat motifs found in microtubule-associated proteins (MAP) (Spiliotis and Kesisova, 

2021). Competition assays reveal that this motif preferentially binds carboxy-terminal tails 

(CTT) of βII-tubulin (TUBB2) isotype (Bai et al., 2013). Furthermore, tyrosination of α-tubulin 

and polyglutamylation of CTTs promote the association of septins to tubulin (Froidevaux-

Klipfel et al., 2015; Spiliotis et al., 2008). Initially, all three long isoforms of SEPTIN9 

(SEPTIN9_i1, _i2, and _i3) were shown to interact with MTs in vitro(Bai et al., 2013). However, 

recent study has narrowed down the microtubule-binding domain (MBD) of SEPTIN9 to the 

first 25 amino acids of SEPTIN9_i1, identifying other common sequences of long isoforms as 

negative regulatory elements (Kuzmić et al., 2022). Other cellular and in vitro studies suggest 

potential interactions of SEPTIN6 and 7, SEPTIN9 dimers, and SEPTIN2-6-7 hexamers with MTs 

(Hu et al., 2012; Moon et al., 2013; Nakos et al., 2019b, 2019a). Nevertheless, the mechanistic 

nature of these associations remains poorly understood, and the in vivo presence is still 

controversial, as SEPTIN9 depletion leads to absence of septin hexamer-MT interaction in 

cells (Kuzmić et al., 2022; Verdier-Pinard et al., 2017).  

Septins play crucial roles in promoting or regulating various aspects pf microtubule dynamics, 

including nucleation, growth, elongation and bundling (Spiliotis and Nakos, 2021). At the 

centrosome, SEPTIN7 interacts with the dynactin subunit p150Glued, and depletion of SEPTIN7 

leads to a disorganized MT network (Chen et al., 2021). On Golgi membranes, SEPTIN1 

scaffolds γ-tubulin and the centrosomal protein CEP170, thereby promoting the nucleation 

of non-centrosomal MTs (Song et al., 2019). Although these studies suggest unique roles for 

specific septins, the contribution of other septins cannot be entirely ruled out. Additionally, 

in vitro reconstruction assays demonstrated that septins can directly bundle MTs and slow 

down MT depolymerization, thereby promoting their growth (Bai et al., 2013; Kuzmić et al., 

2022; Nakos et al., 2019b, 2019a). Furthermore, mutations in SEPTIN9_i1 or SEPTIN2 that 

impair dimerization abolish the association of septins with MTs in U2OS cells, suggesting that 

incorporation of certain septin paralogues into filaments enables these septin filaments to 

exert regulatory functions on MTs (Kuzmić et al., 2022). Bowen et al. have demonstrated the 

role of septins in MT growth in MDCK cells, wherein septins capture, bundle, and guide the 

directionality of MT plus end movement (Bowen et al., 2011). Despite evidence of interaction 

between septins and the MT plus-end-binding protein EB1, septins were not observed to 

track on growing plus ends in vivo or in vitro (Bowen et al., 2011; Spiliotis and Nakos, 2021). 
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Additionally, septins influence the post-translational modifications of MTs. For instance, in 

murine neurons, Septin7 recruits the Histone deacetylase 6 (HDAC6), which deacetylates 

unpolymerized αβ-tubulin dimers in the cytoplasm, maintaining the dynamic equilibrium 

during neuritogenesis (Ageta-Ishihara et al., 2013). In MDA-MB 231 cells, SEPTIN9_i1-

containing octamers recruit enzymes to the MT interface that modify the length of the 

polyglutamyl side chains at the CTT of tubulin, thereby conferring high dynamism 

(Froidevaux-Klipfel et al., 2015).  

Septins have recently emerged as key regulators MT-dependent transport, influencing the 

movement of motor-cargo complexes and serving as membrane-associated scaffolds for 

motor proteins (Spiliotis and Kesisova, 2021). In vitro reconstruction assays has shown that 

SEPTIN9_i1 impedes the motility of Kinesin-1/KIF5 and Dynein-Dynactin motors, promotes 

the motility of Kinesin-3/KIF1A, and does not influence Kinesin-2/KIF17 (Karasmanis et al., 

2018). Live-cell imaging in rat hippocampal neurons, combined with overexpression and 

depletion of SEPTIN9_i1, has further demonstrated the differential regulation of Kinesin-1 

and Kinesin-3 and their cargo on dendritic MTs, consistent with in vitro studies (Karasmanis 

et al., 2018). Moreover, Kinesin-1 and Kinesin-3 exhibit movement in opposite directions due 

to their differential preferences towards antiparallel acetylated and tyrosinated dendritic 

MTs(Tas et al., 2017). Thus, septins are envisioned to contribute to the maintenance of axon-

dendrite polarity through their differential affinity towards distinct subsets of MTs (Spiliotis 

and Kesisova, 2021). Furthermore, the interaction of septins with MTs is affected by MT-

associated proteins (MAPs), such as MAP4, which compete with SEPTIN2 for binding. 

Conversely, SEPTIN2 has been shown to sequester MAP4 or occlude its binding sites, thereby 

modulating MT polyglutamylation, which in turn potentiates the activity MAP4 and regulates 

the motility of Kinesin-1 and -2 motors (Ghossoub et al., 2013; Kremer et al., 2005; Spiliotis 

et al., 2008).  

Recent interactome studies suggest that septins play a crucial role in bridging the interaction 

between MT motors and membrane cargo (Spiliotis and Kesisova, 2021). Through human 

dynein interactome analysis using biotin ligase (BioID) and yeast-to-hybrid screen of human 

septins, along with cellular studies, SEPTIN2, 7 and 9 have been identified to associate with 

subunits of dynactin, as well as the dynein intermediate and light chains (DIC, DILC) (Chen et 

al., 2021; Kesisova et al., 2021; Nakahira et al., 2010; Redwine et al., 2017). Kesisova et al. 

demonstrated that SEPTIN9 acts as a scaffold for dynein motors on lysosomes, facilitating 
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retrograde traffic (Kesisova et al., 2021). This suggests that septins, at least SEPTIN9, may 

serve as cargo scaffolds for uni- or bidirectional movement of membrane organelles (Spiliotis 

and Kesisova, 2021).  

In summary, septins emerge as crucial components of the cytoskeleton, selectively regulating 

motor interactions with cargo and MTs, thus contributing to the regulatory landscape of the 

“MT code” as bona fide microtubule-associated proteins (Janke and Magiera, 2020; Spiliotis 

and Nakos, 2021). With the recent discovery of septin association with processive myosins 

such as Myo1b, Myo1c, and Myo6 (MyoVI) (Hecht et al., 2019), septins may extend their 

regulatory functions to myosin-driven transport along actin filaments as well, supporting the 

hypothesis of a broader “septin code” (Spiliotis and Kesisova, 2021). 

 

1.8.5. The functions of phospholipid membrane-associated septins  

In addition to their interactions with actin and MTs, septins also interact with specific 

membrane domains, a process that is influenced by the lipid composition and shape of these 

domains.  

Septins recognize various phosphoinositides, including phosphatidylinositol (PI) 5-posphate 

PI (5)P, PI (4,5)P2 (will be referred to as PIP2), PI (3,5)P2, and PI (3,4,5)P3, as well as other cone-

shaped lipids like cardiolipin and phosphatidic acid, within membrane domains (Akil et al., 

2016; Dolat and Spiliotis, 2016; Krokowski et al., 2018; J. Zhang et al., 1999). The N-terminal 

polybasic region (PB1), absent SEPTIN6 family members, mediates septin interaction with 

phosphoinositoles (Cavini et al., 2021). Recent evidence suggests that distinct paralogue-

specific septin domains exhibit varying affinities towards lipid membranes (Cannon et al., 

2019; Omrane et al., 2019). Studies using lipid monolayer assays have demonstrated that 

yeast septins to preferentially interact with PIP2 over PI(3,4,5)P3. Moreover, these interactions 

on lipid monolayers significantly promote filament polymerization, even under conditions 

that typically inhibit filament formation in solution, such as high salt buffers (300mM) or 

deleterious mutations (Bertin et al., 2010). Additionally, experiments using liposome 

sedimentation with SEPTIN4 (known as H5 at the time) have revealed that SEPTIN4 binds to 

PIP2 in the GDP-bound state, suggesting a role for this interaction in recruiting or anchoring 

septins to the areas of high PIP2 concentration (J. Zhang et al., 1999). 

Septins exhibit a preference for assembling on membrane domains curved on the micrometer 

scale, with a particular accumulation on the saddle-shaped cytoplasmic layer (Beber et al., 
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2019; Bridges et al., 2016; Cannon et al., 2019; Woods and Gladfelter, 2021). Studies have 

shown that septins can reshape membranes in giant unilamellar vesicles (GUVs) and 

liposomes, and septin filaments have been observed to associate with both positive and 

negative curvatures (Beber et al., 2019; Tanaka-Takiguchi et al., 2009). While there is evidence 

suggesting a preference for positive curvatures, as seen in tubulation of liposomes and 

adsorption on 1-5 µm beads in anionic lipid bead-binding assays (Bridges et al., 2016; Tanaka-

Takiguchi et al., 2009), there are also findings indicating that septin filaments avoid positive 

curvature, instead lying flat in bundles along the hill axis of positive curvature, while bending 

negatively in the valleys of supported lipid monolayers on undulating solid templates (Beber 

et al., 2019). Despite these discrepancies observed in vitro, septins are more commonly found 

in cellulo at regions of positive curvature, often outlining protrusive structures, such as the 

base of lamellipodia, filopodia, dendritic spines, and the surface of larger organelles like 

mitochondria, lysosomes and lipid droplets (Akil et al., 2016; Dolat and Spiliotis, 2016; 

Kesisova et al., 2021; Sirianni et al., 2016). An evolutionary conserved amphipathic helix at 

the C-terminus of SEPTIN6 has been identified as necessary and sufficient for curvature 

sensing, highlighting the role of specific septin domains in membrane curvature regions 

(Cannon et al., 2019).  

Septins, when associated with phospholipid bilayers, form tracks of paired parallel filaments 

that serve as scaffolds, confining the diffusion of proteins and lipids while rearranging the 

surrounding cytoskeleton architecture (Bridges et al., 2014; Hu et al., 2012; Martins et al., 

2022; Pacheco et al., 2022; Szuba et al., 2021). For example, membrane-associated septins 

have been implicated in capturing and guiding the growth of MTs and crosslinking actin 

filaments at the base of nascent PM protrusions, as demonstrated by the essential role of 

SEPTIN6 and SEPTIN7 in filopodia formation during axon collateral branching (Hu et al., 2012; 

Spiliotis, 2018). In addition to their association with micrometric curvatures, septins are also 

capable of recognizing nanometer-scale domains, binding to smaller membrane patches 

potentially as oligomers (Dolat and Spiliotis, 2016; Kesisova et al., 2021). Thus, septins can 

interact with membrane domains both as high-order filaments and as oligomers, influencing 

protein localization and interactions, organizing other cytoskeletal components, and 

mediating their interaction with plasma membrane. This central role places septins at the 

forefront of cytoskeletal regulation (Ivanov et al., 2021). 
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1.8.6. Septins in morphogenesis  

Septins are indispensable for the morphogenesis of various cell types, including neurons and 

epithelial cells, where proper organization of actin or microtubules dictates their polarized 

shapes (Spiliotis and McMurray, 2020). The cytoplasmic regulation of septins plays a crucial 

role in fine-tuning membrane traffic dependent on MTs during the development of apical-

basal polarity or the differentiation of dendritic compartment (Bowen et al., 2011; 

Karasmanis et al., 2018; Radler et al., 2023). Septins’s interaction with membranes and MTs 

is pivotal for guiding the morphogenesis of platelets and spermatozoa, highlighting their role 

in cellular development and function (Becker et al., 2024; Kim et al., 2022; Kuo et al., 2013; 

Lai et al., 2016; Martínez et al., 2006). Additionally, the interaction between septins and actin 

at the membrane interface regulates processes such as migration and podosome-dependent 

ECM invasion by endothelial cells, thereby influencing angiogenesis (Collins et al., 2019; Liu 

et al., 2014).  

The association between septins and actin plays a crucial role in steering coordinated cell 

movement during embryonic development. Tissue and organ morphogenesis, particularly 

during convergent extension (CE), is regulated by planar cell polarity (PCP) proteins (Butler 

and Wallingford, 2017). In gastrulating Xenopus laevis embryos, Septin7-dependent cortical 

actomyosin coordination is essential for effective PCP function during CE (Butler and 

Wallingford, 2017). The PCP mediator Dishevelled (Dvl) regulates the localization of Septin7 

to the vertices of mediolateral cell-cell contacts. Subsequently, Septin7 facilitates the 

enrichment of actin filaments and phosphorylated myosin II at anteroposterior junctions. 

Knockdown of Septin7 results in displacement of actin filaments, impaired membrane 

compartmentalization, and reduced cortical tension, ultimately leading to the failure of 

proper cell intercalation (Kim et al., 2010; Park et al., 2015; Shindo and Wallingford, 2014). 

Septins are recognized as topologically and functionally specialized regulators of neuronal 

morphogenesis and plasticity (Radler and Spiliotis, 2022), finely orchestrating the 

spatiotemporal dynamics of division and differentiation in neuronal progenitors (Boubakar et 

al., 2017; Loyer and Januschke, 2018; Qiu et al., 2020). In Drosophila, septins (Sep1/2) localize 

at the basal contacts of neuroblasts with the last-born daughter cell, critically maintaining the 

division axis and potentially guiding the orientation of the mitotic spindle, while leaving 

cytokinesis unaffected (Loyer and Januschke, 2018). Additionally, Septin7 has been implicated 

in providing spatial memory for neurite re-emergence in chick neural crest cells (NCCs), which 
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undergo division and differentiation into sensory dorsal root ganglia (Boubakar et al., 2017). 

As NCCs divide, their bipolar neurites, marked by Septin7 at their base, retract. Disruption of 

Septin7 organization leads to the loss of the critical cell bipolarity that instructs the division 

axis of NCCs (Boubakar et al., 2017; Radler and Spiliotis, 2022). Controlling the axis of cell 

division might be an evolutionarily conserved feature as septins regulate the site of bud 

emergence and mitotic spindle position in budding yeast S. cerevisiae (Spiliotis and 

McMurray, 2020). Additionally, Septin7 has been demonstrated to temporally control the 

differentiation of murine neuronal progenitor cells (NPCs), which undergo cycles of division 

and differentiation into neurons and glia cells (Geng et al., 2018; Qiu et al., 2020). Researchers 

have identified an interaction between Septin7 and the kinesin motor Kif20A/Mklp2 at the 

intracellular bridge (ICB), connecting two daughter NPC cells. During late cytokinesis, the ICB 

harbors cell fate regulators crucial for maintaining NPC proliferative state or inducing 

differentiation. The mitotic kinesin Kif20a associates with the Ephrin-B/regulator of G-protein 

signaling (RGS) pathway, essential for NPC identity maintenance. Consequently, inducible 

depletion of Septin7 leads to the premature cell cycle exit and a switch in NPCs’ mitotic state 

towards differentiation into neurons, being detrimental to proper brain development (Geng 

et al., 2018, 2018). This prompts speculation on whether Septin7 can influence the 

localization of cell-fate regulators during cytokinesis (Spiliotis and Nakos, 2021). Interestingly, 

while no cytokinetic defect was observed in murine NPCs upon Septin7 depletion, it seems 

indispensable for cytokinesis in human NPCs (Li et al., 2019; Radler and Spiliotis, 2022). Taken 

together, septins provide membrane cues for neuronal precursor cell division and 

differentiation across different species (Radler and Spiliotis, 2022). 

 

1.8.7. Septins in skeletal muscle 

Septins, acting as molecular scaffolds and lateral diffusion barriers, play integral roles in 

regulating a diverse array of intracellular and morphogenic processes across various cell types 

and tissues (Benoit et al., 2023; Dolat et al., 2014a; Spiliotis and Nakos, 2021). Surprisingly, 

our understanding of septins’s functions in muscle-related processes remains limited, with 

recent reports from the Csernoch Lab shedding light on emerging functions, primarily 

focusing on Septin7 (De Gasperi et al., 2024; Gönczi et al., 2022, 2021; Ráduly et al., 2023; 

Szabó et al., 2023).  
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Gönczi et al. identified Septin7 as a key component of the muscle cytoskeleton in murine 

skeletal muscle (Gönczi et al., 2022). Most septin paralogues were expressed in murine 

muscle and C2C12 cells, except Septin12 and 14, with low levels of Septin1 and 3. In adult 

muscle fibers from m. flexor digitorum brevis (FDB), Septin7 localized near the sarcomeric Z-

line, similar to α-actinin. Furthermore, age-dependent downregulation of Septin7 was 

observed, with lower mRNA levels in older hind limb muscles. Muscle-specific 

downregulation of Septin7 (human alpha-skeletal actin (ACTA1) promoter-driven Cre mouse), 

led to skeletal deformations, reduced body mass, altered myofibrillar structure, impaired 

mitochondrial function, and weakened force generation. Increased Septin7 expression 

following BaCl2- induced injury to m. tibialis anterior (TA) indicated a role in muscle 

regeneration. Finally, knockdown of Septin7 in C2C12 cells reduced cell proliferation and 

myogenic differentiation, while CRISPR/Cas9 knockout completely halted cell division (Gönczi 

et al., 2022).  

Ráduly et al. provide the initial evidence implicating Septin7 into C2C12 cell migration (Ráduly 

et al., 2023). Septin7 forms actin-associated filaments, distributed throughout the cell, with 

migrating myoblasts exhibiting organized Septin7 filaments in the perinuclear area and within 

membrane protrusions. Depletion of Septin7 via shRNA leads to reduced Ca2+ concentration 

in migrating cells and other alterations in cell migration dynamics. Knockdown (KD) myoblasts 

tend to migrate faster, cover greater distances, and follow more defined routes. Additionally, 

treating myoblasts with the septin-stabilizing plant cytokinin forchlorfenuron (FCF) (Hu et al., 

2008) results in decreased migration speed and distance traveled by C2C12 cells. Overall, 

septins play a crucial role in myoblast migration, which is essential for muscle development, 

as directional cell migration critically regulates muscle morphogenesis, repair, and efficiency 

of engraftment in cell therapies (Choi et al., 2020; Ráduly et al., 2023).  

Recent evidence further supports the role of Septin7 in skeletal muscle regeneration (Szabó 

et al., 2023). Partial depletion of Septin7 in adult muscle fibers leads to an increase in 

inflammatory cells and myofibers with centrally located nuclei 14 days after BaCl2 injection. 

Moreover, Septin7-depleted muscles exhibit elevated levels of Myogenin protein 14 days 

after muscle injury, suggesting a delay in the ordered progression of the regenerative process 

(Szabó et al., 2023). 
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1.9. Aims of the study 

The formation of a multinuclear muscle fiber necessitates the repeated fusion of muscle 

progenitor cells, known as myoblasts. This intricate process is preceded by coordinated cell 

migration, adhesion, and differentiation. The extensive cellular alterations that myoblasts 

undergo during muscle fiber formation demand profound adaptations in structure and 

function. An adaptive cytoskeleton is the foundation and driving force behind the 

morphological changes associated with cell migration and adhesion, undergoing marked 

reorganization during the myoblast-to-myotube transition. Furthermore, the cytoskeleton 

contributes to cell differentiation by integrating external and internal signaling inputs into a 

mechano-adaptive response.  

While the roles of actin, tubulin, and intermediate filaments in myogenic differentiation are 

well established, the involvement of septins in muscle context remains largely unexplored. 

Septins, a large family of polymerizing GTPases, interact with other cytoskeletal components 

and are thus prime candidates for participating in regulatory mechanisms during myogenic 

differentiation.  

 

This study aims to specifically understand the role of Septin9 during myoblast 

differentiation. 

To achieve this, I will: 

(i) Elucidate the expression patterns of septin gene family in myoblasts, identify the available 

septin paralogues, and propose a model for core septin complex oligomerization in muscle 

precursor cells. 

(ii) Analyze the organization of Septin9 in myoblasts and myotubes, with a particular focus on 

septin architecture during myoblast differentiation. 

(iii) Elucidate the contribution of the septin cytoskeleton to the myoblast differentiation 

process by challenging myoblasts with siRNA-mediated depletion of Septin9. 
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2. Materials and Methods 

2.1. Materials 

2.1.1. Chemicals and reagents 

General chemicals and standard reagents were purchased from Carl Roth GmbH, Sigma-

Aldrich, NEB and Invitrogen, unless stated otherwise in corresponding method section. All 

solutions and buffers were prepared using Mili-Q water, unless stated otherwise. The pH was 

adjusted using HCl or NaOH. 

Table 2-1. Solutions and buffers for molecular biology and biochemistry methods 

Solution or Buffer Composition 

10X TBE 121.1 g Tris Base, 61.8 g Boric acid, 27.5 g EDTA ad 1 l dH2O, pH 8.0 

Laemmli buffer (6x)  
375 mM Tris-HCl, 25% SDS, 45% Glycerol, 12.5% 2-Mercaptoethanol, 0.01% 
Bromphenol blue in H2O 

Lysogenic broth (LB) medium 25 g LB-Medium in 1 L H2O 

ZYM-5052 auto-inducing 
medium 

1% N-Z-amine AS, 0.5% yeast extract, 25 mM Na2HPO4, 25 mM KH2PO4, 50 mM NH4Cl, 
5 mM Na2SO4, 2 mM MgSO4, 0.5% glycerol, 0.5% glucose, 0.2% α-lactose 

LB agar plates 7.5 g LB-Medium, 4.5 g Agar-Agar, in 300 mL H2O 

Antibiotics (1000x) 
100 mg/mL Ampicillin, sterile filtered 
50 mg/mL Kanamycin, sterile filtered 

4x SDS separation buffer 
(Lower Tris) 

1.5 M Tris, 0.4% SDS in H2O, pH 8.8 

4x SDS stacking buffer (Upper 
Tris) 

0.5 M Tris, 0.4% SDS in H2O, pH 6.8 

1x SDS-PAGE running 
buffer 

10% Rotiphorese 10x SDS-PAGE in H2O 

1x Transfer buffer 24 mM Tris, 196 mM Glycine, 20% Methanol in H2O 

RIPA light 
(Radioimmunoprecipitation) 
lysis buffer 

150 mM NaCl, 25 mM Tris, 0.1% SDS, 0.5% NP-40 Alternative. Freshly supplemented 
with 1 mM Phenylmethylsulfonyl fluoride (PMSF), 2 mM Sodium orthovanadate, 500 
mM Sodium fluoride, 20 mM Sodium pyrophosphate, 1x Protease Inhibitor Cocktail in 
H2O, pH 7.4 

6x Laemmli SDS sample buffer 
0.375 M Tris, 18% (w/v) SDS, 30% (v/v) β-Mercaptoethanol, 60% (v/v) Glycerol, 
Bromophenol blue (tip of a spatula) 

TBS  
100 mM Tris pH 7.5 
150 mM NaCl 

TBS-T (0.1%) 0.5% Tween 20, 5% 20x TBS buffer in H2O 

TNE Buffer 20 mM Tris-HCl, 150 mM NaCl, 1 mM EDTA in H2O, pH 7.5 

Blocking buffer 5% NGS, 3% BSA in DPBS 

 

Table 2-2. Non-standard chemicals and commercial kits 

Substance Manufacturer 

EZ-Link Sulfo-NHS-SS-Biotin Thermo Fischer  

rProtein A Sepharose Fast Flow GE Healthcare 

Streptavidin Sepharose High Performance GE Healthcare 

Fluoromount-G Southern Biotech 
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Collagenase A Roche 

Dispase II Merck 

Proteinase K Carl Roth 

5x passive lysis buffer for Dual luciferase 
reporter gene assays 

Promega 

NucleoBond Xtra Midi Machery-Nagel 

NucleoSpin Plasmid EasyPure Machery-Nagel 

NucleoSpin Gel and PCR Clean-up  Macherey-Nagel 

NucleoSpin RNA II isolation kit Machery-Nagel 

M-MLV Reverse Transcriptase: Promega 

Pierce BCA Protein Assay Kit  Thermo Fisher Scientific  

DeadEnd Fluorometric TUNEL System Promega 

Click-iT EdU Cell Proliferation Kit, AF488  Thermo Fisher Scientific  

Caspase-Glo 3/7 Assay Promega 

Proximity Ligation Assay DUOLINK Kit Sigma Aldrich 

NEBuilder® HiFi DNA Assembly Cloning Kit New England Biolabs 

 

2.1.2. Technical devices, software and online tools 

Table 2-3. Technical devices 

Device Type Manufacturer 

Deionisation system Milli-Q Millipore Corporation 

Cell counter CASY Model TT Roche 

CCD-based detection system FUSION FX7 Vilber Lourmat 

Camera Axiocam ERc 5s Carl Zeiss Microscopy 

Microscope (bright field) Axiovert 40 CFL Carl Zeiss Microscopy 

Microscope (epifluorescence) Axio Observer 7 Carl Zeiss Microscopy 

Clean bench Herasafe KS, Class II Biological Safety cabinet Thermo Fischer Scientific 

Cell culture incubator Heracell 240i Thermo Fischer Scientific 

Electrophoresis power supply  PowerPac High Current Bio-Rad 

Electrophoresis chambers  Mini-PROTEAN Tetra Cell Systems Bio-Rad 

Wet/Tank Blotting system Trans-Blot Cell Bio-Rad 

Luminometer TECAN infinite f200 Tecan 

Real-Time PCR System Applied Biosystems StepOnePlus Life Technologies 

Spectrophotometer NanoDrop ND-1000 NanoDrop Technologies 

Swinging-Bucket Rotor SW 41 Ti Beckman Coulter 

Thermal Cycler PTC-200 MJ Research 

Ultracentrifuge Optima LE-80k Beckman Coulter 

Microplate reader Sunrise Tecan 
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Table 2-4. Online tools and software 

Software Application Source 

AxioVision Image acquisition Zeiss 

BIO1D Densitometric protein level quantification Vilber Lourmat 

Zotero Bibliography managment 
Corporation for Digital 
Scholarship. https://www.zotero.org/ 

FusionCapt Advance FX7 Immunoblot image acquisition Vilber Lourmat 

ImageJ FIJI Image processing and quantification Open Source 

LAS-X 3.7 Image acquisition Leica Microsystems 

Microsoft Office Text editing Microsoft 

Inkscape Figure preparation Open source, https://inkscape.org/ 

Prism9 Analysis and graphing of data GraphPad 

Snapgene DNA viewer and digital cloning Snapgene 

StepOne Software2.3 qRT-PCR evaluation Thermo Fisher Scientific 

ZEN Microscopy Software 
2.5 

Image acquisition and quantification Zeiss 

Primer BLAST Primer design ncbi.nlm.nih.gov/tools/primerblast/ 

Ensembl genome 
browser 

cDNA, genomic DNA, and mRNA sequences  http://www.ensembl.org/index.html 

CRISPOR sgRNA design http://crispor.tefor.net/ 

NEBuilder Assembly Tool Knock-in cloning strategy New England BioLabs 

 

2.1.3. Cell culture materials, reagents and media 

Sterile cell culture materials and consumables were purchased from Greiner Bio-One GmbH 

(Frickenhausen, Germany), Corning (New York, USA) and Hartenstein Laborbedarf (Würzburg, 

Germany). 

Table 2-5. Cell culture reagents and materials 

Solution or Buffer Supplier 

Dulbecco’s Modified Eagle Medium 
(DMEM), stable L-Glutamine, 4.5 g/L 
glucose 

PAN Biotech 

Dulbecco’s Phosphate Buffered Saline 
(DPBS) 

PAN Biotech 

Fetal Bovine Serum (FBS) PAN Biotech 

Horse Serum (HS) Gibco, Thermo Fisher Scientific 

Gelatine from porcine skin, Type A Sigma-Aldrich 

Lipofectamine 2000 Life Technologies 

Lipofextamine RNAiMax Life Technologies 

Trypsin 0,05%/ EDTA 0,02% in PBS w/o Ca, 
Mg 

PAN Biotech 

DMSO Sigma-Aldrich 

Collagen I, rat tail  Gibco, Thermo Fisher Scientific 

Matrigel Growth Factor Reduced 
Basement Membrane Matrix 

Corning 
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Penicillin 10.000U/ml /Streptomycin 
10mg/ml (P/S) 

PAN Biotech 

Opti-MEM Reduced Serum Medium 
(OptiMEM) 

Life Technologies 

Chick Embryo Extract LSP 

Recombinant Human FGF-basic (154 a.a.) PeproTech 

µ-Slide 8 Well Ibidi 

µ-Slide 18 Well Ibidi 

 

Table 2-6. Cell culture medium 

Medium Composition 

Growth medium for C2C12 (GM) DMEM, 1%P/S, 10% (v/v) FBS 

Myogenic differentiation medium for 
C2C12 (DM) 

DMEM, 1%P/S, 2% (v/v) HS 

Growth medium for primary myoblasts 
(mGM) 

DMEM, 1%P/S, 20% (v/v) FBS, 10% (v/v) HS, 0.5% chicken embryo 
extract, 2.5 ng/ml bFGF 

Myogenic differentiation medium for 
primary myoblasts (mDM) 

DMEM, 1%P/S, 5% (v/v) HS 

Freezing medium 10% FCS, 10% DMSO, 70% growth medium 

 

2.1.4. Cell lines 

Table 2-7. Cell lines 

Cell line Cell type Tissue of origin Source 

C2C12 Myoblast Satellite cells of the thigh muscle of a C3H mouse AG Knaus cell bank 

Primary 
myoblasts 

Myoblast Satellite cells of the hind limb muscles of C57BL/6 
mouse 

Freshly isolated in 
this study 

NSC-34 
Motor neuron 
progenitor 

Hybridoma from fusion of embryonic spinal cord 
cells with neuroblastoma 

AG Knaus cell bank 

Septin9 cond/cond 
and Septin9 del/del 

 
Myoblast 

Immortalized embryonic fibroblasts from 
Septin9cond/cond mouse lacking with Septin9 exons 2-
5 flanked with loxP sites. Septin9del/del lacks exon 2-5 
after Cre recombinase treatment 

Kind gift from Dr. 
Ernst-Martin 
Füchtbauer, 
University of 
Aarhus, Denmark 

Septin9-eGFP 
C2C12 

Myoblast 
 

Generated in this 
study 

HEK293T Embryonic kidney 
cells 

Human embryonic kidney Human embryonic 
kidney 

C2C12 CAGA 12-
luc cells 

Myoblast Satellite cells of the thigh muscle of a C3H mouse AG Knaus cell bank 

HEK293T CAGA 12-
luc cells 

Embryonic kidney 
cells 

Human embryonic kidney AG Knaus cell bank 
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2.1.5. Recombinant growth factors and inhibitors 

Table 2-8. Recombinant growth factors and inhibitors 

Growth 
factor 

Comment 
Source Molecular 

weight 

rhBMP6 
produced in CHO 
cells 

Gift from Slobodan Vukicevic (Simic et al., 2006) 31.36 kDa 

rhTGFβ1 
produced in CHO 
cells 

PeproTech 25.0 kDa 

rhActivin A (MH) produced in E. coli Gift from Marko Hyvönen 26 kDa 

rhBMP2  produced in E. coli Gift from Walter Sebald (Ruppert et al., 1996) 25.8 kDa 

 

Table 2-9: Small molecule inhibitors 

Inhibitor Comment Source 

Staurosporine Broad-spectrum ATP-competitive protein kinase inhibitor Selleckchem 

Z-DEVD-FMK Specific, irreversible Caspase-3 inhibitor Selleckchem 

 

2.1.6. Antibodies and fluorescent dyes 

Table 2-10. Antibodies and dyes 

Antibody Source Identifier 

Mouse monoclonal anti-MF20, dilution IF 1:100, WB 
1:500  

DHSB Cat# MF 20; 
RRID:AB_2147781 

Mouse monoclonal anti-Myog, dilution WB 1:100 Santa Cruz Cat# sc-12732; 
RRID:AB_627980  

Mouse monoclonal anti-Myog, dilution IF 1:100 DHSB Cat# F5D; 
RRID:AB_2146602 

Mouse monoclonal anti-Vinculin, dilution WB 1:1000 Sigma-Aldrich Cat# V9131; 
RRID:AB_477629 

Mouse monoclonal anti-Actinin-2, dilution IF 1:500 Sigma-Aldrich Cat# A7811; 
RRID:AB_476766 

Mouse monoclonal anti-Actin beta, dilution WB 1:5000 Sigma-Aldrich Cat# A5441; 
RRID:AB_476744 

Mouse monoclonal anti-alpha Tubulin, dilution IF 1:500 Cell Signaling Cat# 3873; 
RRID:AB_1904178 

Rabbit monoclonal anti-Gapdh, dilution WB 1:2000 Cell Signaling Cat# 2118, 
RRID:AB_561053 

Rabbit polyclonal anti-Septin9, dilution IF 1:500, WB 
1:2500 

Homemade; Kind gift from Prof. 
Dr. M. Krauss (Diesenberg et al., 
2015) 

N/A 

Rabbit polyclonal anti-Septin2, dilution IF 1:500 Sigma-Aldrich Cat# HPA018481, 
RRID:AB_1856684 

Rabbit polyclonal anti-Septin7, dilution IF 1:500 IBL America; Kind gift from Prof. 
Dr. Helge Ewers 

Cat# IMB-18991, 
RRID:AB_10700085 

Rabbit polyclonal anti-GFP, dilution IF 1:1000 Abcam Cat# ab6556, 
RRID:AB_305564 

Mouse monoclonal anti-GFP, dilution IF 1:100, WB 
1:100 

Santa Cruz Cat# sc-9996, 
RRID:AB_627695 

Rabbit monoclonal anti-Cleaved Caspase, dilution WB 
1:1000, IF 1:400 

Cell Signaling Cat# 9661 
RRID:AB_2341188 

Ki67 dilution IF: 1:100 BD Biosciences Cat# 550609 
RRID:AB_393778 

Rabbit monoclonal anti-Phospho-Histone3, dilution IF 
1:100 

Cell Signaling Cat# 3377 
RRID:AB_1549592 
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Bmpr2 BD, dilution IF 1:200 BD Biosciences Cat# 612292 
RRID:AB_399609 

Mouse monoclonal anti-Myc, dilution WB 1:1000 Clone 9E10, purified from 
hybridoma cell culture 

homemade 

Mouse monoclonal anti-HA, dilution WB 1:1000 Sigma-Aldrich Cat# H3663 
RRID:AB_262051 

Rabbit monoclonal anti-pSMAD1/5 (Ser463/465), 
dilution WB 1:1000 

Cell Signaling Cat# 13820 
RRID:AB_2493181 

Rabbit monoclonal anti-pSMAD2 (Ser465/467), dilution 
WB 1:1000 

Cell Signaling Cat# 3108 
RRID:AB_490941 

Rabbit monoclonal anti-SMAD1, dilution WB 1:1000 Cell Signaling Cat# 6944 
RRID:AB_10858882 

Rabbit monoclonal anti-SMAD2, dilution WB 1:1000 Cell Signaling Cat# 8685 
RRID:AB_10889933 

Rabbit polyclonal anti-His probe, dilution WB 1:100  SCBT (discontinued) Cat# sc-803 
RRID:AB_631655 

Mouse monoclonal anti-GST, dilution WB 1:100 SCBT Cat# sc-138 
RRID:AB_627677 

Mouse monoclonal anti-Zyxin, dilution IF 1:100 Abcam Cat# ab58210 
RRID:AB_946255 

Rabbit monoclonal anti-PARP1, dilution WB 1:1000 Cell Signaling Cat# 9542 
RRID:AB_2160739 

Mouse monoclonal IgG1 Isotype Control  Cell Signaling  
Cat# 5415 
RRID:AB_10829607 

Mouse monoclonal IgG Isotype Control Cell Signaling 
Cat# 3900 
RRID:AB_1550038 

Polyclonal goat anti-mouse IgG (H+ L), dilution WB 
1:5000 

Dianova Cat# 115-035-068, 
RRID:AB_2338505 

Polyclonal goat anti-rabbit IgG (H+ L), dilution WB 
1:5000 

Dianova Cat# 111-035-144, 
RRID:AB_2307391 

Polyclonal goat anti-rabbit IgG (H+ L) AF488, dilution IF 
1:400 

Thermo Fisher Scientific Cat# A-11034, 
RRID:AB_2576217 

Polyclonal goat anti-rabbit IgG (H+ L) AF594, dilution IF 
1:400 

Thermo Fisher Scientific Cat# A-11012, 
RRID:AB_2534079 

Polyclonal goat anti-mouse IgG (H+ L) AF488, dilution IF 
1:400 

Thermo Fisher Scientific Cat# A-11001, 
RRID:AB_2534069 

Polyclonal goat anti-mouse IgG (H+ L) AF594, dilution IF 
1:400 

Thermo Fisher Scientific Cat# A-11005, 
RRID:AB_2534073 

Polyclonal goat anti-rabbit IgG (H+ L) AF647, dilution IF 
1:400 

Thermo Fisher Scientific Cat# A-21244 
RRID:AB_2535812 

Phalloidin CruzFluor™ 594 Conjugate, dilution IF 1:600 Santa Cruz Cat# sc-363795  

Phalloidin CruzFluor™ 647 Conjugate, dilution IF 1:600 Santa Cruz Cat# sc-363797 

4'6-Diamino-2-phenylindole dihydrochloride (DAPI), 
dilution IF 1:2000 

Sigma-Aldrich Cat# D9542 

 

2.1.7. Oligonucleotides 

Table 2-11. siRNA sequences 

Target gene Target sequence Manufacturer 

ON-TARGETplus Non-targeting Control siRNA 
#1 

UGGUUUACAUGUCGACUAA 
 

Dharmacon, Cat# D-001810-01-50 

ON-TARGETplus Mouse Septin9 siRNA CCAACGGCAUUGACGUGUA 
 

Dharmacon, Cat# J-048947-11-0050 

 

 

Table 2-12. Real-time PCR Primer 
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Target gene Forwards Reverse 

Myog CCAAGGTCTCCTGTGCTGATG TTGGCAAAACCACACAATGC 

Myh2 GGAGGCTGAGGAACAATCCA GTCATTCCACAGCATCGGGA 

Myh8 AATGATGTTTCACAGCTGCAGAG CCATCATGGCGGCATCAGTA 

Rna18s1 CGGCTACCACATCCAAGGAA GCTGGAATTACCGCGGCT 

Septin2 GCCTGTCATTGCGAAAGCTG GGGATACTGGCCTTGAGGAG 

Septin4 CATCGTGGAAGTGGAAAACCC GACAGCAGGGATAGGGAAGTC 

Septin5 CAAGCAGTACGTTGGCTTCG GTTGATGCGTTCCTCAGCAC 

Septin6 CCCGACAGGACATTCGCTTA AGGTGGGCATTCATGGTTCC 

Septin7 GCCAACCTCCCAAATCAAGTG ACTTTGGATTGCTCCACCTGT 

Septin8 AGAGCGAGCTCCACAAGTTC CAAAAGGCAGGTGTGCGTTC 

Septin9 GGCTATGTGGGGATCGACTC CGGCTGATTTTGGACTTGAA 

Septin10 GAGATAAAAGAGCATCCCCGC AATTCCAGTCTCCCCCACAC 

Septin11 AGCCAGTGTCGGTAAAGAGC GTTTCGCAGCTCTTCATTAC 

Wwtr1 TCCCCACAACTCCAGAAGAC CAAAGTCCCGAGGTCAACAT 

Fst CTCTTCAAGTGGATGATTTTC ACAGTAGGCATTATTGGTCTG 

Septin9_v2 CTGGACGGGATCATTTCAGAC CGGCTCAATCTCCTCGACTTC 

Septin9_X5 TATCACCGACCACCCTGATTTC ATCCCCACATAGCCGAACTC 

Septin9_x1 GGAATGGAGAGAGATCGCATCA CGGCTCAATCTCCTCGACTTC (as S9_v2) 

Septin9_v1 AGGCTTGCGGATCCCACTG CGGCTCAATCTCCTCGACTTC (as S9_v2) 

Septin9_v3 AGGCAGCCCGACTTTCAGC ATCCCCACATAGCCGAACTC (as S9_X5) 

Septin9_v4 CTGGCTTCCTCTCTTGCTTCTC ATCCCCACATAGCCGAACTC (as S9_X5) 

Pax7 CCGTGTTTCTCATGGTTGTG GAGCACTCGGCTAATCGAAC 

Myod1 CGACACCGCCTACTACAGTGA AGATGCGCTCCACTATGCTG 

Actb CACTGTCGAGTCGCGTCCA TGACCCATTCCCACCATCAC 

Acta1 TGCTGTCCCTCTATGCTTCC CACGAAGGAATAGCCACGCT 

Inhba GGAGATAGAGGACGACATTGGC CTGGTTCTGTTAGCCTTGGGG 

Mgp TGCGCTGGCCGTGGCAACCCT CCTCTCTGTTGATCTCGTAGGCA 

Mymk ATCGCTACCAAGAGGCGTT CACAGCACAGACAAACCAGG 

Mymx CTGAGCTGTCTGCTCTTTGT TCTCCTTCCTCTGGGAGTG 

Trim72 CCGGCAAGGCTAGATATCCA CTTCTGGTCTGAGCACTCCA 

Synpol2 CCTTACTGTGAGGAGGGTAACA TGGCTTCTCTTGTGTGGCAG 

Jspr1 GGAGGCTGTCGGTCTCTA TCCTCCAGAAATGGGAGGTCA 

Dysf TTCTACCCTGAGCTTTGGCG CGATGGCGTAGGGATCAGAG 

Cdc42ep1 TCAACCAGGCCACCTATGAC AGACTCCAGGCCGTAACCAG 

Cdc42ep 2 CCTCAAGCTTCTCAACTCTGGAC GCCAACAAAGACAGGGTGGT 

Cdc42ep 3 CTCACCGACAACCCAGTTCC AGCTCAGAGAAACCAGCAGTC 

Cdc42ep 4.1 TGATTTAACCGCTGGCTTGG CAATCAGAGGGCCACAGCAAC 

Cdc42ep 4.2 GCCAGAGGAAACAAACGCCG GGCAATCAGAGGGCTCGGTC 

Cdc42ep 5 TAAGTCTGGACCACGAGATGCC GTGGCGACTCAGGAATGAGG 

 

2.1.8. DNA constructs 
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Table 2-13. DNA constructs 

Plasmid name Comment Backbone Source 

BRE-Luc 
BMP responsive element from Id1 
promoter  

pGL3-basic obtained and modified from Peter ten 
Dijke (Korchynskyi and Dijke, 2002) 

pRL-TK 
Renilla luciferase expressed under 
constitutive active thymidine kinase 
promoter 

pRL-TK 
Promega 

hBMPR2-LF-HA full length human BMPR2-HA pcDNA3.1 AG Knaus plasmid bank 

hBMPR2-SF-HA 
human BMPR2-HA lacking C-
terminal tail  

pcDNA3.1 AG Knaus plasmid bank 

β-Gal 
β-Galactosidase  pcDNA1 

Kind gift from Dr. Serhiy Souchelnytksi, 
Karolinska Institute, Stockholm, 
Sweden 

Septin9-Myc full length human SEPTIN9-6xMyc pcDNA3.1 Kind gift from Dr. Michael Krauß, FMP, 
Berlin, Germany 

SEPTIN9-GST Full length human SEPTIN9 pGEX-4T1 Kind gift from Dr. Michael Krauß, FMP, 
Berlin, Germany 

His-BMPR2-Kinase-
Tail  

M189-L1038 human BMPR2 pLIC-SGC1 AG Knaus plasmid bank 

GST GST CDS pGEX-4T1 Kind gift from Dr. Michael Krauß, FMP, 
Berlin, Germany 

hALK2-HA full length human ALK2-HA  pcDNA3 AG Knaus plasmid bank 

hTbr2-HA full length human TBR2-HA   AG Knaus plasmid bank 

pSpCas9(BB)-2A-
GFP (PX458) 

Cas9 from S. pyogenes with 2A-
EGFP, and cloning backbone for 
sgRNA 

PX458 
Kind gift from Dr. Feng Zhang, 
Cat# 48138; RRID:Addgene_48138 

 

Table 2-14. Oligonucleotides used for cloning 

Plasmid name Comment 

5'HA_fwd  taagctacaacaaggcaaggcttgaccgacaattgCGAAGTCACCAGGATGAGAGGGG 

5'HA_rev  gcccttgctcaccatACCGCCGCTACCGCCCATC 

GFP_fwd ggcggtagcggcggtATGGTGAGCAAGGGCGAG 

GFP_rev  aggaacgggacgcatTTACTTGTACAGCTCGTCCATG 

3'HA_fwd  gagctgtacaagtaaATGCGTCCCGTTCCTGGAC 

3'HA_rev  agcatttaggtgacactatagaatagggcccGACCACGCGGATATGCCTTC 

gRNA for CACCGATCTGGGGGTGGGGTCCAG 

gRNA rev AAACCTGGACCCCACCCCCAGATC 

 

2.2. Molecular biology method 

2.2.1. Extraction of genomic DNA 

Mouse genomic DNA (gDNA) was extracted from C2C12 cells cultured in a 6 cm dish using 

the QuickExtract DNA extraction solution following the manufacturer’s instructions. The 

isolated gDNA was subsequently stored at 4 °C until further use.  

2.2.2. Cloning of DNA vectors for CRISPR-Cas9-based Septin9 knock-in  
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To clone the guide vector, the CRISPOR tool was employed to identify an appropriate guide 

sequence targeting the C terminal region of Septin9 gene. The selected guide sequence was 

introduced into the guide vector by annealing the forward (5´- 

CACCGATCTGGGGGTGGGGTCCAG -3`) and reverse (5´- AAACCTGGACCCCACCCCCAGATC -3´) 

oligonucleotides. The annealing reaction was carried out in 20 μL of 1x T4 Ligase buffer, 

supplemented with 2.5 μM of each oligonucleotide. The mixture was incubated in a cycler 

(Peltier Thermal Cycler PTC-200) for 5 minutes at 95 °C, followed by a gradual temperature 

decrease to 25 °C at a rate of -0.1 °C/s. The px458-pSpCas9(BB)-2A-GFP backbone was 

digested with Bpil and dephosphorylated. Specifically, the vector was digested for 1 hour at 

37 °C using 1 µL of the enzyme, followed by dephosphorylation with 1 unit of alkaline 

phosphatase (PhastAP, Thermo Fischer Scientific) during the last 15 minutes of restriction 

digestion. The linearized plasmid was then purified on an agarose gel. The annealed 

oligonucleotides, designed with overhangs, where ligated into the linearized vector by 

incubating the vector with a 3- to 7-fold molar excess of insert DNA using T4 DNA ligase (~ 40 

Units) at 16 °C overnight. Subsequently, 4 µl of ligation reaction was used for transformation 

into TOP10 E. coli.  

For the donor vector, the coding sequence of meGFP was flanked by two homology regions 

(HR): 904 bps upstream (5’ HR) and 896 bp downstream (3’ HR) of the stop codon of Septin9, 

and inserted into pcHA-MK backbone (derived from pcDNA3.1 (+), provided by Prof. Dr. 

Michael Krauß). The 5’ HR was separated from meGFP by a Gly-Ser-Gly-Ser-Gly linker (15 bp), 

and the stop codon of Septin9 was removed. The design and cloning of the donor vector were 

performed using the NEBuilder assembly tool and NEBuilder HiFi DNA assembly cloning kit, 

according to the manufacturer’s instructions. The backbone was digested with ApaI and MfeI, 

dephosphorylated, and the homology arms and me GFP were subcloned from gDNA and 

plasmid DNA, respectively. All fragments were ligated following the assembly kit protocol, 

using 0.05 pmoles of each component, and transformed into NEB 5-alpha E. coli (provided in 

the kit). 

 

 

 

 

2.2.3. Quantitative real-time PCR 
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For sample collection, cells were rinsed twice with DPBS and lysed in 350 μl RA1 buffer, 

supplemented with 1% β-mercaptoethanol. The lysates were stored at -80 °C until further 

processing. Total RNA was isolated using the NucleoSpin RNA II isolation kit (Macherey-Nagel, 

Düren, Germany) following the manufacturer’s protocol. Subsequently, 1 μg of total RNA was 

reverse transcribed using random primers (100 pmol μL–1, Invitrogen, Carlsbad, USA) and M-

MuLV reverse transcriptase enzyme (200,000 U mL–1, New England Biolabs, Ispwich, USA). 

RT-PCR was conducted using a StepOnePlus Real-Time PCR System (Thermo Fisher Scientific) 

with specific primers listed in Table 2-12. Reactions were performed in triplicate in MicroAmp 

Optical 96-well reaction plates (Thermo Fisher Scientific), utilizing 2ng cDNA as a template 

per replicate and Luna PCR Master Mix (New England Biolabs). Fold induction was calculated 

by comparing relative gene expression to the housekeeping gene 18S RNA using the ΔΔCT 

method (Pfaffl, 2001). 

Table 2-15. Mastermix for reverse transcription reaction 

Reagent Volume 

RNA (total 500 – 1000ng) 0.5-1 µg 

H20 ad 14.5 µl 

Random Primer 0.5 µl 

10x M-MLV (buffer) 2.5 µl 

dNTPS (10 µM) 1.25 µl 

RNAsin 0.5 µl 

M-MLV-RT (Reverse Transcriptase) 1.0 µl 

H20 19.25 µl 

 

Table 2-16. PCR cycler program for cDNA synthesis 

Steps Process Time Temperature 

Combine RNA, random primer mix and H2O, total 15 µl 

1 Denaturation 5 min 70 °C 

2 Oligo Annealing cool down 10 min 4 °C 

Add the other ingredients as a mastermix, total 25 µl, mix and spin down 

3 cDNA synthesis 60 min 37 °C 

4 cool down ∞ 10 °C 

 

2.2.4. Single-nucleus RNA-sequencing data analysis 

Single-cell sequencing data analysis was conducted by Dr. Paul Mendez (FU Berlin, Germany). 

The data was retrieved from the Gene Expression Omnibus (GSE138826) as a pre-annotated 

data frame containing RNA counts values. Initially, the data was first log-normalized using a 
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scale factor of 104. The top 2000 variable genes were identified using the FindVariableGenes() 

function with default settings. Subsequently, centering and scaling of the data were 

performed on these 2000 variable features using a linear regression model. For clustering, a 

shared nearest neighbor graph was constructed based on the first 25 principal components 

(PCs), followed by Louvain clustering with a resolution set to 0.5. Overall cluster annotations 

were available in the data frame retrieved from GEO. For subclustering, cells attributed to 

“MuSC” were selected, and the resulting subgroup of cells was scaled, with a shared nearest 

neighbor graph constructed using the first 10 principal components (PCs). Louvain clustering 

was then performed with a clustering resolution of 0.4, and subclusters were annotated 

based on expressed marker genes. The top three marker genes used to assign cell identities 

were as follows: quiescent cells (Pax7, Sdc4, and Spry1); activated cells (Pax7, Islr, and Itm2a), 

dividing cells (Top2a, Cdk1, and Pax7), and differentiated cells (Myog, Ttn, and Myl4). Notably, 

two clusters that did not express essential myogenic markers were excluded for further 

analysis. Additionally, similar to the original publication, we identified a cluster of immuno-

myoblasts marked by expression of C1qa, which we excluded from our plots for clarity. 

 

2.2.5. Bulk mRNA-sequencing data analysis 

For RNA-seq library preparation, cells were seeded at a density of 40.000 cells/cm2 in a 12-

well plate 24 hours after Septin9 knockdown in full myoblast proliferation medium. Two 

independent repetitions were performed. Cells were expanded for an additional 24 hours (48 

hours after post-knockdown in total). Primary myoblasts were lysed, while C2C12 cells were 

differentiated for 12 hours before lysis. RNA was isolated following the manufacturer’s 

instructions using the NucleoSpin RNA isolation kit (Macherey-Nagel). A total of 500ng RNA 

was sent for sequencing to Genewiz, Leipzig, Germany. mRNA sequencing data analysis was 

performed by Dr. Paul Mendez (FU Berlin, Germany). Paired-end, 300-bp reads generated by 

Illumina sequencing were mapped to the GRCm38.p6 reference genome using STAR (v2.7.2b) 

(Dobin et al., 2013) with default settings via the Galaxy platform (Afgan et al., 2018). Raw 

count matrices were generated using featureCounts (v2.0.1) with a GTF annotation file for 

GRCm38 from Gencode (vM15) (Liao et al., 2014).Batch effects in the raw count data were 

then modeled using ComBat-Seq (Zhang et al., 2020), and gene expression was quantified 

using DESeq2 (Love et al., 2014) by comparing wild-type versus knockdown samples, with 

batch effects removed from the ComBat-Seq adjusted count matrices. Gene ontology 
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enrichment analysis was conducted using Enrichr (Kuleshov et al., 2016). Data visualization 

was subsequently performed in R (v4.1.1) utilizing the pheatmap (Kolde, 2019), ggplot2 

(Wickham, 2016), ggrepel (Slowikowski et al., 2023), and dplyr (Wickham et al., 2023) 

packages. 

 

2.3. Cell biology methods 

2.3.1. Mammalian cell culture 

C2C12 were obtained from American Type Culture Collection (ATCC) and were not used 

beyond passage 25. Both, C2C12 and Septin9-GFP C2C12 cell lines (the generation of which 

is described below) were cultured in GM in a humidified atmosphere at 37 °C and 10% CO2 

(v/v). C2C12 were passaged every other day in uncoated T175 tissue culture flasks. To induce 

differentiation, the GM was replaced with DM. For myogenic differentiation assays, C2C12 

were seeded 20-40 x104/ cm2. Primary myoblasts were cultured in mGM in a humidified 

atmosphere at 37 °C and 5% CO2 (v/v). All tissue culture surfaces used for primary myoblast 

cultivation were coated with Matrigel coating solution (10% (v/v) Matrigel in DPBS) for 10 

min at 4 °C, then dried in the incubator before cell plating. To induce differentiation, the mGM 

was replaced with mDM. Primary myoblasts were seeded at a density of 20-40 x104/ cm2 for 

myogenic differentiation assays. HEK293T cells were cultured and expanded in GM under a 

humidified atmosphere at 37 °C and 5% CO2 (v/v). All cell lines were tested for mycoplasma 

contaminations. To detach cells, they were rinsed twice with DPBS and then incubated with 

one volume of Trypsin/EDTA (PAN Biotech, 2 ml for T175 flask) for 10-15 minutes at 37 °C. 

The cells then were gently resuspended in 10 volumes of GM. C2C12 and HEK293T cells were 

starved for 5h in GM without FCS. 

 

2.3.2. Cell stimulation with growth factors and inhibitors 

For cell stimulation, BMP2, BMP6, Activin A and TGFβ1 were added to the cells at the 

specified concentrations in PBS following a starvation period. Unless otherwise noted, cells 

were stimulated with 2 nM BMP2, 5 nM BMP6, or 0.2nM TGFβ1. The concentration of Activin 

A used in Figure 3-24 is indicated. Prior to ligand stimulation or the induction of myogenic 

differentiation, cells were pre-treated with 1 µM Staurosporine for 1 hour and 10 µM Z-DEVD-

FMK for 3 hours.  
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2.3.3. Ligand activity measurements 

C2C12 cells were seeded, transfected with siRNA, and reseeded as previously described. GM 

and DM were collected from proliferating and differentiating cells, respectively, and 

immediately frozen in liquid nitrogen. For the assay, 5 x 105 stable CAGA12-luc HEK293T cells 

were seeded in 100 µl GM in a 96-well plate. The following day, cells were starved for 5 hours 

in 0% FCS and then stimulated with the collected conditioned medium. Cells were treated 

with eighter pure conditioned medium, or with 1:1 and 1:4 dilutions in starvation medium, 

for 24 hours. A rhActivin A concentration curve was used as a control. After the stimulation 

period, the medium was decanted, and cells were lysed and processed according to the Dual 

Luciferase Assay protocol described in chapter 2.2.6. 

 

2.3.4. Isolation of primary myoblasts 

Mice were maintained in compliance with European Union and German legislation under 

license number ZH120. Skeletal muscle progenitors were isolated from the hindlimbs of 5-

week-old mice as described in (Shahini et al., 2018). Briefly, muscles were minced and 

digested with 2.5 mg/mL collagenase A (Roche) for 1 hour at 37 °C. Following digestion, the 

cells were centrifuged at 300g for 5 minutes, and the supernatant was discarded. The cell 

pellet was resuspended in mGM and placed on Matrigel- coated plates (Corning, working 

concentration of 0.9 mg/ml). Myoblast migration from the minced myofibers was observed 

on day 3 of culture. At this point, cells were trypsinized and plated for 1 hour on plates coated 

with type I rat tail collagen (Corning, working concentration 0.1 mg/ml) to remove fibroblastic 

and non-myogenic cells. The medium containing non-attached cells was then collected and 

transferred to Matrigel-coated plates for further expansion of the myoblast culture. This 

purification step was repeated after an additional 2 days in culture. 

 

2.3.5. Transfection with siRNA and plasmid DNA 

For gene silencing, cells were transfected with either scrambled (non-targeting #1) siRNA or 

Septin9 siRNA (J-048947-11-0050 ONTARGETplus) using Lipofectamine-RNAiMAX 

(ThermoFisher Scientific) following th manufacturer’s instructions. Septin9 was silenced in 

C2C12 using a single round of 48-hour knockdown with 50 nM siRNA. Briefly, 1.5 x 105 cells 

were seeded in a 6 cm dish with 2 ml of P/S-free GM. The following day, the siRNA – 
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Lipofactamine mix was prepared in Opti-MEM and incubated for 20 minutes at RT. Cells were 

rinsed once with DPBS, and 1.7 mL Opti-MEM was added. Subsequently, 300 µl of the 

transfection mix was added dropwise to the cells, achieving an effective siRNA concentration 

of 100 nM for the first 5 hours. After 5 hours, 2 mL of 20% FCS P/S-free medium was added. 

After 24 hours, cells were trypsinized, re-plated for the experiment, and the medium was 

replaced with fresh GM. All experiments were conducted 48 hours after siRNA transfection. 

Primary myoblasts were handled at the recommended density of 3000/cm2 (Shahini et al., 

2018) and transfected in 3.7 mL of mGM with 300 µL of the Opti-MEM/siRNA mix. After 24 

hours, the cells were re-plated for the experiment, and the medium was exchanged for fresh 

mGM. 

For co-immunoprecipitation experiments, HEK293T cells were transfected with 3 µg DNA 

using polyethylenimne (PEI) at a 1:2 PEI-to-DNA ratio for 1.5 x 106 cells (Boussif et al., 1995). 

C2C12 cells were transfected with Lipofectamine 2000 according to the manufacturer’s 

instructions, using 0.75 µg DNA and 1.5 µL Lipofectamine 2000 in a 12-well plate format. Cells 

were allowed to express protein for 48 hours prior to the experiment.  

 

2.3.6. Generation of knock-in Septin9-eGFP C2C12 cell line 

Endogenous tagging of the Septin9 C-terminus with meGFP was achieved using CRISPR/Cas9 

technology (Ran et al., 2013). Briefly, the primers 5´-AAACCTGGACCCCACCCCCAGATC-3` and 

5´- CACCGATCTGGGGGTGGGGTCCAG-3´ were annealed and cloned into the px458- 

pSpCas9(BB)-2A-GFP vector (Addgene, #48138) using the BpiI restriction site to generate the 

guide RNA. In the donor vector, the expression cassette was replaced with the coding 

sequence (CDS) of meGFP, which was inserted between two homology regions (HRs) 

consisting of ~ 1000 bp of the original genomic sequences upstream (5´HA) and downstream 

(3´HA) of the Septin9 stop codon. These regions were separated by a Gly-Ser-Gly-Ser-Gly 

linker (L). The stop codon of Septin9 was removed in the donor vector. The design and cloning 

of the donor vector were performed using the NEBuilder assembly tool and NEBuilder HiFi 

DNA assembly cloning kit, according to the manufacturer’s instructions. C2C12 cells were 

transfected with both px458-pSpCas9(BB)-2A-GFP and the donor vector. 72 hours post-

transfection, GFP-expressing C2C12 cells were sorted into 96-well plates at the density of one 

cell per well using a fluorescence-activated single cell sorter (BD FACSAriaII SORP, BD 

Biosciences) at MPI-MG Berlin. The growing colonies were expanded and screened for 
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Septin9-eGFP expression by immunofluorescence and Western blotting using anti-Septin9 

and anti-GFP antibodies. The expression of Septin9-eGFP in selected clones was further 

validated by siRNA-mediated depletion of Septin9 followed by immunocytochemistry. 

 

2.3.7. Dual Luciferase Assay 

C2C12 stably expressing a SMAD2/3 sensitive (CAGA)12 luciferase reporter, along with a 

constitutively expressed renilla luciferase construct (RL-TK; Promega) as an internal control, 

were transfected with Septin9 siRNA as described in 2.2.4. 48 hours post- transfection, the 

cells were starved in serum-free medium for 5 hours before being stimulated with TGFβ1 

(0.1 pm) for 24 hours. HEK293T cells, also stably expressing the (CAGA)12 luciferase reporter 

and RL-TK control, were similarly starved for 5 hours before stimulation with conditioned 

medium as indicated in Figure 3-24. Cell lysis was performed using passive lysis buffer 

(Promega), and luciferase activity was measurement according to the manufacturer’s 

instructions using a TECAN initiate f200 Luminometer (TECAN).  

 

2.3.8. Proximity Ligation Assay 

The Proximity Ligation Assay (Duolink) was performed according to manufacturer’s 

instructions to visualize the interaction between Bmpr2 and Septin9. A total of 2 x 104 C2C12 

cells were seeded on glass coverslips. The following day, the cells were starved and then 

stimulated with BMP2 for the indicated times and at the specified temperatures. After 

stimulation, the cells were fixed with 4% PFA for 15 minutes at RT. Subsequently, the cells 

were washed three times with DPBS and permeabilized using 0.5% Triton-X100 in DPBS. The 

permeabilized cells were then blocked with the PLA blocking solution (provided with the Kit) 

for 1 hour at 37 °C. Primary antibodies were diluted in the Antibody diluent solution 

(provided) and incubated with the samples overnight at 4 °C in a humidity chamber. The 

following day, the samples were washed with wash buffer A (0.01 M Tris, 0.15 M NaCl, 0.05% 

Tween, pH 7.4) and then incubated for 1 hour at 37 °C with MINUS and PLUS secondary 

probes diluted in the antibody diluent. After washing with wash buffer A, the samples were 

incubated with a Ligation solution for 30 minutes at 37°C in a humidity chamber. Following 

ligation, the solution was removed, and the samples were washed twice with wash buffer A. 

The cells were then incubated with the Polymerase solution for 100 minutes at 37 °C. Finaly, 
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the samples were washed twice with wash buffer B (0.2 M Tris, 0.1 M NaCl, pH 7.5) and 

mounted with Mounting medium containing DAPI (provided). 

 

2.3.9. Myogenic differentiation assay 

For protein and RNA level analysis, 1.4 x 105 myoblasts (4 x 104/ cm2) were seeded on day 0 

into 12-well plates with 1 mL of GM. After 24 hours, the GM was replaced with 1 mL of DM, 

which was refreshed every other day. For the immunofluorescence assay, 4 x 104 myoblasts 

were seeded in 250 µl of GM in 8-well Ibidi chamber slides. After 24 hours, the medium was 

replaced with DM, which was also refreshed every other day. Seeding conditions for live-cell 

microscopy will be described below. 

2.3.10. EdU and TUNEL assays 

The Click-iT EdU Imaging Kit was used to visualize C2C12 cells in the S-phase of the cell cycle 

according to the manufacturer’s instructions. Briefly, C2C12 cells were seeded, transfected 

with siRNA, and then reseeded at a density of 4 x 104 / cm2 in 100 µl of GM in 18-well chamber 

slides (Ibidi). The following day, cells were incubated with 10 µM EdU solution for 2 hours at 

37 °C, followed by fixation with 3.7% FA in DPBS for 15 minutes at RT. Cells were then washed 

twice with 3% BSA in DPBS and permeabilized with 0.5% Trixon-X100 in DPBS for 20 minutes 

RT. After two additional washes, 30 µl of the click reaction mix was added to the samples and 

incubated in the dark for 30 minutes at RT, followed by a single wash with BSA/DPBS. 

Subsequently, Hoechst staining was performed, followed by two washing steps in DPBS. 

Samples were imaged shortly thereafter. 

To visualize DNA single strand breaks, the TUNEL DeadEnd assay was performed according to 

the manufacturer’s instructions. Cells were seeded as described above in 18-well chamber 

slides (Ibidi) and allowed to undergo myogenic differentiation for 12 and 24 hours. Following 

differentiation, cells were fixed with 4% fresh FA (methanol-free) for 25 minutes at 4°C, then 

washed and permeabilized according to the standard protocol. Samples were incubated with 

100 µL of equilibration buffer for 10 minutes at RT, followed by incubation with 30 µl rTdT mix 

for 1 hour at 37 °C. The reaction was quenched with SSC buffer for 15 minutes, followed by 

three washes with DPBS. Finally, cells were stained with DAPI and imaged shortly thereafter. 

2.3.11. Caspase-Glo 3/7 assay 
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Caspase-3 and -7 activity was monitored using Caspase-Glo® 3/7 Assay according to the 

manufacturer’s instructions, with volumes adjusted for a 96-well format. Briefly, C2C12 cells 

were reseeded into the 96-well plates following siRNA transfection, in 100 µl GM. The 

following day, myogenic differentiation was induced for eighter 12 or 24 hours, as indicated 

in the figure. At the end of the experiment, the medium in each well was replaced with 25 µl 

of starvation medium, and the plate cooled to RT. The reconstituted Caspase-Glo reagent was 

allowed to equilibrate to RT, and 25 µL was added to each well. The plate was shaken on an 

orbital shaker for 30 second to ensure homogenous cell lysis and reagent distribution, 

followed by a 30-minute incubation at RT. Bioluminescence was measured at both 30 minutes 

and 1 hour post-incubation using the TECAN infinite f200 luminometer in a white, flat-bottom 

96-well plate. For the positive control, cells were incubated with 1 µM Staurosporine for 1 

hour prior to lysis.  

 

2.3.12. Tissue preparation 

Muscle tissue sections were performed by Dr. Georgios Kotsaris (FU Berlin, Germany). After 

dissection, the muscle was embedded in 6% (w/v) gum tragacanth (Sigma-Aldrich) dissolved 

in H2O and snap-frozen in liquid nitrogen-cooled isopentane. Tissues were sectioned at a 

thickness of 10 μm using a cryostat set to a chamber temperature of -20 °C and a blade 

temperature of -22 °C and mounted onto Superfrost Plus slides (Thermo Scientific). The 

prepared slides were stored in -80°C for further use. 

 

2.3.13. Immunoytochemistry (ICC) 

C2C12 cells (parental and knock-in) were seeded on glass coverslips or 8-well chamber slides 

(Ibidi), then fixed with 4% PFA for 15 minutes at RT and washed three times with DPBS. Cells 

were then permeabilized with 0.5 % Triton-X100 in DPBS for 20 minutes and blocked for 1 

hour in a blocking buffer containing NGS. For staining with a primary antibody raised in goat, 

donkey serum was used as the blocking agent. Cells were incubated overnight at 4 °C with 

the indicated primary antibodies in blocking buffer. Following primary antibody incubation, 

cells were stained with secondary antibodies and Phalloidin (if applicable) for 1 hour at RT in 

blocking buffer, followed by three washes with DPBS. Fluorescence staining with DAPI (1:2000 

in DPBS) was performed for 5 minutes at RT, followed by a final DPBS wash and a rinse with 
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H2O. The coverslips were mounted on microscope glass slides with Fluoromont-G or 

Prolonged Gold (for STED microscopy). Cells seeded on Ibidi chamber slides were kept in PBS 

and imaged within a week. 

 

2.3.14. Immunolabeling on muscle tissue sections 

Frozen tissue sections were gradually brought to RT on a heated plate. Slides were immersed 

in DPBS for 5 min and subsequently fixed in 4% PFA for 10 min at RT. After fixation, the slides 

were washed in DPBS and permeabilized with 0.4% Triton X-100 in DPBS for 10 minutes. 

Tissue sections were then blocked with 5% BSA in 0,1% Triton X-100 in DPBS for 1 hour at RT. 

Primary antibodies were diluted in 5% BSA in 0,1% Triton X-100 in DPBS and incubated with 

the tissue sections overnight at 4°C. The following day, slides were washed three times in 

DPBS for 5 min. Secondary antibodies, diluted in 5% BSA in DPBS, were applied for 1 hour at 

RT, followed by three washes in DPBS. Nuclei were stained with DAPI, and the slides were 

mounted with Fluoromount-G. 

 

2.3.15. Fluorescence microscopy 

Epifluorescence images of fixed cells were routinely acquired using an Axiovert 200 inverted 

fluorescence microscope (Carl Zeiss Microimaging) with Cy2, FITC, Alexa594 and Cy5 

excitation/emission filters. Signals were recorded using a CoolSNAP HQ2 EMCCD camera 

(Photometrics). Images were pseudocoloured and processed using the linear BestFit option 

in ZEN 2.5 (Carl Zeiss). Tile scan images were obtained with a Leica brightfield microscope 

(DMi8) equipped with an automated XY scanning stage, controlled by the LAS-X 3.7 interface. 

At least three independent experiments, each with three technical replicates from 8-well 

chamber slides (Ibidi), were performed. Tile scans of 6.4 μm2 (4x4) or 3.6 (3x3) μm2 were 

generated by automatically stitching together images acquired around a chosen point with a 

20x objective. Four to five tile scans were acquired per condition. Confocal and STED data of 

fixed C2C12 cells were collected using the Expert Line STED Microscope from Abberior. 

Confocal images of Septin9-GFP C2C12 cells were captured using 485 nm (20% laser power) 

and 640 nm (20% laser power). STED images were acquired using 561 nm excitation for ATTO 

594 (20% laser power) and 640 nm excitation for a 775 nm. STED laser at 10% laser power 

was used to deplete both dyes. 
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Live-cell imaging was performed in DM without phenol red at 37 °C and 5% CO2. Confocal 

live-cell imaging of Septin9-meGFP cells was conducted on a spinning disk Nikon Eclipse Ti 

microscope (Yokogawa CSU-X1 and EMCCD Camera), operated by NIS-Elements software, 

with a 40x air objective (0.75 NA). Imaging was initiated 72 hours after medium change and 

carried out overnight, with a frame rate of 30 minutes. Images were taken at two z-planes, 

set initially by focusing on septin fibers and 0.5 µm above, with an autofocus system 

maintaining focus. TIRF live-cell imaging was conducted using a Nikon Eclipse Ti microscope 

(illumination: TIRF laser 488, prime95B sCMOS camera) operated by Micromanager, with a 

60x oil objective (1.49 NA). Imaging began after medium change and was carried out 

overnight, with a frame rate of 30 minutes. 

 

2.3.16. Holotomography Microscopy (Nanolive) 

Refractive index measurements were performed on Septin9-meGFP C2C12 cells cultured in 

8-well chamber slides (ibidi). Holographic refractive index data were acquired using the 3D 

Cell Explorer system over a 24-hour period, with images captured every 20 minutes under 

humidified conditions with 5% CO2.  

 

2.3.17. Image analysis & semi-automated quantification 

Original TIFF files were processed and analyzed using the open-source software Fiji (ImageJ). 

Quantification of cell numbers and nuclear staining was performed in Fiji. For DAPI-labeled 

nuclei, a median filter with a radius of 3 pixels was applied, followed by Otsu-based 

thresholding to distinguish nuclei from the background. Touching nuclei were segmented 

using a watershed algorithm. The particle analyzer tool was subsequently used to count 

nuclei and measure the intensity nuclear signals such as EdU, TUNEL, Ki-67 or pHH3. 

Myogenesis progression was assessed by counting nuclei within and outside of myotubes 

using a custom Fiji macro. Myotubes and nuclei were fluorescently labeled with MF20 and 

DAPI. A Gaussian blur with a sigma radius of 1 pixel was applied to smooth the fluorescence 

channels. The Otsu-based thresholding method was used to isolate nuclei from the 

background, and a watershed algorithm was employed to segment touching nuclei. 

Morphological operations, including despeckle, 4x dilate, close, fill holes, and 3x erode were 

applied to refine the myotube staining. Touching myotubes were segmented using a 
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watershed algorithm. Regions of interest (ROIs) were defined based on the processed 

myotube channel, and the number of nuclei within these regions was counted. Fiji’s particle 

analyzer was used to quantify the total number of nuclei, both inside and outside of 

myotubes. To ensure the accuracy of the analysis, a composite image combining the 

fluorescence channels of the myotubes and nuclei was generated. The outlines of analyzed 

myotubes and nuclei were overlaid on this image, allowing for manual validation of the 

analysis. Line scans were performed in Fiji, followed by the plot profile function to cover the 

region of interest, and normalized intensity values were plotted in Exel. 

 

2.4. Biochemistry methods 

2.4.1. Preparation of protein extracts, sodium dodecyl sulfate polyacrylamide 

gel electrophoresis (SDS-PAGE) and Immunoblotting 

For SDS-PAGE, treated cells were trypsinized, washed with DPBS, and lysed on ice for 15 

minutes in RIPA light lysis buffer, supplemented with protease inhibitor cocktail (Roche) and 

1mM PMSF. The lysates were passed through a 20-gauge syringe and cleared by 

centrifugation at 11.000 g for 15 minutes at 4°C. Protein concentrations were determined 

using Pierce BCA Protein Assay Kit, following the manufacturer’s instructions, and normalized 

with 1x sample buffer. Lysates were then denatured by boiling in Laemmli buffer for 5 minutes 

at 95 °C. Pre-cast 10% or 12,5% polyacrylamide gels, stored at 4°C until use, were employed 

for protein separation. For each sample, 10-30 μg of protein were loaded and separated by 

molecular weight, and 4 µL of PageRuler Plus Protein standard (Thermo Fischer Scientific) 

was included as a molecular weight marker. Following electrophoresis, proteins were 

transferred onto nitrocellulose membranes via Western blot. Membranes were blocked for 1 

hour in 0.1% TBS-T containing 5% w/v skim milk, followed by three washes in 0.1% TBS-T, and 

then incubated overnight at 4°C with primary antibodies diluted in 3% w/v bovine serum 

albumin (BSA)/fraction V in TBS-T. For HRP-based detection, goat anti-mouse or goat anti-

rabbit IgG HRP conjugates (± 0.8 mg/ml) were applied in 3% TBS-T. Chemiluminescent signals 

were developed using WesternBright Quantum HRP substrate (Advansta) and visualized on a 

FUSION FX7 digital imaging system. 

2.4.2. Surface biotinylation 
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For surface biotinylation of transiently transfected HEK293T cells, 1.5 x 106 cells were seeded 

in a 6 cm dish and transfected with the indicated plasmids. 48 hours post-transfection, the 

cells were starved and subsequently stimulated. Biotinylation solution was prepared by 

dissolving 0.5 mg/mL EZ-Link Sulfo-NHS-SS-Biotin in DPBS, supplemented with 10 mM MgCl2 

(PBSM), at 37°C. The culture medium was decanted, and the cells were carefully rinsed twice 

with ice-cold PBSM before being incubated with the biotin solution for 50 minutes on ice. 

After incubation, the biotin solution was removed, and the cells were quenched with 50 mM 

Tris (pH 8.0) for 10 minutes. The cells were then washed once with PBSM and lysed in RIPA 

light buffer. Cell debris were removed by centrifugation at maximum speed, and the 

supernatant was incubated overnight with streptavidin beads at 4°C. The samples were 

washed up to five times with fresh lysis buffer, eluted in 40 µL 2x Laemmli buffer, and 

subsequently analyzed via Western blotting. 

 

2.4.3. Immunoprecipitation 

For immunoprecipitation, 1.5 x 106 HEK293T cells were seeded in a 6 cm dish, transfected 

with the indicated plasmids, and allowed to express exogenous proteins for 48 hours. After 

transfection, cells were starved for 5 hours and subsequently stimulated with the specified 

ligands before lysis. Cells were lysed in RIPA light buffer supplemented with protease and 

phosphatase inhibitors. Tissue culture dishes (10 cm) were washed with ice-cold DPBS, and 

cells were scraped in 800 µL lysis buffer. The lysates were cleared by centrifugation at 11000 

x g for 30 minutes at 4 °C. Total cell lysate was collected, and the supernatant was incubated 

overnight with either 3 µg of primary antibody or control IgG1 under rotation at 4°C. 

Immunocomplexes were precipitated by incubating with protein A-coupled sepharose beads 

for 1 hour at 4 °C. The beads were then washed up to seven times with RIPA light buffer. 

Proteins were eluted by boiling the beads in 2x SDS sample buffer for 15 min, followed by the 

addition of 1 mM dithiothreitol (DTT) as a reducing agent. Samples were subsequently 

analyzed by SDS-PAGE and Western blotting. 

 

 

 

2.4.4. Septin2 interactome 



Material and Methods 

 

86 
 

For identification of Septin2 interaction partners, immunoprecipitation of Septin2 in C2C12 

was coupled with Maldi/LC-MS analysis. Immunoprecipitation was performed as outlined in 

section 2.4.3. Briefly, 2.3 x 106 C2C12 cells were seeded in 10 cm tissue culture dish. The 

following day, myogenic differentiation was induced, and the cells were allowed to 

differentiate for five days (D5 sample). On day 4, additional cells were seeded for the day 0 

sample (D0). On day 5, D0 and D5 samples were harvested and lysed in 600 µl RIPA light buffer 

(with inhibitors) for 30 minutes at 4 °C on a rotating wheel. Cell debris was removed by 

centrifugation, and the protein concentration of the supernatant was determined using the 

BCA assay. Protein concentrations were normalized to the lowest sample (D0, 3 mg/mL). 

Next, 3 µg Septin2 antibody and 60 µl Protein A Sepharose beads were added to each sample 

and incubated for 2 hours at 4 °C on the wheel. The beads were washed five times with RIPA 

light buffer, and 60 µL 1x SDS-PAGE sample buffer was added. The samples were then 

alkylated with 15 mM iodoacetamide for 30 minutes at RT in the dark. Proteins were 

separated on gradient pre-cast gels (Biorad) for approximately 1 cm, stained with freshly 

prepared Comassie solution, and destained overnight at 4 °C. The gel was given in water to 

FMP Mass Spectrometry facility (Berlin-Buch, Germany) for Maldi/LC-MS analysis. The 

resulting data were analyzed using the Perseus software (https://maxquant.net/perseus/). 

Three independent experiments were performed and analyzed together in a single gel. 

 

2.4.5. Expression and purification of SEPTIN9-GST from E. coli 

BL21 E. coli were used to express glutathione-S-transferase (GST)-SEPTIN9 or GST alone. A 40 

mL overnight culture of BL21 cells, transformed with pGEX-4T-1 expression constructs, was 

diluted into 1L of 2x YT medium containing the appropriate antibiotics. Cultures were grown 

to an OD600 of 0.7-0.8, then transferred to 4 °C for 15 minutes. Protein expression was 

induced by adding 0.5 mM isopropyl thio-β-d-galactoside (IPTG), and the induced cultures 

were incubated overnight at 18 °C, shaking at 180 rpm. Bacteria were harvested by 

centrifugation at 6000 x g for 10 minutes at 4°C, and the resulting pellets were resuspended 

in 15 mL DPBS, transferred to 50 mL Falcon tubes, and stored at -20 °C.  

To purify the GST-fused proteins, the bacterial pellets were thawed on ice and supplemented 

with 0.5 mL of 1x proteinase inhibitor cocktail (Roche) per 1 L bacterial culture. DTT was 

added to a final concentration of 1 mM, along with 10 mM of arginine and glutamate. 

Samples were then sonicated on ice (5 minutes total or until complete lysis, maximum 
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temperature 15 °C, 30 % power, using Branson Sonifier 250, Branson Ultrasonics, Germany). 

To remove DNA, 1 mL of 1 mg/mL DNAse was added and incubated for 15 minutes on ice. 

The lysates were cleared by centrifugation at 40000 x g for 30 minutes at 4 °C. The 

supernatant was then filtered using a 0.45 or 0.8 µm syringe filter and stored on ice. 

Glutathion- Sepharose 4B beads (GE-Healthcare) were prepared by washing 2 mL of beads 

with 10 column volumes (CV) of H2O and equilibrating them with 5 CV of GST binding buffer 

(50 mM HEPES pH 7.5, 300 mM NaCl, 5% glycerol, 1 mM DTT). The bacterial lysate was loaded 

onto the column 2-3 times to ensure protein binding, followed by washing with 15 CV of 

binding buffer. Bound proteins were eluted with 5 CV of elution buffer (50 mM HEPES pH 7.5, 

300 mM NaCl, 5% glycerol, 15 mM glutathione, 1 mM DTT) in two rounds. For overnight 

storage, protein samples were supplemented with 5 mM DTT. Lysate, supernatant, wash 

fraction, and elution fractions were analyzed via SDS-PAGE followed by Coomassie staining. 

The purified proteins were stored at 4 °C and used for pulldown experiments within 24h. 

 

2.4.6. Expression and purification of His-tagged BMPR2 kinase domain from E. 

coli 

The initial steps for protein purification were identical to those described for SEPTIN9-GST in 

section 2.3.4. The bacterial pellet was thawed on ice and resuspend in 30 mL lysis buffer (50 

mM HEPES pH 7.5, 500 mM NaCl, 5% glycerol, 5 mM imidazole), supplemented with 0.5 mL 

1x proteinase inhibitor (Roche), 0.5 mM TCEP, 10 mM arginine and glutamate. The cells were 

sonicated, treated with DNAse to remove DNA, and the lysate was cleared by centrifugation 

and filtered as previously described. For protein purification via immobilized metal affinity 

chromatography (IMAC), 2 mL of Fast Flow Chelating Sepharose (GE Healthcare) were washed 

with 10 column volumes (CV) of H2O. The column was then washed with 5 mL 1 M NiSO4 and 

15 CV of H2O, followed by equilibration with 5 CV lysis buffer. The cleared lysate was loaded 

onto the column to bind the His-tagged proteins, followed by washing with 5 CV lysis buffer. 

Further washing was performed with 15 CV of wash buffer (50 mM HEPES pH 7.5, 500 mM 

NaCl, 5% glycerol, 30 mM imidazole). Bound proteins were eluted using 5 CV of elution buffer 

(50 mM HEPES pH 7.5, 300 mM NaCl, 5% glycerol, 250 mM imidazole). For overnight storage, 

the eluted protein was supplemented with 5 mM DTT. Lysate, supernatant, wash fraction and 

elution fractions were analyzed via SDS-PAGE followed by Coomassie staining. The purified 

proteins were stored at 4 °C and used for pulldown experiments within 24 hours. 
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2.4.7. GST Pulldown and His-tag Pulldown Assay 

To evaluate the direct interaction between SEPTIN9 and the BMPR2 kinase domain, GST and 

His-tag pulldowns were performed. For the GST pulldown, 20 µL Glutathione magnetic beads 

(Thermo Fisher Scientific) per sample were washed three times with wash buffer (50 mM 

HEPES pH 7.5, 150 mM NaCl, 0.05% Tween-20), and once with binding buffer (50 mM HEPES 

pH 7.5, 150 mM NaCl, 0.05% Tween-20, 1% BSA) before being resuspended in the binding 

buffer. The beads were then equally distributed among the samples and resuspended in 200 

µl binding buffer. Next, 25 µg of SEPTIN9-GST or GST alone was incubated with the beads for 

30-60 minutes, with rotation at 4 °C. After the initial incubation, 20 µg of His-BMPR2-kinase 

domain was added, and the samples were further incubated for 60 minutes at 4 °C with 

rotation. After incubation, the beads were washed three times with wash buffer and 

resuspended in 40 µL 2x SDS-PAGE sample buffer. Both the samples and purified proteins (as 

controls) were analyzed by SDS-PAGE, followed by Western blotting. For the His-tag pulldown 

assay, 40 µL of Chelating Sepharose Fast Flow beads were used per sample. The beads were 

washed with wash buffer (50 mM Tris-HCl pH 7.5, 150 mM NaCl, 0.05% (v/v) Tween-20, 20 

mM imidazole) and equilibrated in binding buffer (50 mM Tris-HCl pH 7.5, 150 mM NaCl, 

0.05% (v/v) Tween-20, 20 mM imidazole, 1% BSA, 1mM TCEP). Subsequently, 15 µg of His-

tagged protein was incubated with the beads on a rotating wheel for 30 minutes at 4 °C. 

Aftrward, 20 µg GST-tagged protein was added, and the samples were incubated for 1 hour 

at 4 °C on the wheel. Following the incubation, the beads were washed three times with 

binding buffer and three times with wash buffer. Finally, the beads were resuspended in 40 

µL 2x SDS-PAGE sample buffer. Both, the samples and purified proteins (as controls) were 

analyzed via SDS-PAGE, followed by Western blotting. 

  

2.4.8. Statistical analysis  

All data, except for RNA-seq, were derived from at least three independent experiments and 

are represented as means ± standard deviation (SD). Statistical analyses were conducted 

using GraphPad Prism (v9.3) software. The specific statistical tests used are detailed in the 

figure legends. To assess normality, datasets were subjected to the Shapiro-Wilk test. For 

comparisons between two conditions, a two-tailed Student’s t-test was applied. When 
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comparing more than two conditions, one-way ANOVA followed by Dunnett’s post hoc test 

was employed to evaluate statistical significance, assuming normality. Statistical significance 

is denoted by asterisks in the figures as follows: *P < 0.05; **P < 0.01; ***P < 0.001; ****P < 

0.0001. 
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3. Results 

Expression and functional contribution of septins during critical phases of skeletal muscle 

development, homeostasis and regeneration remain largely unknown. The central focus of 

this work revolves around understanding septin contribution to myogenic differentiation and 

fusion, including (i) mapping the expression of septins during early muscle regeneration and 

throughout the myoblast differentiation process, (ii) describing the morphology of septin 

filaments in myoblasts and myotubes and focus on the changes septin filaments undergo 

during this transition, and (iii) scrutinizing the consequences of septin filament perturbation 

in regulating the proliferation and differentiation in myogenic context. This work was 

published in iScience under the title “Dynamic remodeling of septin structures fine-tunes 

myogenic differentiation” in 2024, sheds light on the dynamic interplay between cytoskeletal 

components and their critical roles in controlled myogenic differentiation. 

 

3.1. Expression pattern of septins during muscle regeneration and 

differentiation 

Expression pattern of septin paralogues in skeletal muscle are not well characterized. Which 

septins are relevant during embryonic development of muscle progenitors, in dormant versus 

activated satellite cells, myoblast expansion, myocyte differentiation, nascent vs mature 

myotubes and adult muscle fibers are open questions. Here we focus on defining core 

myogenic filaments and on characterizing murine septin expression during adult muscle 

regeneration (publicly available data set (Oprescu et al., 2020)) and in vitro myogenic 

differentiation.  

 

3.1.1. Core myogenic septins 

The presence of 13 distinct mammalian septin paralogs exhibits a dual nature of ubiquity and 

tissue-restricted expression. While implying redundancy, it also suggests a specificity of 

certain septins within each tissue. We analyzed the relative expression of all murine septin 

paralogs in C2C12 cells and primary myoblasts seeking to identify the expressed septins and 

potential combination thereof, available for the polymer formation in line with the Kinoshita 

hypothesis (Kinoshita, 2003). We used the control Transcripts Per Million (TPM) values of all 
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septin paralogs in early differentiating C2C12 cells (12 hours after induction) and proliferating 

primary myoblasts from the RNASeq experiments performed in this study (details of RNASeq 

are discussed in chapter 3.4) (Fig. 3-1). Normalization to the highest expressing septin 

(Septin2 in C2C12 and Septin11 in myoblasts) revealed a consistent trend, where the four 

most prominently expressed septins (2-11-7-9) were observed across both cell types (Fig. 3-

1A-B). Those septins will be referred to as core myogenic paralogs in this study (Fig. 3-1C). 

While Septin1, 3, 5, 6, 8 and 10 were detected, their expression levels were approximately 

one order (Septin5, 6, 8 and 10) and two to three orders (Septin1 and 3) of magnitude less, 

than core septins. Septin12 was solely detected in C2C12 cells. Notably, some alternative 

septins (5, 6, 8 and 10) reach substantial expression levels in C2C12 cells (with Septin8 at 36%) 

and are less abundant in myoblasts. The expression of Septin4 and 14 was not found under 

tested conditions. 

 

Figure 3-1. Septin paralogs in C2C12 and primary myoblasts 
Comparison of relative expression levels of septin genes in A C2C12 cells and B freshly isolated primary 
myoblasts. TPM values from control cells are shown, averaged from two independent experiments, 
normalized to the highest expressed paralog (Septin2 in C2C12 and Septin11 in myoblasts). C 
Depiction of a potential core myogenic octamer, based on the expression level of all septin paralog. 

 

3.1.2. Transcriptional landscape of septins during mouse musculature 

regeneration 

To explore the expression dynamics of core and alternative myogenic septins in myogenic 

progenitors, we analyzed muscle stem cells (MuSCs) using single-cell RNA-sequencing 

(scRNA-seq) data obtained from regenerating tibialis anterior (TA) muscle samples collected 
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at various time points post cardiotoxin (CTX) injury (Oprescu et al., 2020). Unsupervised 

clustering identified four distinct sub-clusters: quiescent, activated, dividing, and 

differentiated MuSCs, distinguished by their expression of marker genes such as Pax7, 

Myod1, Cdk1 and Myogenin, respectively (Fig. 3-2A-B).  

 

Figure 3-2. Transcriptional landscape of septins during muscle regeneration 
Single cell RNA sequencing data of non-injured tibialis anterior muscle and additional six time 
points following cardiotoxin injury (CTX) (Oprescu et al., 2020). A UMAP visualization of the sub-
cluster MuSC in regenerating musculature colored by identified cell populations within the sub-
clusters. MuSC labelled cells were extracted from annotated single cell dataset available from 
GSE138826. B Violin plots representing subcluster-specific gene expression colored by cluster 
identity. C Violin plots representing gene expression profiles of Septin2, 7, 9 and 11 in MuSC 
subclusters. D Violin plots representing gene expression profiles of Septin1, 3, 4, 5, 6, 8 and 10 in 
MuSC subclusters. E UMAP visualization of the sub-cluster MuSC in regenerating musculature 
colored by time points within the sub-cluster. F Violin plots representing subcluster-specific gene 
expression colored by time points. G Violin plots representing subcluster-specific gene expression 
of all septins colored by experimental time points. Modified from (Ugorets et al., 2024).  
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This in silico analysis revealed consistent expression of Septin2, 7, 10 and 11 across all MuSC 

populations, while Septin8 and Septin9 were absent in quiescent cells (Fig. 3-2C-D). 

Additionally, among other expressed septins, Septin6 marked the proliferating cell 

population, while Septin4 marked the differentiated population (Fig. 3-2D). Septin2, 7, and 11 

were the most highly expressed septins within each septin homology group, particularly in 

quiescent MuSCs, and Septin2, 7, 9 and 11 were prominent in all other myogenic sub-clusters, 

providing insights into potential promoter assembly during myogenic lineage progression. 

Analyzing gene expression over the course of muscle regeneration, revealed that the 

expression of core septin paralogues (2, 7, 9, 11) was induced concurrently with the onset of 

muscle regeneration, declining steadily over time, and largely downregulated by day 21 (Fig. 

3-2E-G). At this time point the regeneration is assumed to be nearly complete (Baghdadi and 

Tajbakhsh, 2018). Notably, Septin9 expression completely diminished by day 21 (Fig. 3-2G). 

 

3.1.3. Expression of septins during in vitro differentiation within publicly 

available datasets 

Myogenic differnetiation, initiated by serum deprivation, orchestrates the transition from 

myoblasts to contractile myotubes, characterized by dynamic changes in expression of 

myogenic regulatory factors, cell morphology, and cytoskeletal architecture (Bentzinger et al., 

2012; Peckham, 2008; Swailes et al., 2006, 2004). Zhang et al. previously employed robust 

rank aggregation (RRA) algorithm to identify ‘key and robust’ differentially expressed genes 

(DEGs) during C2C12 myogenesis. This analysis integrated data from nine publicly available 

RNA-seq datasets in differentiating C2C12 cell into one meta study (Zhang et al., 2022). In this 

study upregulated Septin4 and downregulated Septin6 emerged as robust DEGs, as 

highlighted by the authors. Considering these findings, we aimed to explore the expression 

of all other septin paralogues besides Septin4 and 6 and sought to investigate potential 

parallels in septin expression during muscle regeneration and in vitro differentiation (Fig. 3-

3).  
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Figure 3-3. Expression of septins during myogenic differentiation across 8 publicly available RNA-
Seq datasets 
Expression of septins was re-analyzed in all available RNA-seq experiments on differentiating C2C12 
cells from (Zhang et al., 2022). Noteworthy, original RNA-seq experiments were performed at 
different times during myogenic differentiation and are represented in columns (GSE numbers are 
labeled at the bottom, days of differentiation are labeled at the top). Heatmap depicting Log2 Fold 
Changes of all expressed mammalian septins derived from DESeq2 analysis across all RNA-seq 
datasets.  

 

Remarkably, the Septin2 subgroup exhibited consistent expression with rather modest 

upregulation across different RNA-seq experiments. Similarly, Septin7 demonstrated a stable 

expression profile. In contrast, the remaining septin subgroups displayed a mild 

downregulation in the tested conditions. Collectively, these insights underscore a similarity 

of expression profiles of septins in publicly available data for C2C12 cells and in the 

regenerating muscule.  

 

3.1.4. Expression of septins during in vitro myogenic differentiation 

We analyzed the expression of all septin paralogues at both RNA and protein levels in 

differentiating C2C12 cells. Accompanying the process of in vitro differentiation (Fig. 3-4 A), 

the upregulation of Myog, Myh2, Myh8 and muscle specific Acta1 genes, alongside the 

downregulation of Actb outlines the advancing process (Fig. 3-4B). We confirmed the 

expression of septins (except Septin1, 3, 12 and 14, not detectable) during 7 days of in vitro 
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differentiation in C2C12 cells (Fig. 3-4C-E) showing consistent downregulation of Septin6, 9 

and 11 from 3 days onwards (Fig. 3-4C). Notably, Septin2 exhibited stable expression while 

Septin5, and 7 were downregulated after 5 and 7 days, respectively (Fig. 3-4C, D). Analogous 

to adult regeneration process, Septin4 is distinctively upregulated in C2C12 cells (Fig. 3-4E).  

To complement our study, we analyzed protein levels of Septin9 during 7 days of 

differentiation. Protein levels partially mirror the RNA levels, where Septin9 initially exhibits 

an increase followed by subsequent downregulation, quantified over several experiments 

(Fig. 3-4F-G). 

 

Figure 3-4. Expression of septins during in vitro myogenesis in C2C12 
A Schematic illustration of murine in vitro myogenesis. B mRNA expression levels of myogenic marker 
genes during 7 days of myogenic differentiation of C2C12 cells. C mRNA expression levels of core 
septins (2, 7, 9 and 11) during C2C12 differentiation. D-E mRNA levels of other expressed septin 
paralogs. F Protein level Septin9 during C2C12 differentiation. G Summarizing quantification of 
Septin9 signal normalized to Vinculin during myogenic differentiation in C2C12 cells. Septins are 
color-coded based on subgroups of core myogenic protomers as proposed in Fig. 3-1. Data represent 
mean ± standard deviation (SD), *p<0.05, **p<0.01, ***p<0.001, ****p<0.0001, n.s – not significant 
from one way ANOVA followed by Dunnett’s multiple comparison test. Data from (Ugorets et al., 
2024). 
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Next, we investigated the expression of Septin9 splice variants in C2C12 cells over a 7-day 

differentiation. Septin9 undergoes alternative splicing resulting in up to three N-terminal long 

variants in mice, alongside an additional alternative start site leading to a short variant (Fig. 

3-5A). To identify expressed isoforms, manual RT-PCR was performed using isoform-specific 

primers validated on whole embryo RNA (Fig. 3-5B). Furthermore, we used myoblasts 

isolated from homozygous Sept9cond/cond mice (Füchtbauer et al., 2011), Cre-recombinase 

treated Sept9del/del Septin9-null myoblasts and murine neuronal cell line NSC34 as controls. 

Within C2C12 cells only transcript variant 2 encoding for the long isoform b was detected. 

Additionally, we detected mRNA for two potential isoforms: (i) transcript variant X5 resulting 

in a short isoform c and (ii) transcript variant X1, resulting in a long isoform distinct from b, 

without an established name up to date (Fig. 3-5B).  

 

Figure 3-5. Expression of Septin9 transcripts during in vitro differentiation in C2C12 
A Diagram depicting different Septin9 transcript variants. The translation start site is indicated by an 
arrow, the stop codon by a cross, isoform-specific sequences by colored boxes, unique noncoding 
regions by open boxes and shared noncoding sequences by grey boxes (Füchtbauer et al., 2011; 
McDade et al., 2007). B Manual RT-PCR analysis of Septin9 isoforms in Septin9CKO myoblasts (cond), 
Sept9null myoblasts (del), C2C12 and immortalized mouse neuron NSC34 cells. C Normalized mRNA 
expression profiles of three Septin9 isoforms in C2C12 during 7 days of differentiation. Data represent 
mean ± standard deviation (SD), *p<0.05, **p<0.01, ***p<0.001, ****p<0.0001, n.s – not significant 
from one way ANOVA followed by Dunnett’s multiple comparison test. 
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To elucidate isoform expression dynamics during myogenic differentiation, qRT-PCR was 

employed (Fig. 3-5C). The long isoform b (v2) exhibited reduced expression from day 3 

onwards, while the short isoform X5 displayed an early downregulation, becoming 

significantly downregulated on day 7. Surprisingly, X5 returned to proliferation levels at day 

5 before the subsequent decline. The predicted long isoform X1 remained relatively stable 

during early myogenesis but was significantly downregulated on day 7 (Fig. 3-5C). 

We proceeded by analyzing the expression of septins in freshly isolated primary myoblasts, 

which exhibit a similar behavior to C2C12 cells in terms of myogenic regulatory factor 

expression. Tracking myogenesis through the upregulation of Myog and Myh8, coupled with 

the downregulation of Pax7, Myf5, and Actb, we characterized the progression of myogenic 

differentiation (Fig. 3-6A). In this context, three core muscle septins showed a robust and 

consistent downregulation trend over a 5-day differentiation period, with Septin2, 7 and 9 

being significantly downregulated (Fig. 3-6B). It is noteworthy, Septin2 was not regulated in 

C2C12 cells while Septin11 showed a downregulation in C2C12 cells, which is not observed in 

primary myoblasts. Resembling observations in C2C12 cells, the remaining septins exhibited 

a downregulation trend, with significant downregulation of Septin6 (Fig. 3-6C). Septin4 

displayed a notable although not a significant upregulation (Fig. 3-6D). The transient 

upregulation of Septin9 protein followed by a marked downregulation are further evident 

through western blot, performed in primary myoblasts myogenically differentiating over 9-

day period and quantified over several biological repetitions (Fig. 3-6E-F). 
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Figure 3-6. Expression of septins during myogenic differentiation in primary myoblasts 
A mRNA expression of myogenic marker genes during 5 days of myogenic differentiation of primary 
myoblasts. B mRNA levels of core myogenic septins and C-D other septin paralogues. E 
Representative western blot depicting Septin9 expression over 9-day myogenic differentiation period 
in primary myoblasts. F Summarizing quantification of Septin9 signal normalized to Gapdh or Vinculin 
during myogenic differentiation in primary myoblasts. Septins are color-coded based on subgroups 
of core myogenic protomers as proposed in Fig. 3-1. Data represent mean ± standard deviation (SD), 
*p<0.05, **p<0.01, ***p<0.001, ****p<0.0001 from one way ANOVA followed by Dunnett’s multiple 
comparison test. Data from (Ugorets et al., 2024). 

 

3.1.5. Interaction of Septin2 with other septin paralogs in proliferating and 

differentiating C2C12 cells 

We investigated the interaction of Septin2 with other septin paralogs in proliferating and 

differentiating C2C12 cells to assess potential changes in septin oligomer composition. 

Immunoprecipitation of Septin2 coupled with Maldi/LC-MS analysis revealed co-precipitation 

of core myogenic septins (7, 9 and 11) along with less abundant paralogs including Septin 5, 

6, 8 and 10 (Table 3-1, Table 6-2). We compared the septin interactomes of Septin2 in 

proliferating and for 5 days differentiating C2C12 cells. Notably, core myogenic septins 

exhibited approximately 10-fold higher total intensity compared to Septin5, 8 and 10, and 

approximately 100-fold higher than Septin6. The interaction profiles of all identified septins 
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with Septin2 remained consistent during differentiation, with no significant changes observed 

(Table 3-1). Septin1, 3 and 4, being less abundant, were not identified as Septin2 interactors 

under tested conditions. Further details regarding additional interactors will be provided in a 

subsequent chapter 3.4.5. 

Table 3-1. Septin2 interactors among septin family members in proliferating and differentiating 
C2C12 cells. 

Gene 
names 

Intensity Log2 
IgG_d0 

avg 

Log2 
S2IP_d0 

avg 

Log2 
IgG_d5 

avg 

Log2 
S2IP_d5 

avg 

-Log10   p-
value 

Log2 FC 
difference 

-Log10   p-
value 

Log2 FC 
difference 

-Log10   p-
value 

Log2 FC 
difference 

      S2IP/ IgG d0 S2IP/ IgG d5 S2IP d5/ S2IP d0 

Septin2 1.7E+12 25.54 30.89 28.62 31.28 1.77 5.35 2.27 2.66 0.72 0.39 

Septin7 1.5E+12 25.11 31.03 28.42 31.35 1.77 5.92 2.49 2.93 0.54 0.33 

Septin9 1.3E+12 23.50 29.14 26.72 29.39 1.73 5.63 2.21 2.66 0.42 0.25 

Septin11 9.2E+11 24.13 29.43 26.79 29.89 1.92 5.30 2.64 3.10 1.17 0.45 

Septin8 1.6E+11 20.87 27.48 24.55 27.97 1.93 6.61 3.08 3.42 0.99 0.49 

Septin5 1.6E+11 19.92 26.75 23.85 27.00 1.77 6.83 1.93 3.15 0.65 0.25 

Septin10 7.3E+10 20.72 26.81 24.02 27.43 1.72 6.09 2.32 3.41 1.15 0.62 

Septin6 4.E+10 19.80 26.68 23.42 26.34 3.51 6.89 3.19 2.92 0.38 -0.34 

 

This section of the study identifies a possible composition of the core myogenic septin 

oligomer potentially comprising Septin2-11-7-9 in proliferating myoblasts. It delivers a 

thorough analysis of septin expression kinetics during in vitro differentiation in C2C12 cells, 

primary myoblasts, and during adult muscle regeneration. Notably, within the core septin 

subset, a consistent reduction in Septin9 expression during differentiation is discerned across 

diverse myogenesis models. 

 

3.2. Dynamic organization of Septin9 in proliferating and 

differentiating myoblasts  

Septins primarily function as polymers organized into higher ordered structures (Martins et 

al., 2022; Spiliotis and Nakos, 2021). We therefore aimed to (i) characterize the arrangement 

of septin filaments under proliferating conditions and (ii) monitor the changes in septin 

morphology during myoblast differentiation. Our study is centered on Septin9, guided by the 

insights from preceding chapters, the availability of specific antibodies, and certain attributes, 

such as a central position in the protomer (Soroor et al., 2021), the embryonic lethality 

(Füchtbauer et al., 2011), and unique N-terminal extensions that facilitate interactions with 

actin and microtubules (Spiliotis and Nakos, 2021).  
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3.2.1. The reorganization of endogenous Septin9 during differentiation and 

fusion 

We investigated the organization of Septin9 structures in proliferating C2C12 cells using 

immunofluorescence microscopy. Septin9 filaments were observed in every myoblast in 

culture (data not shown), its organization showed a pronounced colocalization with actin 

filaments, strongly decorating the perinuclear area (Fig. 3-7A). Subsequently, we 

differentiated the cells for four days and compared the morphology of the myotubal 

cytoskeleton (Fig. 3-7B).  

 

Figure 3-7. Septins reorganize and lose actin-based organization during differentiation in C2C12 
A Representative epifluorescence images of proliferating C2C12 cells illustrating substantial 
colocalization between Actin and Septin9. Septin structures decorated both ventral and transversal 
actin filaments, as indicated by phalloidin staining. B Representative epifluorescence micrographs 
depicting a myotube after 4 days of differentiation, focusing on either the lower or the upper cellular 
region. The contrast in the inset was modified (marked as Septin9*). In the ventral part of the cell, 
Septin9 structures exhibit a relatively independent distribution from actin filaments. Conversely, the 
upper cellular region mainly displays residual septin filaments, including ring-like structures. Scale bar 
10 µm, modified inset 5 µm. 
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Employing epifluorescence microscopy and focusing on both the basal and apical regions of 

the myotube, we observed Septin9 structures differentially distributed on a sub-cellular level. 

Notably, the basal Septin9 structures exhibited a loss of organization, in contrast to the 

filamentous structures observed in proliferating cells. These structures were composed of 

short, curvy filaments, occasionally colocalizing with actin structures (Fig. 3-7B, upper panel). 

Conversely, apical septin structures assumed short rod-like structure, ring form, remnants of 

collapsed filaments, with apparent random distribution (Fig. 3-7B, lower panel). Collectively, 

these observations indicate a profound reorganization of septin filaments and their 

dissociation from actin filaments during myoblast differentiation. 

To investigate when the reorganization of Septin9 is happening during early or late 

differentiation or fusion, we co-stained Septin9 with Myogenin an early myogenic marker 

after one day of differentiation (Fig. 3-8). Myogenin-negative cells (Fig. 3-8B, inset i) showed 

no discernible difference in Septin9 organization at day 1 compared to proliferating cells. In 

these cells Septin9 decorates presumably contractile actin fibers. Most of Myogenin-positive 

cells (Fig. 3-8B, inset ii-iii) showed similar actin-based Septin9 structures, that resembled 

those observed in proliferating cells. These structures may appear more discontinuous and 

patchier, and few septin rings were observed (Fig. 3-8B, inset iii, arrowhead). 

Additionally, a subset of Myogenin-positive cells displayed marked reorganization of Septin9 

structures into curvy, short rods, seemingly no longer associating with actin filaments (Fig. 3-

8B, inset iv). Notably, these cells stained stronger for actin compared to undifferentiated or 

other Myogenin-positive cells, suggesting a higher degree of differentiation. Aligned and 

differentiated pre-fusion myoblasts have been demonstrated to stain stronger for actin 

compared to undifferentiated cells (Swailes et al., 2006). Therefore, this subset of Myogenin-

positive cells with the substantial Septin9 reorganization potentially represents more 

differentiated myoblasts. 
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Figure 3-8. Septin9 reorganization is subsequent to Myogenin expression 
A Representative epifluorescence micrograph of C2C12 cells differentiated for 1 day. Septin9, 
Myogenin and F-Actin via phalloidin are visualized. B Magnified areas from A depict organization of 
Septin9 structures in Myogenin-negative (inset i) and Myogenin positive cells (insets ii-iv). White 
arrowhead shows a septin ring. Scale bar 10 µm, inset 5 µm. Data from (Ugorets et al., 2024). 

 

Furthermore, we investigated the potential displacement of septins from actin filaments by 

sarcomeric protein α-actinin-2 and its impact on septin reorganization, examining the 

distribution of α-actinin-2 in both proliferating and differentiating myoblasts (Fig. 3-9). In 

proliferating cells, α-actinin-2 localizes to focal adhesions and colocalizes with actin filaments, 

while septins are excluded from these structures (Fig. 3-9A). During myoblast differentiation, 

there is an upregulation in the expression of sarcomeric α-actinin-2, which progressively 

decorates actin fibers (Salucci et al., 2015). This increased expression of α-actinin-2 coincides 

with remarkable reorganization of Septin9 in myoblasts undergoing differentiation (Fig. 3-9B-

C). Specifically, we observed long and straight Septin9 filaments found in proliferating 

myoblasts to undergo a transition into shorter, curved rods, metaphorically “peeling off” of 

actin structures. This change in morphology suggests a potential detachment and collapse of 

septin filaments, possibly due to reduced support from actin on a larger scale (Fig. 3-9C). 

Notably, despite their spatial proximity, α-actinin-2 and Septin9 do not exhibit colocalization 

in either proliferating or differentiating myoblasts, even though both proteins have the 

capacity to bind actin.  
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Figure 3-9. Septin9 does not colocalize with α-actinin-2 during in vitro differentiation 
A Representative epifluorescence images of proliferating C2C12 cells, visualizing α-actinin-2 (Actn2) 
in focal adhesions, Septin9 and F-Actin via phalloidin staining. B Representative epifluorescence 
images of mononucleated myoblasts differentiating for 4 days. Undifferentiated myoblasts express 
low levels of α-actinin-2 localized to focal adhesions (arrow heads). Committed myoblasts increase α-
actinin-2 expression in preparation for sarcomere assembly. Septin9 dissociates from actin and does 
not colocalize with α-actinin-2 during this transition. The contrast in the Actn2 channel was modified 
(marked as Actn2*) for better visibility of the cell with the low Actn2 level. C Magnified insets from 
(B), emphasizing Septin9 reorganization and the absence of Septin9- α-actinin-2 colocalization in 
differentiating myoblasts. Scale bar 10 µm. 
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3.2.2. Generation and validation of the Septin9-GFP C2C12 cell line 

To enhance our understanding of Septin9 reorganization during myogenesis and facilitate 

visualization of this prominent process, we employed a fluorescent labeling strategy by 

tagging the endogenous Septin9 locus with a C-terminal mEGFP using CRISPR/Cas9- mediated 

gene editing in C2C12 cells (Fig. 3-10A). This approach results in visualization of all potential 

splice variants of Septin9, including the short variant c, which is not recognized with available 

anti-Septin9 antibodies. Multiple clones were generated (not shown) and tested primarily 

through western blotting following small interfering RNA-mediated Septin9 depletion (Fig. 3-

10B). Detection using anti-GFP antibodies in conjunction with antibodies against endogenous 

Septin9 revealed at least one long isoform and the short isoform, characterized by the 

anticipated shift in molecular weight due to the EGFP tag. The right panel of Fig. 3-10B 

illustrates the endogenous Septin9, a 62 kDa protein migrating at around 70 kDa, and the 

expected 30 kDa band shift attributed to mEGFP. The left panel indicates the long isoform 

(~100 kDa) and potentially the short isoform (indicated by black arrowheads), both exhibiting 

downregulation upon siSeptin9 treatment. 

Furthermore, we investigated whether Septin9-GFP is incorporated into endogenous septin 

structures. We stained for endogenous Septin9, 7, and 2 under proliferating (Fig. 3-10C) and 

for Septin7 and 2 under differentiating conditions (Fig. 3-10D, Septin2 not shown). Septin9-

GFP forms distinctive perinuclear and distal filamentous structures, which may colocalize with 

ventral and transversal stress fibers, resembling the ones observed in WT cells (actin 

visualization not included) (Fig. 3-10C). Complete overlap of endogenous Septin9, 7, and 2 

signal with Septin9-GFP was observed in the gene-edited cells during proliferation and five-

day myogenic differentiation. The observed myogenesis-associated disruption of Septin9 

corresponded with analogous alterations in Septin7, likely residing in the same filaments. 
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Figure 3-10. Generation and validation of a Septin9-GFP C2C12 cell line 
A Schematic representation of the cloning strategy introducing a 15bp linker and an mEGFP sequence 
in place of the stop codon of Septin9 in C2C12 cells. The C-terminal strategy targets all Septin9 
isoforms. Multiple clones were generated and tested. B Clone 32 was transfected with either non-
targeting siRNA or Septin9 siRNA, followed by SDS PAGE analysis and western blotting. Antibodies 
against long endogenous Septin9 isoforms (above 70kDa) and GFP were used to confirm knock-in. 
The shift of approximately 30kDa is observed with both antibodies. Detection using anti-GFP antibody 
may reveal expression of short isoforms (black arrowheads). C Representative epifluorescent images 
of proliferating Septin9-GFP C2C12 cells (clone#32). Septin9-GFP is incorporated into endogenous 
septin structures. D Representative epifluorescence images of Septin9-GFP clone#32 after 5 days of 
myogenic differentiation. Sepin9-GFP shows knock-in GFP signal, Septin9, Septin7 and Septin2 are 
stained with antibodies. Scale bar 10 µm, insets 5 µm. Modified from (Ugorets et al., 2024). 
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Septin9 occupies central positions within palindromic septin filaments (Mendonça et al., 

2019; Soroor et al., 2021). Therefore, depletion of Septin9 may adversely affect the 

expression of other septins or organization of septin polymers in the myogenic context, in 

accordance with the Kinoshita hypothesis of septin paralogue incorporation and availability. 

To investigate this, we depleted Septin9 in Septin9-GFP cells and visualized other core 

myogenic septins, Septin2 and 7 (Fig 3-11). The absence of Septin9 is visible as reduced 

fluorescent signal (Fig 3-11 inset b and c). While the intensity of Septin2 and Septin7 

remained relatively unchanged (not quantified), their appearance changed from filamentous 

towards diffusely cytoplasmic. Furthermore, we tested mRNA expression levels of all septins 

after 48 hours of Septin9 depletion in proliferating wild type C2C12 cells (n=8) (Fig. 3-11C-D). 

No septin exhibited significantly altered expression level, while only Septin6 showed 

approximately 20%, although not significant, upregulation in every experiment (Fig. 3-11D). 

Taken together, Septin9 enables myoblasts to organize Septin2- or Septin7-containing 

filaments, visible through conventional light microscope. 



                                                                                                                                                                       Results 

107 
 

 

Figure 3-11. Septin9 is essential for macroscopic myoblast septin structures 
Expression of Septin9 is crucial for the maintenance of core septin structures in C2C12 cells. Depletion 
of Septin9 through siRNA results in the breakdown of Septin2 and Septin7 structures revealing their 
mutual dependence. Septin9-GFP C2C12 cells treated with Septi9 siRNA for 48 hours were fixed under 
proliferating conditions. Fluorescent micrographs depict co-staining of Septin9-GFP with eighter A 
Septin7 or B Septin2 in Septin9-deficient cells. C-D Expression of core (C) and other (D) septin 
paralogues in WT C2C12 cells 48 hours after siRNA-mediated depletion of Septin9. Data represent mean 

± standard deviation (SD), ****p<0.0001 from two-sided unpaired t test. Scale bar 10 µm, insets 5 µm. 
Modified from (Ugorets et al., 2024). 
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3.2.3. The reorganization of Septin9-GFP during differentiation and fusion in 

high resolution 

In preparation for live cell microscopy, we subjected the Septin9-GFP cell line to the confocal 

and STED microscopy, validating the observed endogenous septin reorganization during 

myogenic differentiation in wild type cells (Fig. 3-12 - Fig. 3-14). First, we compared the 

colocalization of Septin9-GFP with actin using anti-GFP antibodies and phalloidin staining. In 

the bottom plane of proliferating myoblasts, the Septin9-GFP organization closely resembled 

that of the wild type C2C12 cells, with robust perinuclear and ventral septin fibers decorating 

actin stress fibers (Fig. 3-12A). Notably, the Septin9-GFP signal remained excluded from focal 

adhesions, indicative of its non-colocalization with focal adhesion markers (Fig. 3-14). 

Focusing on the prominent septin structures in the mid plane of the myotube, we consistently 

observed septin rings and few thin filaments that no longer colocalized with actin filaments 

(Fig. 3-12B). 

 
Figure 3-12. Septin9-GFP reorganization resembles the endogenous behavior during in vitro 
differentiation 
A Representative confocal (merge) and STED (insets) images of proliferating Septin9-GFP knock-in 
cells. Strong colocalization is observed between Septin9-GFP and F-Actin, detected using anti-GFP 
antibodies and phalloidin. B Nascent myotubes reorganize actin cytoskeleton into parallel, bundled 
filaments, with Septin9-GFP exhibiting strongly reduced colocalization. Multinucleated tubes retain 
residual Septin9-GFP filaments scattered throughout the cell body. Scale bar 10 µm, insets 5 µm. 
Data from (Ugorets et al., 2024). 
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In contrast to flattened myoblasts, myotubes displayed increased size and diameter, 

accompanied by notable changes in the distribution of Septin9 (Fig. 3-13). Within myotubes, 

Septin9 appeared to dissociate from actin filaments, forming residual filament structures like 

spirals, short rods, and rings. These structures were irregularly distributed in regions proximal 

to the plasma membrane along the myotube (Fig. 3-13). Smaller myotubes lacking ordered 

sarcomeric actin that organized in thick filaments, showed a higher abundance of Septin9 

structures in the basal plane. However, these structures appeared thinner, less organized, and 

exhibited limited colocalization with actin (Fig. 3-13A). In mature myotubes with sarcomeres, 

patches of disorganized Septin9 were visible in the basal plane (Fig. 3-13B). The remaining 

space within the myotubes was primarily occupied by actin-independent rings and 

membrane-associated patches of Septin9.  
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Figure 3-13. Sub-cellular distribution of endogenous Septin9 in a myotube 
Sub-cellular distribution of endogenous Septin9 after prolonged differentiation (5 days) in three 
confocal planes. A Representative confocal images of a nascent myotube without sarcomers visible 
with phalloidin. Planes represent steps of 6µm at the bottom, middle (6µm) and upper (12µm) plane 
of WT C2C12 cells. B Representative confocal images of a mature myotube with apparent sarcomeric 
structures visualized with phalloidin. The bottom, middle (5µm) and upper (11µm) plane in of WT 
C2C12 cells. Insets show Septin9 and Actin (phalloidin) organization in the boxed area of the 
myotube. Scale bar 10 µm, inset 5 µm. Data from (Ugorets et al., 2024). 

 
To confirm the exclusion of Septin9 from focal adhesions, we conducted co-staining with 

skeletal α-actinin-2 (Fig. 3-14). In proliferating Septin9-GFP cells, a clear spatial separation 

between actin-based Septin9 and focal adhesion-associated α-actinin-2 was evident (Fig. 3-
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14A). Upon focusing on the bottom plane of a nascent myotube, reorganized Septin9 

structures and elevated Actinin expression were observed, indicating sarcomeric machinery 

formation (Fig. 3-14B). Following five days of differentiation in Septin9-GFP cells, a global loss 

of organized septin structures was apparent (Fig. 3-14C). Septin9 and Actn2, two actin binding 

proteins, were abundant during nascent myotubular stage, positioned proximal to actin and 

each other. However, they exhibited no interaction and retained to their mutually exclusive 

compartments throughout every stage of in vitro differentiation (Fig. 3-14). 

 

Figure 3-14. High resolution of Septin9-GFP does not show a colocalization with skeletal alpha 
actinin 2 during myogenic differentiation 
A Confocal (merge) and STED (insets) fluorescence micrographs of proliferating Septin9-GFP knock-
in myoblasts. Skeletal α-actinin 2 (Actn2) localizes to focal adhesions, while Septin9-GFP is excluded 
from these structures. B Cytoskeletal reorganization in nascent myotube after 2 days of 
differentiation. Septin9-GFP transitions from long, straight filaments, to short rods and rings, 
displaying no colocalization with Actn2. C In mature myotube, residual Septin9-GFP does not 
colocalize with Actn2, that resembles primitive sarcomeres. Scale bar 10 µm, insets 5 µm. Data from 
(Ugorets et al., 2024). 

 

3.2.4. The dynamic reorganization of Septin9-GFP during differentiation and 

fusion in live cell microscopy 

Live cell microscopy was employed in Septin9-GFP C2C12 cells to capture the dynamic 

changes in septin reorganization during the transition from proliferating myoblasts to 

differentiated myocytes. Using the TIRF microscopy, we focused on basal septin structures 

proximal to the plasma membrane during initial steps of differentiation (Fig. 3-15). Cells were 

differentiated in the incubator for 12 hours, before transferring to the microscope. At the 
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onset of differentiation (time stamp 0:00), cells displayed linear and straight septin filaments, 

potentially colocalizing with actin filaments (Fig. 3-15, inset a). Subsequently, at 18 hours of 

differentiation, septin filament exhibited a shift towards shorter, thinner, and visibly curvier 

formations, resembling short septin rods previously observed in differentiated cells in fixed 

samples (Fig. 3-15. Inset b).  

 

Figure 3-15. Septin9-GFP reorganization during myogenic differentiation 
A Live cell TIRF experiment images of differentiating Septin9-GFP myoblasts on Ibidi polymer surface. 
Imaging began 12 hours after the initiation of myogenic differentiation, with time stamps provided 
in hours and minutes. Insets highlight changes in septin filament organization. B Schematic depiction 
of myoblast differentiation into myocyte, accompanied by changes in septin morphology. Scale bar 
10 µm, insets 1 µm. Modified from (Ugorets et al., 2024). 

 

Differentiated myoblasts exhibit changes in morphology and behavior as they advance 

towards fusion (Swailes et al., 2004). We extended our TIRF microscopy experiments to 3 days 

of differentiation prior to imaging, to shed light on septin reorganization around myocyte 

fusion (Fig. 3-16). The myogenesis onset lacks synchronization in cell culture, allowing 

examination of both differentiated and undifferentiated mononucleated cells. While most 

cells exhibit short and straight septin filaments (Fig. 3-16, inset iii), still distinct from 

proliferating myoblasts (Fig. 3-12A), a central representative myocyte demonstrated septin 
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structures reminiscent of differentiated cells, with short and curvy filaments near the nucleus 

(Fig. 3-16, inset ii) and remnants of filaments in proximal regions (Fig. 3-16, inset i). 

 

Figure 3-16. Reorganization of ventral Septin9-GFP filaments during myocyte fusion  
Representative images from live cell TIRF experiment featuring differentiating Septin9-GFP C2C12 
cells on Ibidi polymer surface. Imaging began72 hours after the initiation of myogenic differentiation, 
with time stamps indicated in hours and minutes. Insets (i-v) highlight changes in septin filament 
morphology. Scale bar 10 µm, inset 5 µm. 

 

During the initial 6-hour period of image acquisition, the highly dynamic myocyte undergoes 

a notable change in direction of migration, transitioning from North- East to South- West and 

back to North- East, concomitant with rearrangements in septin filaments. (Fig. 3-16 0:00, 

3:00 and 5:30 hours). The myocyte engages in fusion with a neighboring cell after 

approximately 7 hours (Fig. 3-16 inset iii and iv). TIRF microscopy limitations hinder clear 

visualization of cellular outlines, nuclei, and membrane fusion. Therefore, after the presumed 

fusion event at 7,5 hours, the emerging myotube appears to mix and integrate the short, curly 

and dynamic septin filaments (Fig. 3-16). Following fusion, the nascent myotube displays 

reduced mobility and Septin9 reorganization, as frequently observed in long-imaged 

myoblasts that anticipate cellular demise. Unfortunately, the acquisition ends around 6 hours 

later, possibly due to myotube detachment or apoptosis (frames not depicted). 
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Finally, using confocal microscopy, we tracked basal and apical septin reorganization in 

Septin9-GFP C2C12 cells during myocyte fusion and nascent myotube formation. After initial 

48 hours of differentiation in the incubator (time stamp 0:00, t= 0), we observed successful 

fusion events during 16 hours of imaging (Fig. 3-17). At fusion onset, the invading and 

receiving cell exhibited distinct ventral septin organization (Fig. 3-17A). The invading cell 

lacked higher- ordered septin structures, extending Septin9-free lamellipodia towards the 

receiving cell. The receiving cells had only short and curvy perinuclear Septin9 filaments (Fig. 

3-17 0:00; 1:00, 3:00 hours and inset i). Upon fusion, membranes merged, and the invading 

cell developed short, curvy septin filaments (Fig. 3-17 4:00 and inset ii). Short perinuclear 

Septin9 rods from two different cells converged, potentially alongside nucleus movement, 

resulting in filament mixing (Fig. 3-17 5:00, 7:30 and inset iii). Next, the nascent myotube 

prepared for more fusion events, while Septin9 appeared to form long, straight filaments 

alongside to the previously described short rods and rings (Fig. 3-17 10:00 and inset iv). A 

new cycle of fusion reproduced Septin9 reorganization, cellular content mixing and septin 

structure retraction from the cell periphery as described in earlier (Fig. 3-17 12:00, 14:00, 

15:30 and inset v). Dynamic Septin9 organization follows the fusion site of the myotube, while 

the myotube’s distal site contained only septin rings and filament remnants (Fig. 3-17 5:00- 

15:30 and inset vi).  

Taken together, we utilized a range of microscopy techniques to investigate the dynamic 

reorganization of Septin9 during myogenic differentiation in C2C12 cells, uncovering a 

transition from long filaments to shorter, curved rods, detached from actin stress fibers. Live 

cell imaging of Septin9-GFP highlighted its dynamic rearrangement during myoblast 

differentiation and fusion, offering insights into its potential role in regulating myogenic 

differentiation and fusion processes. 
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Figure 3-17. Septin9-GFP reorganization during myocyte fusion  
Representative confocal images from a live cell experiment depicting the A basal and B 0.5µm higher 
apical plane of fusing Septin9-GFP myocytes on an Ibidi polymer surface. Acquisition started 72 hours 
after the onset of myogenic differentiation (time stamp in hours and minutes), Zoom-in insets i-vi 
from panel A highlight specific details. C Schematic depiction of a fusion event between to myocytes 
and the subsequent maturation of the nascent myotube, accompanied by changes in septin 
morphology. Scale bar 10 µm, inset 5 µm. Rec- receiving cells, inv- invading cell. Modified from 
(Ugorets et al., 2024). 
 

 

3.2.5. The reorganization of plasma membrane in Septin9-GFP myoblasts 

during fusion in live cell microscopy 

Cytoskeletal reorganization during later stages of myogenic differentiation coordinates 

architectural rearrangement in cells, membrane dynamics and formation of functional 

myotubes through fusion (Pajcini et al., 2008). Integral to the process of mammalian fusion 
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is the participation of conventional blebs and smaller bubbling blebs, representing distinct 

forms of membrane protrusions (Lian et al., 2020). We traced fusing Septin9-GFP cells after 

3 days of differentiation, focused on the membrane dynamics and investigated septin 

reorganization using holotomographic imaging (Fig. 3-18). Notably, during the fusion process, 

committed progenitor cells exhibited the presence of large blebs and smaller bubbling 

membrane blebs throughout majority of the fusion event (Fig. 3-18A, lower panels). 

Following the fusion, the cells exhibited reduced active blebbing, which could potentially 

signify readiness for subsequent fusion event (Fig. 3-18B, insets vii-viii). As observed using 

other microscopy methods, Septin9 morphology is changed in myoblasts cultured under 

differentiation permissive conditions. Committed progenitors displayed a reorganization of 

Septin9, leading to formation of domains with either shorter, curvier structures or remnants 

and rings (Fig. 3-18A-B, insets i-iii). Myoblasts undergoing fusion displayed a near absence of 

long, straight septin filaments. Septin9 appeared to co-localize with vacuoles, generated 

during membrane blebbing, suggesting potential participation in the process (Fig. 3-18B, 

insets v-vi). Despite limitations in resolution, Septin9-rich domains were observed at the 

interface between fusing cells, implying septin involvement (Fig. 3-18A 8:40, arrowhead). 

Notably, we captured only one fusion event through holotomography, requiring caution 

during interpretation. 
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Figure 3-18. Membrane dynamics during myoblast fusion 
Holotomography images acquired with the 3D Cell Explorer (Nanolive) depicting Septin9-GFP 
myoblasts after 3 days of myogenesis. Imaging was performed every 20 minutes over a 24-hour 
period, maintained under humidified conditions at 37°C with 5% CO2 on an Ibidi polymer surface. A 
Representative images from a live cell experiment showing the reorganization of Septin9-GFP and the 
pronounced membrane dynamics observed during myoblast fusion event. B Magnifications from 
boxed areas in panel (A). Scale bar 10 µl, insets 2 µm. n=1. 
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3.3. Expression and localization of Septin9 in adult mouse muscle  

The expression pattern and spatial organization of septins in adult muscle tissue remains 

largely unknown (Gönczi et al., 2021). During the preparation of this manuscript (Ugorets et 

al., 2024) first a study was published, reporting the crucial role of Septin7 for skeletal muscle 

architecture and function. Additionally, Gönczi et al. has shown the expression of most septin 

paralogues in adult skeletal muscle (Gönczi et al., 2022). Therefore, we characterized the 

subcellular localization of Septin9 within adult muscle tissue. We immunostained for skeletal 

α-actinin-2 (Actn2) and slow-twitching Myh7 in sagittal sections of TA muscle, revealing 

sarcomeric organization of the contractile machinery (Fig. 3-19). Actn2 marks the Z-line, a 

structural component within the sarcomere, while Myh7 labels the contractile M-line. Upon 

examination, Septin9 co-localized with α-actinin-2 fraction (Fig. 3-19A-B) and is distinctly 

segregated from the contractile compartment, as evident through its lack of overlap with 

Myh7 (Fig. 3-19C-D). A closer look at the Z-line organization shows no colocalization between 

Septin9 and α-actinin-2. Actn2 is a marker of the T-tubule, a plasma membrane invagination 

into the Z-line, that is surrounded by terminal cisternae of the sarcoplasmic reticulum (Al-

Qusairi and Laporte, 2011; Kawaguchi and Fujita, 2024). Septin9 appeared to flank the 

Actinin2 from two sides, resembling a pattern characteristic to the sarcoplasmic reticulum at 

the Z-line. (Fig. 3-19A, inset i). This distinctive organization is further supported by a linescan 

analysis performed across multiple sarcomeres, which revealed the presence of two intensity 

peaks corresponding to the Septin9 signal surrounding a single α-actinin-2 peak (Fig. 3-19B). 



                                                                                                                                                                       Results 

119 
 

 

Figure 3-19. Septin9 localization in adult mouse muscle  
Longitudinal sections of the Tibialis anterior (TA) muscle from 3-month-old mice. A 
Immunofluorescence staining illustrating Septin9 and Actinin2 distribution, with DAPI staining for 
nuclei (in the big image). Inset i shows a magnified view with modified brightness and contrast. B 
Linescan analysis of Septin9 and Actn2 signals from panel (A). C Immunofluorescence staining 
depicting Septin9 and slow twitching Myosin heavy chain 7 (Myh7), with DAPI-labeled nuclei (in the 
big image). D Linescan analysis of Septin9 and Myh7 signals from panel C. Scale bar 100 µm, central 
insets 10 µm, smallest insets i and ii 1 µm. 
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3.4. Altered dynamics of myogenic differentiation in response to 

Septin9 knockdown 

Building upon the dynamic adaptation of septin cytoskeleton during in vitro differentiation, 

we sought to test the interrelation between these changes and the myogenic process by 

addressing the impact of Septin9 knockdown and therefore its causative or “bystander” 

nature. We depleted Septin9 using mRNA interference and documented changes in myoblast 

proliferation, survival, differentiation, and fusion. 

 

3.4.1. Transcriptional landscape upon Septin9 knockdown in myoblasts  

Septin9 plays a pivotal role in determining the subcellular localization of the septin 

cytoskeleton and in governing cytoarchitecture regulation (Kuzmić et al., 2022; Martins et al., 

2022). This prompted us to investigate whether downregulation of Septin9 merely removes 

a vestigial cytoskeletal component rendered dispensable during late myogenesis or serves a 

potentially instructive purpose regulating the progression through myogenesis. To address 

this, we effectively depleted Septin9 using siRNA approach (Fig. 3-20A, lack of septin 

structures upon Septin9 depletion as visualized in Fig. 3-11). We then performed 

transcriptomic analysis of Septin9-depleted differentiating C2C12 cells (after 12h of 

differentiation, detailed in Fig. 3-21) and proliferating primary myoblasts (detailed in Fig. 3-

22). Both data sets had a high overlap in expressed genes (Fig. 3-20B). To gain further insights, 

we compared the expression profiles of Septin9-deficient C2C12 cells and primary myoblasts 

with those of proliferating and committed muscle stem cells (MuSCs), as defined through 

correlation with an external single-cell RNA-sequencing dataset (top 25 genes for each cluster 

(De Micheli et al., 2020)) (Fig. 3-20C). Both Septin9-deficient C2C12 cells and primary 

myoblasts exhibited a shared upregulation of genes associated with the “committed 

progenitors” cluster (such as Myog and Cdkn1c (p57)), coupled with a modest 

downregulation of genes linked to “cycling progenitors” cluster (such as Cdk1 and Ccnb2). 

This intriguing pattern suggests a precocious transition of the Septin9-deficient cycling 

progenitor population towards the state of committed progenitors.  
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Figure 3-20. Septin9 depletion induces transition from cycling towards committed progenitors 
A Experimental design overview. Total RNA was extracted from proliferating myoblasts 48 hours post- 
Septin9 knockdown and from differentiating C2C12 cells (12 hours into differentiation, 60 hours post-
knockdown). Validation of Septin9 knockdown efficiency over 3 days of differentiation by qRT-PCR in 
C2C12 cells. B Venn diagram comparing expressed genes in C2C12 and primary myoblasts. C Heat 
map depicting 47 genes in C2C12 (left panel) and in primary myoblasts (right panel) grouped into 
‘cycling progenitors’ and ‘committed progenitors’ clusters based on annotation adapted from (De 
Micheli et al., 2020) (except Gm7325, 2810417h13rik, 2700094k13rik not expressed in C2C12 and in 
primary myoblasts and excluded from the heatmap). Septin9 depletion leads to accelerated switch 
towards the committed myogenic progenitor state, evident by overall upregulation of genes in the 
“committed progenitors” cluster and slight downregulation of genes in the “cycling progenitors” 
cluster. Avg_FI represents average between two experiments measuring KD to Ctrl ratio. Data 
represent mean ± standard deviation (SD), *p<0.05, **p<0.01, ***p<0.001, ****p<0.0001 from two-
sided unpaired t test. 



Results 

 

122 
 

Next, we investigated the early myogenic potential influenced by Septin9 knockdown through 

total transcriptome analysis in C2C12 cells (Fig. 3-21). Following a 48-hour knockdown, 

differentiation was induced for 12 hours, and total RNA was collected and subjected to a 

transcriptomic analysis. (Fig. 3-21A). Differential expression analysis (DESeq2) revealed 201 

differentially expressed genes (DEGs) in C2C12 cells (65 up- and 136 downregulated) (Fig. 3-

21B). Gene ontology (GO) annotation analysis of DEGs in Septin9-deficient C2C12 cells 

revealed association of upregulated genes with the terms ‘Myod1 targets’, ‘hallmark 

myogenesis’, ‘positive regulation of skeletal muscle tissue development’, ‘positive regulation 

of myoblast differentiation’, and ‘E box binding’ (Fig. 3-21D). Downregulated DEGs are 

associated with reduced cellular response to certain stimuli (TGFβ, TNFα, mTORC1), ‘cell cycle 

regulation (G2M transition, mitotic spindle)’, ‘cholesterol homeostasis’ and ‘reduced cell 

adhesion (cadherin binding, adherens junction assembly)’ (Fig. 3-21D). Taken together, 

depletion of Septin9 in C2C12 cells via siRNA leads to changes in gene expression that are 

reflect accelerated progression through myogenic differentiation or a premature onset 

thereof. 

To test the potential of Septin9 depletion to induce changes resembling the initiation of 

differentiation in proliferating cells, we conducted a total transcriptome analysis on primary 

myoblast following 48 hours of robust Septin9 knockdown under proliferating conditions (Fig. 

3-22A). The DESeq2 analysis revealed a total of 213 DEGs, comprising 168 up- and 45 

downregulated genes (Fig. 3-22B-C). GO annotation analysis revealed association of 

upregulated genes with the terms ‘Myod1 targets’, ‘hallmark myogenesis’, ‘muscle 

contraction’, ‘acto-myosin filament sliding’, ‘sarcomere organization’, ‘positive regulation of 

skeletal muscle tissue development’ and ‘positive regulation of myoblast differentiation’. The 

downregulated DEGs are annotated as Fos, Myc and PPARg targets. Downregulated genes 

further associated with EMT, reduced cellular response to certain stimuli (TGFβ, TNFα) and 

exit from the cell cycle (G2M transition) (Fig. 3-22D). Notably, the transcriptional changes 

observed in proliferating myoblasts lacking Septin9 generally resembled those occurring 

during the initial stages of myogenic differentiation in Setpin9-deficient C2C12 cells. 
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Figure 3-21. Septin9 depletion accelerates myogenic differentiation in C2C12 cells 
A Schematic representation of the experimental setup. Total RNA was isolated from C2C12 cells 60 
hours after Septin9 knockdown and 12 hours of myogenic differentiation. B Venn diagram depicting 
DEGs calculated using DESeq2 algorithm (adjusted p value < 0.1; -0,322 ≤ log2FC ≤ 0,263). C Volcano 
plot of DE genes (adjusted p value <0.1; -0,322 ≤ log2FC ≤ 0,263) of C2C12 cells transfected with either 
non-targeting siRNA (control) or Septin9 siRNA after 12 hours of myogenic differentiation, 50 most 
regulated DEGs are highlighted. D GO enrichment analysis of genes upregulated (red) or 
downregulated (blue) in Septin9-deficient C2C12 cells. 
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Figure 3-22. Septin9 depletion accelerates myogenic differentiation in proliferating primary 
myoblasts  
A Schematic representation of the experimental setup. Total RNA was isolated from proliferating 
myoblasts 48 hours after Septin9 knockdown. Septin9 knockdown efficiency validation over 3 days of 
differentiation by qRT-PCR in primary myoblasts. B Venn diagram comparing DEGs calculated using 
DESeq2 algorithm (adjusted p value < 0.1; -0,322 ≤ log2FC ≤ 0,263). C Volcano plot of DE genes 
(adjusted p value <0.1; -0,322 ≤ log2FC ≤ 0,263) in primary myoblasts transfected with either non-
targeting siRNA (control) or Septin9 siRNA, 50 most regulated DEGs are highlighted. D GO enrichment 
analysis of genes upregulated (red) or downregulated (blue) in Septin9-deficient myoblasts. Data 
represent mean ± standard deviation (SD), *p<0.05, **p<0.01, ***p<0.001, from two-sided unpaired 
t test. 
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In addition, we scrutinized the pool of differentially expressed genes that were shared and 

consistently up- or downregulated in Septin9-deficient C2C12 and primary myoblasts (Fig. 3-

23). We employed two distinct analysis methods, each yielding a specific subset of DEGs, 

characterized mainly by differences in stringency thresholds. The first set comprised 41 DEG 

identified through the DESeq2 algorithm, with padj < 0.1 and fold induction of 1.2 (Fig. 3-

23B). Conversely, the second set consisted of 164 genes manually derived from TPM values, 

utilizing a fold induction threshold of 1.5 (Fig. 3-23C). Furthermore, we segregated the DEGs 

into distinct categories: one comprised of genes uniquely influenced by Septin9-depletion, 

and another comprising robustly regulated myogenic genes as defined in a comparative study 

involving nine RNA sequencing datasets by Zhang et al (Zhang et al., 2022). This meta study 

encompassed both cycling and differentiating C2C12 cells and spanned a minimum 

differentiation period of two days. We emphasize the DEGs absent from the cohort of ‘robust 

myogenic genes’, designating them as ‘not robust genes’, thereby potentially signifying their 

specificity in response to Septin9 depletion.  

Upon examination of the 41 DEG from DESeq2 analysis, it becomes evident that most of the 

upregulated genes belong to the category of ‘robust myogenic genes’, with a subset belonging 

to the ‘hallmark myogenesis’ GO term (marked red). Notable representatives of this group 

include Myog, Actn3, Des and Cdkn1a (p21), collectively suggesting an overall elevation in 

myogenic differentiation (Fig. 3-23B). Among the ‘not robust’ upregulated genes we found (i) 

Carbonic anhydrase 3 (Car3), an intracellular pH regulator and an early myogenesis marker 

(Feng and Jin, 2016) and (ii) Matrix GLA protein (Mgp) an ECM protein inhibiting myostatin 

receptor binding (Ahmad et al., 2017). In contrast, most downregulated genes do not belong 

to ‘robust myogenic targets’ and comprise a heterogenous selection of genes. The cohort of 

downregulated genes comprises (i) Kpna6 and Kpnb1 a dimerizing nuclear import 

karyopherin pair, (ii) actin binding proteins Destrin (Dstn) and (Amotl2), (iii) myogenic lysin 

demethylase 4a (Kdm4a), (iv) SH2/SH3 containing adapter Crkl, involved in growth factor 

signaling (v) the soluble TGFβ ligand Activin A (Inhba), (vi) transcription factors DP1 (Tfdp1) 

and Taz (Wwtr1) and (vii) beta-catenin (Ctnnb1) among others. In sum, an examination of the 

stringent DESeq2 analysis points towards an accelerated myogenic process in cells lacking 

Septin9. 

The second gene set derives from the TPM values and lacks thorough statistical cutoff applied 

by DESeq2 algorithm This leads to the identification of a larger pool of deregulated genes 
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encompassing 164 genes. We have composed a heat map out of these DEGs, shared between 

C2C12 and primary myoblasts lacking Septin9 (Fig. 3-23C). A set of 80 ‘robust myogenic DEGs’ 

is excluded from the heat map and is detailed in the Table 3-2. This table highlights genes 

(marked in red) which are associated with the ‘hallmark myogenesis’ GO term. Notably, only 

three ‘robust’ downregulated genes such as WNT10b, Slc26a10, Prr5l, displayed an inverse 

regulation pattern upon Septin9 depletion. Together, these ‘robust’ upregulated myogenic 

markers further support the propensity towards premature myogenic progression in absence 

of Septin9. 

 

Figure 3-23. Transcriptional changes in C2C12 cells upon Septin9 depletion  
A Comparative Venn diagram displaying DEGs obtained through DESeq2 algorithm (adjusted p value 
< 0.1; -0,322 ≤ log2FC ≤ 0,263) and those identified manually using FPKM values (-0,58 ≤ log2FC ≤ 
0,58). B Heat map depicting 41 DEGs in C2C12 cells with Fold Increase (F.I.) > 1.2 from DESeq2 analysis. 
C Heat map depicting 164 DEGs in C2C12 cells with F.I. > 1.5 calculated from FPKM values. Labeled 
DEGs belong to ‘non-robust’ myogenic genes identified by Zhang et. al (Zhang et al., 2022). Group1 
comprises established markers and regulators of myogenesis, while Group2 includes genes 
uncharacterized in the context of myogenic. Red highlighted- genes from Molecular Signature 
Database (MSigDB) “Hallmark MYOGENESIS”, green highlighted- genes with fold change >2. 
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Table 3-2. ‘Robust’ myogenic genes regulated upon Septin9 depletion, in addition to Fig. 3-23C The 
table highlights ‘robust and key’ myogenic genes affected by Septin9 depletion. Notably, the gene 
names listed here were not among the 164 DEGs presented in Figure 3-21 C. 

 Robust myogenic genes from (Zhang et al., 2022)  

upregulated 
genes 

0610009L18Rik, 4833422C13Rik, Actc1, Actn3, Arpp21, Atp1a2, Atp2a1, 
C1qtnf3, Cacna1s, Casq2, Ccdc141, Chst13, Cilp2, Clic5, Colca2, Coro6, Ctrb1, 
Fgf21, Flrt1, Fndc5, Fxyd1, Galnt6, H19, Heyl, Hjv, Hsf2bp, Igf2, Igfbp4, Il12a, 
Inpp4b, Irgm2, Itgb1bp2, Klhl30, Klhl31, Klhl40, Klhl41, Mb, Mdfi, Mybph, 
Myh3, Myh8, Myl1, Mylk4, Mylpf, Mymk, Mymx, Myog, Myom1, Myom3, 
Pcbd1, Plpp7, Ppfia4, Pstpip1, Serping1, Smim1, Smyd1, Sntb1, Sugct, Susd5, 
Tesmin, Tgm2, Tmem182, Tnnc1, Tnnc2, Tnni1, Tnnt3, Traf3ip3, Trim63 
,Trim72. 

downregulated 
genes  

Kif22, Ccnb1-ps, Cks1b, Slc2a9, C530008M17Rik, Nanos1, Fgfr2, Gm7390, 
WNT10b*, Slc26a10*, Prr5l*. 

* inverse regulation, red highlighted- from Molecular Signature Data Base “Hallmark MYOGENESIS”. 

 

The remaining 84 Septin9-depletion specific ‘not robust’ myogenic DEGs are represented in 

the heat map, and this subset holds potential insights into the underlying mechanism by 

which Septin9 depletion impairs myogenesis (Fig. 3-23C). We have divided these genes in two 

distinct groups. Group 1 includes genes that have been implicated in the context of 

myogenesis. Among the downregulated genes in group 1 are BMP binding endothelial 

regulator (Bmper) and Roundabout guidance receptor 2 (Robo2), among others. Conversely, 

the upregulated genes in this group are Spexin hormone (Spx), Cytoglobin (Cygb), Hes related 

family BHLH transcription factor with YRPW motif 1 (Hey1) and Long intergenic non-protein 

coding RNA, muscle differentiation 1 (Lincmd1) among others. Distinct from group 1, DEGs 

within the second group serve diverse cellular functions, although many remain 

uncharacterized in the myogenic context. Among the highest regulated genes (marked in 

green, fold induction >2) are downregulated transcription factor DP 1 (Tfdp1), Endothelin 1 

(Edn1), Tryptophan-rich basic protein (Wrb), a Wrb-2 pseudogene, Gm16861, and 

upregulated Ras like family 10 member a (Rasl10a) (Fig. 3-23C).  

In summary, evaluation of DEGs points towards the premature switch from proliferating to 

differentiating myogenic progenitors in both cellular contexts lacking Septin9. Additionally, 

this assessment provides insights into several potential key DEGs that could contribute to the 

observed effect. 
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3.4.2. Impact of Septin9 depletion on Activin A expression and Smad2/3 

signaling in myoblasts 

Certain identified DEGs from the RNA-seq analysis hold significant interest as potential 

contributors to the phenomenon of premature myogenic differentiation, potentially serving 

as hallmarks thereof. Initially, we investigated the expression and activity of Activin A, a 

member of the TGFβ family, involved in myogenesis (Lodberg, 2021), along with the potential 

extracellular inhibitor Mgp (Ahmad et al., 2017) (Fig. 3-24). RNA-Seq analysis revealed a 

consistent downregulation of Inhba RNA expression coupled with an upregulation of Mgp 

expression in both Septin9-deficient cell lines (Fig.3-23 B). To confirm and substantiate these 

findings, we conducted qRT-PCR analysis for Inhba and Mgp expression in Septin9-deficient 

C2C12 cells (Fig. 3-24A). This analysis revealed a reduced expression trend for Inhba, 

accompanied by a mild induction in Mgp expression (Fig. 3-24B-C). Next, we analyzed the 

Activin A-dependent Smad2 phosphorylation levels in Septin9-deficient C2C12 cells (Fig. 3-

24D). Stimulation of these cells with Activin A at varying concentrations (0.24, o,27 and 1.92 

nM) revealed diminished Smad2 phosphorylation (pSmad2) levels compared to control cells. 

It is noteworthy, that no discernible differences in pSmad2 levels were observed when 

utilizing medium containing 10% FCS. Further, we tested the responsiveness of the Septin9-

deficient C2C12 cells containing the Smad3-sensitive CAGA12-luciferase promoter (Fig. 3-24E). 

Under starvation conditions, depletion of Septin9 appeared to dampen the basal 

responsiveness of the CAGA reporter-gene. Notably, in the presence of a high concentration 

of TGFβ1 (100 pM), Septin depletion seemed to be dispensable for the reporter gene activity 

(Fig. 3-24F). Finally, we analyzed the capacity of Septin9-deficient cells to secrete ligands 

capable of activating the CAGA12-reporter gene. To elucidate this, conditioned medium was 

collected from Septin9-deficient C2C12 cells during proliferation and 12 and 24 hours of 

myogenic differentiation. Subsequent stimulation of highly sensitive HEK cells, stably 

expressing CAGA12-luciferase reporter gene, was conducted using the conditioned medium 

(diluted at 1:1 with 0% FCS DMEM) derived from C2C12 cells (Fig. 3-24G). Notably the 

medium derived from Septin9-deficient C2C12 cells demonstrated a tendency towards 

reduced basal activity compared to control cells. This observed difference was mitigated upon 

supplementation of the conditioned medium with 0.5 nM Activin A (Fig. 3-24G-H). 
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Figure 3-24. Septin9 depletion dampens 
basal TGFβ signaling potentially via 
modulation of Activin A availability  
Differential expression analysis of genes 
upon Septin9 depletion indicates lower 
levels of Activin A (Fig. 3-21B). A 
Schematic representation of Septin9 
knockdown strategy in C2C12 cells. B-C 
qRT-PCR analysis revealed a trend 
towards reduced mRNA levels for Inhba 
and a concurrent upregulation trend of 
its potential antagonist Mgp upon 
Septin9 depletion. D Western blot 
analysis of Smad1 and Smad2 
phosphorylation upon Septin9 depletion. 
C2C12 cells were subjected to a 6-hour 
starvation followed by 1-hour 
stimulation with indicated concentration 
of Activin A or 10% FCS (n=1). E 
Schematic depiction of the dual 
luciferase assay utilizing Septin9-
deficient C2C12 CAGA12-luc cells. F Dual 
luciferase assay in stable CAGA12-luc cells 
showed a dampened basal 
responsiveness of CAGA-reporter gene 
(n=2). G Experimental layout involving 
HEK cells with stable CAGA-luciferase 
construct, exposed to conditional 
medium supplemented or not with 0.5 
nM Activin A from proliferating or 
differentiating (12 and 24 hours) Septin9-
deficient C2C12 cells. H Dual luciferase 

assay shows CAGA12 promoter activity in 
HEK cells. Medium from Septin9-
depleted cells showed reduced tendency 
to activate the CAGA promoter in 
absence of exogenous Activin A. 
 

Taken together, the depletion of Septin9 potentially results in diminished levels of Activin A 

transcription and less secretion thereof, potentially leading to subsequent attenuation of 

downstream signaling response. 
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3.4.3. Impact of Septin9 depletion on expression of selected WNT target genes 

In light of our identification of β-catenin (Ctnnb1) as a downregulated DEG in the RNA-seq 

analysis, we explored some β-catenin target genes (Cui et al., 2019), aiming to understand 

the regulatory landscape of the Ctnnb1 gene in Septin9-deficint myoblasts. Several of these 

genes were simultaneously identified as interactors of minion (Mymx, except Ctnnb1), 

thereby potentially playing a role in myoblast fusion and later stages of myogenic 

differentiation (Zhang et al., 2017) (Fig. 3-25A-B). In addition to the observed downregulation 

of Ctnnb1, our findings reveal the upregulation of Myomaker (Mymk), Minion (Mymx), 

Tripartite motif containing 72 (Trim72), Junctional Sarcoplasmic Reticulum Protein 1 (Jspr1), 

Synaptopodin 2 Like (Synpo2l, observed in C2C12 only) and Dysferlin (Dysf, significantly 

upregulated only in one repetition in each cell type) in Septin9-deficient myoblasts (Fig. 3-

25B).  

 

Figure 3-25. Depletion of Septin9 leads to upregulation of some WNT/ β-catenin targets and 
downregulation of β-catenin 
Differential expression analysis of genes upon Septin9 depletion indicates higher levels of WNT/ β-
catenin target genes and the downregulation of β-catenin itself. A Experimental setup for RNA-seq 
analysis in Septin9-deficient myoblasts. B Heatmap representing the TPV values of Ctnnb1 and its 
target genes from Septin9-deficient C2C12 and primary myoblasts. The values represent knockdown-
to-control ratio, obtained from TPM values in each RNASeq experiment. C Schematic representation 
of the Septin9 knockdown in C2C12 cells for subsequent qRT-PCR validation. D Validation of mRNA 
expression levels through qPCR for the genes selected in (B) (excluding Ctnnb1). Most tested genes 
(except Mymx) exhibited an upregulation trend on day 3 of myogenesis, with several genes also 
demonstrating premature expression during other time points. Notably, the early gene Jspr1 
displayed a distinct difference trend on day 0 and after 12 hours of differentiation.  
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Subsequent validation of the expression levels of these target genes (excluding Ctnnb1) at 

the mRNA level was conducted via qRT-PCR (Fig. 3-25C). Evidently, all tested genes (except 

Mymx) showed an inclination towards upregulation during day 3 of myogenic differentiation 

upon Septin9 depletion. Furthermore, a premature elevation in expression was discerned 

under both proliferative and early myogenic (12-hour) conditions (Fig. 3-25D). Together, 

Septin9 depletion is potentially associated with reduced β-catenin levels and heightened 

expression of some of its target genes, further contributing to the disruption of signaling 

pathways following septin loss. 

 

3.4.4. Accelerated early myogenic differentiation in C2C12 cells upon Septin9 

knockdown 

To further validate the observed accelerated early myogenic progression resulting from 

Septin9 depletion, we conducted a series of experiments, employing siRNA-mediated Septin9 

knockdown, C2C12 cells were subjected to myogenic differentiation for a period of up to 3 

days (Fig.3-26 A). Following mRNA extraction, we analyzed the expression of pivotal myogenic 

targets, including Myog as well as other marker genes such as Taz (Wwtr1), Follistatin (Fst), 

Myosin heavy chain 2 and 8 (Myh2 and Myh8) using qRT PCR (Fig. 3-26 B, C). Notably, Myog, 

an early marker of myogenesis, was upregulated upon Septin9 knockdown during the initial 

stages of myogenic differentiation (Fig. 3-26B). Moreover, we validated the downregulation 

of Wwtr1, consistent with previous RNA-seq findings. Late myogenic genes (Fst, Myh2 and 8), 

that are not expressed in the first day, were observed to undergo upregulation after 3 days of 

myogenic differentiation in Septin9-deficient C2C12 cells (Fig. 3-26C). Additionally, we 

verified the augmented expression of Myogenin (at 24 hours) and Myh2 (at 72 hours) at the 

protein level following Septin9 depletion (Fig. 3-26D).  

Next, the immunostaining of undifferentiated and differentiated C2C12 cells (day3) with 

MF20 antibodies, recognizing all Myosin heavy chain isoforms (Fig. 3-26E-G). By day 3 of 

myogenesis, Septin9-deficient myoblasts displayed elevated level of MF20 staining, 

confirming an initial increase in early myogenic differentiation (Fig. 3-26E). The myogenic 

differentiation index (MDI), calculated from the ratio of total DAPI-positive cell count to 

MF20-positive myoblast, highlights cellular differentiation capacity. Notably, on day 3 of 

myogenic differentiation, Septin9-deficient cells exhibited a twofold increase in MDI 

compared to control cells (Fig. 3-26F). Next, we evaluated the ability of septin-deficient 
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myoblasts to undergo fusion. Quantification of nuclei within MF20-positive myoblasts and 

myotubes, denoted as the myogenic fusion index (MFI), indicated a substantial rise in mono-

, bi- and trinucleated Septin9-deficient myoblasts compared to controls. Additionally, a trend 

towards increased presence of multinucleated cells was observed (Fig. 3-26G). Hence, 

myoblasts lacking Septin9 did not display evident early fusion defects, as addressed by the 

myogenic fusion index (Fig. 3-26G). In sum, Septin9 depletion indicates increased 

differentiation capacity in C2C12 cells. 

  

Figure 3-26. Septin9 depletion accelerates early myogenic differentiation 
A Schematic representation of Septin9 knockdown in C2C12 cells. B Quantification of mRNA levels of 
Myog and Wwtr1 through qRT-PCR analysis in C2C12 cells following Septin9 knockdown. C qRT-PCR 
of late myogenic target genes Fst, Myh2 and Myh8 Septin9-deficient C2C12 cells. D Western blot 
analysis of myogenic markers Myogenin and Myosin heavy chain 2 in Septin9 deficient myoblasts. E 
Immunofluorescence staining of myosin heavy chain 2 (MF20) after 3 days of differentiation. F The 
myogenic differentiation index, reflecting the count of MF20-positive cells (from (E)). G The myogenic 
fusion index, reflecting the number of nuclei per myotube (from (E)). ‘N’ denotes the number of 
nuclei. Data represent mean ± standard deviation (SD), *p<0.05, **p<0.01, ***p<0.001, 
****p<0.0001 from two-sided unpaired t test. Scale bar 50 µm. Data from (Ugorets et al., 2024). 

 

3.4.5. Reduced cell proliferation in myoblasts upon Septin9 knockdown 

Given the potential impact of impaired differentiation on cycling myoblasts growth and 

viability, we assessed Septin9-deficient myoblast proliferation. First, we quantified the 
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expansion of proliferating myoblasts through immunofluorescence-based counting of nuclei-

labeled C2C12 cells. To avoid potential knockdown-induced proliferation differences, cells 

were re-plated 24 hours before the experiment and allowed to differentiate after for the 

specific duration (Fig. 3-27A). Following Septin9 depletion, a notable reduction in myoblast 

cell numbers was observed after 24 hours of differentiation (Fig. 3-27B). Despite efforts to 

ensure consistent initial cell densities through automated cell counting before seeding, 

variations were observed. Categorizing experiments based on initial cell density revealed a 

density-dependent hindrance in the expansion of Septin9-deficient myoblasts. Specifically, 

myoblasts with higher initial densities exhibited less efficient expansion compared to sparsely 

seeded counterparts. (Fig. 3-27C-E).  

 

Figure 3-27. Septin9 knockdown impairs expansion of myoblasts in a density-dependent manner  
A Schematic representation of Septin9 knockdown in C2C12 cells. B Quantitative assessment of total 
cell numbers using DAPI nuclear staining in both proliferating and differentiating C2C12 cells upon 
Septin9 knockdown (number of experiments >45). To account for differences in initial cell densities 
in the beginning of the experiment, the experiments were grouped based on the initial cell count of 
proliferating control cells (first white bar). Consequently, red lines arbitrary divide experiments into 
three categories: C low density- below 160 cells per field of view (less than 20.000 cells per cm2), D 
normal density- below 320 cells per field of view (less than 40.000 cells per cm2) and E high density- 
above 320 cells per field of view (more than 40.000 cells per cm2). Data represent mean ± standard 
deviation (SD), *p<0.05, **p<0.01, ***p<0.001, ****p<0.0001 from Mann-Whitney-U-test. 

 

To elucidate the basis for the decreased cell numbers, we investigated whether Septin9 

depletion impacts progression through specific cell cycle stages. We employed the 

proliferation marker Ki67, the mitotic phospho-Histone H3 (pHH3) marker, and a 5-Ethynyl-

2′-deoxyuridine (EdU) incorporation assay highlighting DNA synthesis (Fig. 3-28). Notably, 

Septin9 depletion did not substantially alter myoblast expansion under the tested conditions, 

as evidenced by Ki67 and pHH3 staining in C2C12 (Fig. 3-28A-B). However, a reduction in 

Septin9-deficient cells during the DNA synthesis phase (S-phase) of the cell cycle was 
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observed through the EdU assay. This impairment in transitioning through the DNA synthesis 

phase was reversed once myoblasts were exposed to myogenesis permissive conditions (Fig. 

3-28C). Collectively, these findings indicate a modest decline in cell cycle progression in 

absence of Septin9.  

 

Figure 3-28. Mild reduction in S phase of the cell cycle upon Septin9 depletion  
Fluorescent proliferation assays conducted on both proliferating and differentiating C2C12 cells 
deficient in functional septins. A Representative images captured on day 0 depicting Ki67 
proliferation marker labeling, along with imaging-based quantification. B Visualization of the mitotic 
marker phospho-Histone H3 (pHH3) on day 0 along, with imaging-based quantification of dividing 
cells. C Representative micrographs showing the fluorescent EdU incorporation assay on day 0, 
alongside quantification of cells residing within the DNA synthesis (S) phase of the cell cycle. Data 
represent mean ± standard deviation (SD), *p<0.05, **p<0.01, ***p<0.001, ****p<0.0001 from two-
sided unpaired t test. Scale bar 50 µm in a-b, 20 µm in c. 

 

3.4.6. Increased apoptosis in myoblasts upon Septin9 knockdown  

The decline in cell numbers may also arise from augmented cell death. To explore this, we 

investigated apoptosis rates upon Septin9 knockdown. Specifically, we focused on the 

execution pathway of the programmed cell death, centering on the activation of caspase 3 

(Fig. 3-29). Western blot analysis of cleaved caspase 3 protein levels was conducted in C2C12 

cells lacking functional septin filaments. Notably, Septin9 depletion induced an upregulation 

of caspase 3 cleavage in both proliferating and early differentiating myoblasts (Fig. 3-29A-B). 
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Furthermore, we assessed the activity of the cleaved executioner caspase 3 and 7 using a 

luminescent assay based on the cleavage of a proluminescent caspase substrate. This analysis 

revealed an augmentation in executioner caspase activity following Septin9 knockdown in 

both proliferating cells and those undergoing 12 hours of myogenic differentiation. It is 

noteworthy that no significant variation in cleaved caspase 3/7 activity was observed in cells 

differentiating for 24 hours (Fig. 3-29C-D). Next, we examined the levels of cleaved caspase 3 

in Septin9 deficient cells using immunofluorescence. The frequency of cells exhibiting cleaved 

caspase 3 staining upon Septin9 knockdown displayed a tendency towards elevation across 

all tested conditions, mirroring the observations from protein levels analysis. However, this 

increase did not attain statistical significance in this assay (Fig. 3-29E).  

 

Figure 3-29. Septin9 knockdown activates Caspase3 and 7 
A Septin9 depletion induced elevated protein levels of active cleaved Caspase3 protein in both 
proliferating and differentiating C2C12 cells. B Quantitative assessment of cleaved Caspase3 levels, 
normalized to Gapdh from panel (A). C Luminescent Caspase-Glo 3/7 assay revealed increased activity 
of executioner caspases 3 and 7 upon Septin9 depletion in early differentiating C2C12 cells. D 
Validation of Caspase-Glo 3/7 assay with positive and negative control in wild type C2C12 cells. 
Positive control involved 3-hour incubation with 1µM apoptosis-inducing agent staurosporine, while 
the negative control included pre-treatment with irreversible Caspase3 inhibitor FMK for 1 hour, 
followed by staurosporine incubation. E Representative epifluorescence images illustrating control 
and Septin9 knockdown C2C12 cells labeled for cleaved Caspase3, accompanied by quantification of 
the cleaved Caspase3-positive cells. Data represent mean ± standard deviation (SD), *p<0.05, 
**p<0.01, ***p<0.001, ****p<0.0001 from two-sided unpaired t test. Scale bar 50 µm.  
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Next, we investigated the levels of cleaved caspase 3 in Septin9 deficient cells via 

immunofluorescence. The number of cells with cleaved caspase upon Septin9 knockdown 

shows a tendency towards an increase under all tested conditions as in case of the protein 

levels, but the increase is not significant in this assay (Fig. 3-29E). 

Moreover, we investigated the downstream effects of the executioner caspase pathway. 

Specifically, Caspase 3-mediated cleavage of Parp-1 and subsequent activation of 

endonucleases that induce DNA strand breaks (Elmore, 2007). In the context of Septin9 

depletion, we observed an increase in total Parp-1 protein cleavage in differentiating, but not 

proliferating C2C12 cells (Fig. 3-30A). To evaluate endonuclease cleavage products, we used 

the TdT-mediated dUTP-biotin nick end labeling (TUNEL) assay, revealing an increase in DNA 

single strand breaks in cells lacking functional septin filaments. Notably, C2C12 exhibited a 

trend toward increased TUNEL signal in proliferating cells, with significant upregulation 

detected only in cells undergoing differentiation for 12 and 24 hours (Fig. 3-30B). Together, 

Septin9 is potentially involved in regulation of myoblast survival, as its depletion leads to 

enhanced apoptosis. 

 

Figure 3-30. Septin9 depletion increased apoptosis  
A Septin9 depletion results in augmented apoptosis, as indicated by the accumulation of apoptosis-
associated Parp-1 cleavage in both proliferating and differentiating C2C12 cells. Total Parp-1 levels 
are represented, with antibodies that also recognize cleaved protein. B Epifluorescence images 
display nuclei labeled with DAPI and apoptotic cells labeled using the Terminal deoxynucleotidyl 
transferase dUTP nick end labeling (TUNEL) assay. Quantification of TUNEL-positive cells revealed an 
increase in apoptotic events in differentiating C2C12 cells lacking Septin9. Data represent mean ± 
standard deviation (SD), *p<0.05, **p<0.01, ***p<0.001, ****p<0.0001 from two-sided unpaired t 
test. Scale bar 20 µm. 

 

3.4.7. Septin2 interactome in proliferating and differentiating C2C12 cells 

In pursuit of identifying interaction partners of septin oligomers, we performed an 

immunoprecipitation of Septin2 coupled with Maldi/LC-MS analysis in both proliferating and 

5-day differentiating C2C12 cells (Fig. 3-31 and Table 3-3 – 3-6 and Table 6-2) (MS facility FMP 
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Berlin, Heike Stephanowitz, Prof. Dr. Michael Krauss). We identified 67 interaction partners 

exhibiting specific enrichment through anti-Septin2 antibodies in proliferating cells, and 29 

proteins interacting with Septin2 in differentiating cells (Fig. 3-31A-B). Notably, several septin 

paralogs emerged as consistent Septin2 interactors under both experimental conditions 

(discussed in detail in chapter 3.1.5). Moreover, we found Septin2 to interact with a myogenic 

transcription factor Nuclear factor of activated T cells 5 (Nfat5) (O’Connor et al., 2007) and 

the inhibitory component of the positive transcription elongation factor b (P-TEFb) complex, 

hexamethylene bisacetamide inducible 1 (Hexim1 or Clp-1), which modulates the expansion 

of satellite cells (Hong et al., 2012) (Fig. 3-31A-B). Most of the identified proteins exhibited 

specific enrichment by anti-Septin2 antibodies exclusively in proliferating cells. Noteworthy, 

among these interactors was Protein arginine methyltransferase 5 (Prmt5), a crucial factor in 

Myod1-induced myogenesis (Dacwag et al., 2007) along with its associated adaptor protein 

WD domain 77 (Wdr77) (Mulvaney et al., 2021) (Fig. 3-31A). Furthermore, we compared 

enrichment strength of the identified interaction partners across different conditions (Fig. 3C-

D). Our results highlighted eight proteins that displayed significantly reduced enrichment 

with anti-Septin2 antibodies in differentiating cells, including Nfat5 (Fig. 3-31C). We employed 

control IgGs as a negative control for proteins exhibiting differential enrichment by control 

IgGs and beads across experimental conditions, revealing four proteins, such as Nascent 

polypeptide associated complex subunit alpha (Naca) among others, that need to be 

evaluated carefully (Fig. 3-31D). Overall, our findings point to a select group of proteins 

potentially influencing the course of myogenic differentiation through interactions with 

septin complexes. 
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Figure 3-31. Septin2 interactome in proliferating and differentiating C2C12 cells identified by 
affinity purification mass spectrometry 
A Volcano plot depicting Septin2 interactors identified in proliferating C2C12 cells. Meaningful 
interactors are represented by significant and specific hits (enrichment > 2 Log2FC, p value < 
0.05). B Volcano plot highlights significant specific Septin2 interactors (enrichment > 2 Log2FC, 
p value < 0.05) in C2C12 cells undergoing 5 days of myogenic differentiation. C-D Comparative 
analysis of Septin2 interacting partners enriched with Septin2 IgG and control IgGs during 
proliferation and differentiation. C Volcano plots representing meaningful (specific interactors 
from A and B) and significant Septin2 interactors (enrichment > 2 Log2FC, p value < 0.05) in 
differentiating cells compared to proliferating cells. Downregulation signifies potentially 
reduced interaction with Septin2 during differentiation, while upregulation indicates increased 
interaction with Septin2. D Enrichment of meaningful interactors (specific interactors from A 
and B) by control IgGs. Significant hits (enrichment > 2 Log2FC, p value < 0.05) show enhanced 
specific enrichment with control IgGs in differentiating cells. 
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Table 3-3. Selected interactors of Septin2 in proliferating C2C12 cells 

Gene name Log2 IgG_d0_avg Log2 S2IP_d0_avg -Log10 p-value Log2 FC difference 
S2IP/ IgG day 0 

Neurl4 19.67 24.48 4.08 4.82 

Hexim1 18.66 22.23 4.02 3.56 

Herc2 19.34 25.17 3.82 5.82 

Prmt5 19.03 26.02 3.78 6.99 

Aebp1 18.48 21.73 3.68 3.25 

Arhgap17 19.23 24.85 3.63 5.61 

Wdr77 19.51 24.76 3.49 5.25 

Dhx36 18.97 24.04 3.30 5.07 

Nfat5 18.96 25.96 3.19 7.00 

 
Table 3-4. Selected interactors of Septin2 in C2C12 cells differentiating for 5 days 

Gene name Log2 IgG_d5_avg Log2 S2IP_d5_avg -Log10 p-value Log2 FC difference 
S2IP/ IgG day 5 

Neurl4 19.34 23.83 4.57 4.49 

Map7d1 23.54 27.58 3.62 4.03 

Hexim1 18.34 22.83 3.57 4.49 

Herc2 19.02 23.59 2.89 4.57 

Nfat5 19.31 23.47 2.50 4.17 

 
Table 3-5. Interactors of Septin2 that exhibit differences in enrichment during differentiation 

Gene name Log2 
IgG_d0_avg 

Log2 
S2IP_d0_avg 

Log2 
IgG_d5_avg 

Log2 
S2IP_d5_avg 

-Log10   
p-value 

Log2 FC difference 
S2IP d5/ S2IP d0 

Anln 19.71 23.06 19.04 18.83 3.83 -4.23 

Naca 19.51 23.34 25.31 26.52 2.75 3.18 

Nfat5 18.96 25.96 19.31 23.47 1.75 -2.49 

 
Table 3-6. Proteins that exhibit increased enrichment by control IgG during differentiation 

Gene name Log2 
IgG_d0_avg 

Log2 
S2IP_d0_avg 

Log2 
IgG_d5_avg 

Log2 
S2IP_d5_avg 

-Log10   
p-value 

Log2 FC 
difference 

IgG d5/ IgG d0 

Naca 19.51 23.34 25.31 26.52 3.94 5.80 

Prmt5 19.03 26.02 23.30 25.53 2.73 4.27 

Septin6 19.80 26.68 23.42 26.34 2.58 3.63 

Srsf3 19.01 23.46 22.98 23.41 2.56 3.98 
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4. Discussion 

With the exception of sensory and neuronal functions, skeletal muscle enables animals to 

perform nearly all daily activities, from walking and running to lifting and breathing. Given its 

vital roles, understanding the biology of skeletal muscle—how it forms, maintains itself, 

regenerates, and functions—is crucial. Basic research on muscle cell differentiation, the 

process by which dormant stem cells transform into contractile muscle fibers, helps us grasp 

these essential processes. Such research can ultimately provide new methods to enhance the 

beneficial characteristics of healthy muscle, with the aim of extending a healthy lifespan.  

In this study, it was examined how the cytoskeleton, the cell’s structural framework, 

influences the orderly progression of muscle cell differentiation. I found that cytoskeletal 

reorganization is crucial during the early stages of myoblast differentiation and fusion, which 

aligns with previous knowledge. The focus was on a lesser-known family of cytoskeletal 

proteins, called septins. Septins were once thought to be passive scaffolding elements in 

biological processes, and their importance in muscle biology has only recently come to light. 

For instance, Septin7 is postulated to be essential for the structure and function of 

mammalian skeletal muscle (Gönczi et al., 2022, 2021). 

This newfound interest in septins led us to explore their dynamic expression pattern in adult 

MuSCs and myoblasts. I observed a significant reorganization of septin filaments during early 

myoblast differentiation. Moreover, I discovered that depleting Septin9, a passive cytoskeletal 

component, accelerates the onset of the myogenic differentiation program. In summary, 

septins were identified as an integral part of the muscle cell cytoskeleton, ensuring the 

orderly progression through myogenic differentiation.  

 

4.1. Septins in muscle cells 

To comprehensively understand septin function in specific cell lines or tissues, it is crucial to 

characterize the expression profile of all septins within the chosen model. Due to the 

extensive number of septin genes in mammals, comparative expression profiles of all septins 

in a particular cell type or tissue are still lacking. In this study, we examined the expression 

profiles of septins in proliferating and differentiating myoblasts, as well as MuSCs during adult 

muscle regeneration.  
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Quiescent MuSCs displayed a minimal set of septins, consisting of Septin2, 7, 10, and 11, 

which are sufficient to form a hexamer, with Septin10 and 11 potentially competing for the 

same position within the filament (Fig. 3-2). In contrast, non-quiescent MuSC populations, 

along with in vitro cycling myoblasts and myotubes, expressed Septin8 and Septin9 in addition 

to the core septins. Furthermore, the expression of Septin4 and Septin6 was also temporally 

regulated. Notably, Septin5 expression was exclusive to myoblasts (Fig. 3-2). Our findings 

revealed that Septin2, 7, 9 and 11 were the most highly expressed septins at both the RNA 

(in C2C12 and primary myoblasts) and protein levels (in C2C12 cells). We termed these 

septins the “core myogenic septins” (Fig. 3-1 – 3-6 and Table 3-1). This expression profile 

suggests the formation of octameric complexes, which are the smallest functional units of 

the septin cytoskeleton (Martins et al., 2022) (consequences of Septin9 incorporation are 

discussed in chapter 4.1.3). The expression levels of other septins ranged from trace amounts 

to approximately 10% of the levels observed for the core septins.  

Our findings align with earlier reports demonstrating the expression of various septin 

paralogues in C2C12 cells, as well as in neonatal and adult TA muscle (Gönczi et al., 2022). 

Using semi-quantitative PCR, they identified the presence of most septins, excluding Septin1, 

3, 12, and 14. Our data, alongside their findings, indicate that myoblasts (and potentially 

muscle fibers) express the same set of septin paralogues as activated MuSCs (Fig. 3-1 and 3-

2). This conclusion is further supported by the expression of septin paralogues in adult MuSC 

population from the 3-month-old TA muscle, analyzed within the framework of Tabula Muris 

compendium (Schaum et al., 2018). Examination of Tabula Muris revealed high expression 

levels of various septins, including Septin2, 7, 8, 9, 10 and 11, with lower levels of Septin4, 5, 

and 6 (data not shown). 

Information on septin expression in adult murine muscle is limited. Gönczi et al. showed 

mRNA expression of most septin paralogues, including Septin7, in adult TA muscle (Gönczi et 

al., 2022). Our study also reports Septin9 expression in adult TA muscle (Fig. 3-19), with both 

Septin7 and Septin9 localizing to the contractile compartment of the sarcomere. To support 

this data, we explored the expression of septin paralogues in the Myoatlas, a single-nucleus 

RNASeq data repository from the Millay Lab (Petrany et al., 2020) that analyzes different post-

natal stages of murine TA and Soleus muscle. Our search revealed that only Septin7 and 

Septin11 were abundantly expressed in a subset of adult myonuclei according to Myoatlas 

(data not shown). The Myoatlas repository may overlook septins due to its focus on highly 
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expressed genes, suggesting that other septin paralogues could be present in adult mouse 

muscle. Since multiple paralogues are needed for functional septin complexes, further 

research is required to explore their differential distribution and coordinated expression in 

adult muscle tissue, clarifying septin complex composition and function. 

The expression of septin paralogues in murine myoblasts is generally consistent with those 

of human septins expressed in skeletal muscle, as analyzed via bulk RNASeq from tissue 

biopsies (Carithers et al., 2015) within the framework of The Adult Genotype Tissue 

Expression (GTEx) Project. According to the expressions levels derived from the GTEx Analysis 

v7 (https://gtexportal.org/home/ datasets), human skeletal muscle septins - including 

SEPTIN2, 4, 5, 6, 7, 8, 9, 10 and 11 - are expressed at one or two orders of magnitude lower 

than in a paradigm septin tissue such as spinal cord (Fig. 4-1). Therefore, it is conceivable that 

murine muscle fibers express a selection of septin paralogues similar to human tissue.  

 

Figure 4-1. Septin expression in human spinal cord and skeletal muscle tissues 
Using septin median TPM values we performed hierarchical clustering of gene expression profiles 
from the human spinal cord and skeletal muscle tissues. Septins are color-coded based on subgroups 
of core myogenic protomers as proposed in Fig. 3-1. Data is derived from GTEx portal (THE GTEX 

CONSORTIUM et al., 2015). 

 

This comprehensive profiling underscores the significance of core septins in myogenic 

processes and provides a foundation for further studies on their specific roles in muscle cell 

biology. Additionally, myogenic differentiation and muscle injury resulted in alterations of 

septin expression in myoblasts in vitro and quiescent MuSCs, respectively. This highlights the 

dynamic nature of septin regulation in response to physiological changes, warranting further 

investigation into their expression and organization in myoblasts, myotubes and adult muscle. 
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4.1.1. Insights into Septin6 role in myoblast cell division  

Septin6 expression was observed exclusively in dividing MuSCs, particularly at the 2dpi time 

point, marked by the expression of Cdk1 (Fig. 3-2). While dividing cells express Septin6, 

differentiating myoblasts showed a significant downregulation of this septin following 

induction (Fig. 3-4 and 3-6). This observation aligns with the meta-analysis findings that 

identify Septin6 as a robustly downregulated gene during C2C12 differentiation (Fig. 3-3, 

extracted from (Zhang et al., 2022)). These data suggest a potential role for Septin6 in 

regulating myoblast cell division.  

The detailed understanding of septin paralogue-specific functions and of the mechanisms 

regulating septin expression remains limited. A recent study by Simi et al. identified a putative 

binding site for Snail1, an EMT-promoting transcription factor, in a G/C-rich E-box sequence 

(CAGGTG) located 1kb upstream of the Septin6 promoter (Simi et al., 2018). TGFβ1-

dependent upregulation of Snail1 resulted in increased Septin6 expression in mammary 

epithelial cells undergoing epithelial-mesenchymal transition (EMT), promoting the EMT 

phenotype and multinucleation through increased persistence of the intracellular bridge 

(Simi et al., 2018). This effect was enhanced on a stiff ECM substrate and mediated via β1-

integrin-integrin-linked kinase (ILK) signaling, while a soft ECM substrate protected against 

Septin6-mediated multinucleation (Rabie et al., 2021).  

While EMT reprograms myogenic progenitors to migrate during developmental myogenesis, 

its role in post-natal myogenic differentiation is less understood (Dill et al., 2020). Snail1-

driven EMT opposes in vitro myogenic differentiation by competing for E-box sequences of 

differentiation targets with Myod1. Depletion of Snail1 leads to precocious differentiation 

(Soleimani et al., 2012). Interestingly, our RNASeq data showed that depletion of Septin9 

mildly increases (approximately by 20%) the expression of Snail1 and Septin6 in both C2C12 

and primary myoblasts (data not shown). Additionally, Septin9 depletion led to a non-

significant trend towards Septin6 mRNA upregulation in proliferating C2C12 cells (Fig. 3-11D). 

Thus, Septin6 upregulation might play a role in myoblast differentiation downstream of EMT-

promoting agents, although enhanced EMT would contradict the observed precocious 

differentiation in the absence of Septin9. Alternatively, upregulation of Septin6 may represent 

a compensation mechanism, counteracting precocious differentiation upon Septin9-

depletion. 
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Snail1 exhibits complex regulation at multiple levels, and its gene expression does not always 

correlate with its functionality (Baulida et al., 2019). For instance, Snail1 could potentially be 

sequestered by interacting proteins such as Protein arginine methyltransferase 5 (Prmt5) 

(Gao et al., 2021), which we identified as an interaction partner of Septin2 along with its 

adaptor protein Wdr77 in myoblasts but not in myotubes (Fig. 3-31). Septins are essential for 

progression through cytokinesis (Menon and Gaestel, 2015; Russo and Krauss, 2021), and 

Septin6 expression may be regulated by Snail, an MRF, or other unidentified mechanisms to 

facilitate myoblast cell division as a cytokinesis-specialized septin paralogue. Alternatively, 

Septin6 may also be involved in the regulation of myogenic differentiation. Visualization of 

Septin6 in myoblasts and Septin6-depletion experiments during myogenic differentiation may 

shed light on the function of this septin paralogue in the differentiation process. 

 

4.1.2. Septin4 and its isoforms: implications for myogenic and mitochondrial 

processes 

We identified Septin4 as a differentiation-specific septin paralogue (Fig. 3-2, 3-4, and 3-6), 

not expressed in quiescent MuSCs or proliferating myoblasts, but upregulated during 

myogenic differentiation. This aligns with findings from Gönczi et al. (Gönczi et al., 2022), and 

Zhang et al. (Zhang et al., 2022) (Fig. 3-3), suggesting that Septin4 may regulate myoblast 

differentiation. It’s upregulation during differentiation and fusion stages may reflect 

responses to mitochondrial signaling, such as biogenesis or apoptosis (Abbas and Larisch, 

2020; Larisch et al., 2000). Mitochondrial dynamics, including mitogenesis, mitochondrial 

fission (mitokinesis), fusion, mitophagy, and apoptosis, are tightly linked to myogenic 

differentiation (Lin et al., 2024; Rahman and Quadrilatero, 2023b, 2023a, 2021; Sin et al., 

2016; Wagatsuma and Sakuma, 2013). Since disrupted apoptosis impairs differentiation and 

fusion of myoblasts (Lin et al., 2024; Rahman and Quadrilatero, 2023a), Septin4 expression 

may be crucial for orderly myogenic progression.  

Studies show septins interact with the cytosolic GTPase Dnm1l/Drp1 to promote 

mitochondrial fission, and depletion of SEPTIN2 and 7 impairs fission, leading to elongated 

mitochondria in HeLa cells and C. elegans (Pagliuso et al., 2016; Sirianni et al., 2016). 

Moreover, Gönczi et al. observed impaired mitochondrial dynamics in skeletal muscle 

following the conditional knockdown of Septin7. They observed the formation of elongated 

mitochondrial networks with reduced mitochondrial DNA content, suggesting impaired 
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mitochondrial function in murine TA muscle. Additionally, Septin7 knockdown in C2C12 cells 

led to disrupted mitochondrial network organization in myoblasts (Gönczi et al., 2022). This 

highlights the role of septins in regulating mitochondrial dynamics in both myoblasts and 

adult mouse muscle. Together, these studies suggest a conserved role for septins in 

mitochondrial dynamics and provide evidence for mitochondria-assisted septin assembly, 

although the precise mechanisms remain unclear.  

For a long time, Septin4 was the only septin linked to mitochondria (Takahashi et al., 2003). 

In rat brain, a mitochondrial variant of Septin4 (termed M-septin) is upregulated during 

neuronal differentiation. It transiently localizes to mitochondria during neurite outgrowth, 

aiding protein recruitment for axon guidance in embryonal carcinoma P19 cells (Takahashi et 

al., 2003). Similarly, upregulated Septin4 during myogenic differentiation and muscle 

regeneration may help recruit septins to dynamically reorganizing mitochondrial network in 

myoblasts, facilitating differentiation.  

Another mitochondria-associated splice variant of Septin4, the apoptosis-related protein in 

TGF-β signaling pathway (Arts/Septin4_i2), results from intron retention in Septin4 (Mandel-

Gutfreund et al., 2011). This variant localizes to the mitochondrial outer membrane (Edison 

et al., 2012) and serves as a pro-apoptotic protein (Abbas et al., 2024, p. 20; Larisch et al., 

2000). Not yet reported in skeletal muscle, Arts exhibits a distinct tissue expression pattern 

and has a separate transcription start site compared to Septin4_i1 (Larisch et al., 2000). It 

lacks the first 20 amino-terminal residues and carries a Siah consensus motif for binding to 

the E3 ligase Siah-1 (Mandel-Gutfreund et al., 2011). The intron retention event between 

exon 6 and 7 results in a premature stop codon and 27 unique unstructured amino acids at 

the C-terminus that confer binding to Xiap, another E3 ligase (Bian et al., 2022; Mandel-

Gutfreund et al., 2011). The premature stop within the G domain of Arts leads to the loss of 

the G4 element, which confers nucleotide specificity (Cavini et al., 2021; Larisch et al., 2000), 

and of the coiled-coil sequences, typical for Septin2 subgroup (Cavini et al., 2021). 

Consequently, Arts is presumed to be incapable of exchanging or even binding nucleotide, 

and potentially unable to oligomerize with other septins, as the G4 element is essential for 

inter-septin interaction at the G-interface (Cavini et al., 2021). The absence of the coiled coil 

sequences can further destabilize interactions with other septins, as these sequences 

stabilize the NC-interface, although polymerization is not entirely prevented without them 

(Sirajuddin et al., 2007; Szuba et al., 2021). Interestingly, mutations in the P-loop domain of 
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Arts abolish its apoptosis-inducing capability (Gottfried et al., 2004). Therefore, it remains 

unclear whether Arts functions as a septin-like protein with septin-independent roles or is 

functionally related to filament-forming septins.  

Enhanced Septin4 expression during myogenic differentiation may indicate increased 

expression of the pro-apoptotic Arts isoform or a shift in the Septin4 isoform ratio. This 

upregulation may compensate for the increased apoptotic resistance in myotubes, driven by 

mitochondrial signaling adjustments (Bloemberg and Quadrilatero, 2014; McMillan and 

Quadrilatero, 2014; Salucci et al., 2013; Sandri and Carraro, 1999; Smith et al., 2009). 

Myotubes exhibit enhanced anti-apoptotic ability through Apaf1 downregulation (Smith et 

al., 2009) and Bcl2 upregulation (Baechler et al., 2019; Dominov et al., 1998; Schöneich et al., 

2014), while Xiap levels remain stable (Smith et al., 2009). The Septin4_i2/Arts isoform 

promotes apoptosis by inhibiting Xiap and Bcl2 via the proteasomal pathway and cooperating 

with the Transformation-related protein 53 (p53) to inhibit Bcl-Xl (Bcl2l1) (Bian et al., 2022; 

Hao et al., 2022). Arts overexpression induces apoptosis in various cancer cell lines by binding 

to Xiap (Bornstein et al., 2011; Larisch et al., 2000; Reingewertz et al., 2011), leading to its 

degradation and the release of active caspases (Abbas et al., 2024). Abbas et al. also 

described a feedback loop where p53 enhances Arts expression, resulting in Xiap degradation 

and robust apoptotic signaling (Abbas et al., 2024).  

The expression of Septin4_i2/Arts in muscle cells or during myogenic differentiation has not 

been reported. It remains unclear which Septin4 isoforms are expressed in differentiating 

myoblasts. The primers used in our study detect all Septin4 splice variants, without 

distinguishing between them. Targeting the unique C-terminal tail of Arts could differentiate 

it from the Septin4_i1. Moreover, the relationship between changes in other paralogues’ 

expression and Septin4 upregulation, as well as Septin4’s integration into filamentous 

structures in muscle cells, remains to be investigated.  

Septin4 is also implicated in pro-apoptotic signaling. Septin4_i2/Arts was initially the only 

mammalian septin linked to apoptosis, with early research on Tetrahymena thermophila 

suggesting septin-like proteins had anti-apoptotic functions (Aravind et al., 1999; Larisch et 

al., 2000; Włoga et al., 2008). More recently, Wu and colleagues demonstrated that Septin4 

promotes cardiomyocyte apoptosis by targeting the E3 ubiquitin ligase von Hippel-Lindau 

protein (VHL) to the cardioprotective HIF-1α, worsening hypoxia-induced cell death (S. Wu et 
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al., 2021). Septin4 interacts with HIF-1α via its GTP domain, suggesting its involvement in 

apoptosis regulation without excluding any isoform (S. Wu et al., 2021). 

Research by the Mostowy Lab showed that Septin2 and 7 facilitate Cytochrome C release and 

Casp3, 7 and 9 activation in Hela cells and zebrafish larvae, highlighting the role of septins in 

mitochondrial apoptosis (Van Ngo et al., 2023). They proposed that septin polymers, rather 

than smaller entities or Arts, stabilize mitochondrial membranes during fission or apoptosis 

by scaffolding other interactions partners. (Van Ngo et al., 2023). This suggests that septin 

paralogues beyond Septin4 participate in apoptosis at the mitochondrial membrane. Further 

research is needed to determine if any Septin4 isoform is involved in mammalian apoptosis 

and whether its expression regulates myogenic differentiation. 

 

4.1.3. Septin9: Indicator of myoblast activity and differentiation 

In regenerating MuSCs Septin6 and 4 distinctly mark dividing and differentiated populations, 

respectively, whereas most other septins show broader expression since they are present in 

several MuSC populations (Fig. 3-2). Activated MuSCs begin to express additional septin 

paralogues such as Septin8 and 9 (Fig. 3-2). Septin8, belonging to the same subfamily of 

Septin10 and 11, may diversify the second outer position in the filament occupied by this 

subgroup (Mendonça et al., 2019; Soroor et al., 2021). Septin9 mediates the binding of 

septins to actin (Mavrakis et al., 2014; Smith et al., 2015) and microtubules (Bai et al., 2013; 

Kuzmić et al., 2022), significantly shifting the functionality and behavior of septin complexes 

within the cell. Notably, Septin9 expression diminishes to undetectable levels 21 days post-

injury, when MuSCs are expected to return to quiescence after successful regeneration 

(Baghdadi and Tajbakhsh, 2018), highlighting the dynamic nature of septin expression.  

This downregulation raises important questions about how septin expression changes during 

other transitions along the full myogenic trajectory in developing or regenerating muscle, for 

instance during transition from quiescent to activated MuSC state (Cao et al., 2019; De 

Micheli et al., 2020; Oprescu et al., 2020; Porpiglia et al., 2017). Furthermore, it is important 

to examine whether the protein expression of Septin9 mirrors the RNA level changes 

observed in regenerating MuSCs? Additionally, it is of great interest to understand septins 

expression in adult muscle across different ages. Advances and tools from the muscle 

research community offer unique opportunities to study septins in detail during both 

transitions along the myogenic trajectory and in stable branch points. These branch points 
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are represented by quiescent MuSCs, muscle fibers, and a heterogenous population of 

transiently amplifying progenitors (myoblasts) (Motohashi and Asakura, 2014; Tierney and 

Sacco, 2016). Elucidating the role of septins in stem cells is ambitious and remains an open 

area for future research.  

We examined Septin9 expression in adult mouse TA muscle and found it localized in 

sarcomeres, potentially in the immobile fraction and terminal cisternae of the sarcoplasmic 

reticulum, but not in the Myh-positive contractile fraction (Fig. 3-19). Septin7 expression and 

sarcomeric organization in adult mouse muscles, correlating with muscle contractility, has 

previously been reported, alongside with age-dependent downregulation over four-month 

period (Gönczi et al., 2022). The presence of both Septin9 and Septin7 in adult muscle 

suggests that these septins likely form complexes within muscle fibers, as their monomeric 

functions have not been documented. Similarly, postnatal downregulation of septins in 

cardiomyocytes was noted by Ahuja et al., with the hypothesis that septins may be used less 

in post-mitotic tissue (Ahuja et al., 2006). Furthermore, De Gasperi et al. demonstrated that 

Septin7 partially co-localizes with the adaptor protein Numb in skeletal muscle sarcomeres 

and interacts with Numb in C2C12 cells (De Gasperi et al., 2024). Numb levels are reduced in 

older individuals (Carey et al., 2007) and in muscles from 24-month-old mice (De Gasperi et 

al., 2022), and disrupting Numb expression leads to disorganized sarcomeres and 

mitochondrial networks, as well as Septin7 organization (De Gasperi et al., 2024). The authors 

speculate that the aging-related reduction of Numb expression may perturb Septin7 

organization and impair overall physical function (De Gasperi et al., 2024). Our findings, 

demonstrating Septin9 expression localized to the sarcomers in adult muscle, suggest a 

potential structural role for Septin9 alongside Septin7 in maintaining sarcomeric organization 

and mitochondrial function. Given the age-dependent downregulation of Septin7 and its 

interaction with the adaptor protein Numb, it is plausible that similar mechanisms could 

regulate Septin9 in aging muscle. Investigating the expression and localization of Septin9 in 

aged muscle may provide deeper insights into how septins contribute to sarcomeric integrity 

and muscle function during aging. 

Additionally, we observed a general downregulation of all septins during myogenic 

differentiation in C2C12 cells and primary myoblasts, raising intriguing questions about the 

extent of septin downregulation during muscle formation. It seems implausible that septin 

expression is so low as to be undetectable at the end of the differentiation process, and 
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myonuclei must re-express at least Septin7 and 9 in adult muscle. Currently available public 

data and our study cannot adequately answer this question. The transition from 

mononucleated MuSCs to syncytial myonuclei is challenging to target in a single-cell 

approach, as myonuclei, although detected, are typically bioinformatically excluded due to 

difficulty in distinguishing between non-injured and newly incorporated ones. Data on 

developmental myogenesis, such as presented by Cao et al (Cao et al., 2019), offer a 

possibility to elucidate this issue, as muscle fibers do not exist at early developmental stages 

like E9.5 (Biressi et al., 2007a). Lastly, an age-dependent decrease in expression in brain tissue 

has been demonstrated for SEPTIN3 and 5, human septins paralogues highly co-expressed in 

various brain tissues (Zuvanov et al., 2019). The authors speculate that these septins may be 

involved in cognitive decline and neurodegenerative diseases associated with advanced age 

(Zuvanov et al., 2019). Collectively, this underscores the potential regulatory roles of septins 

in myogenic contexts beyond just myogenic differentiation. 

 

4.1.4. Early Sepitn9 protein induction and isoform variability during 

differentiation 

The dynamics of Septin9 expression during myogenic differentiation are of particular interest, 

as the mechanisms of transcriptional and translational control over septin expression are 

largely unknown. Regenerating muscle datasets have shown an early induction of core 

septins expression to varying degrees (Fig. 3-2). Specifically, septins are induced at 0.5 dpi, a 

highly dynamic stage of regeneration characterized by a marked immune response and 

subsequent steps of MuSC activation, cell cycle entry, and terminal differentiation (Relaix and 

Zammit, 2012). The profound changes in Septin9 expression profile suggest that some factors 

may stimulate its expression during the early stages of regeneration. Notably, core septins 

maintain high expression levels until 21 dpi, when MRFs and inflammatory signaling diminish, 

indicating the completion of the regeneration process (Baghdadi and Tajbakhsh, 2018). This 

supports the involvement of factors driving regeneration in the transcriptional modulation of 

septin expression.  

In this study we identified two long isoforms of Septin9 alongside one short splice variant, 

which lacks the unstructured N-terminal extension. It will be important to investigate the 

prevalence of these alternatively spliced Septin9 variants during changes in expression 

observed in regeneration datasets. While many septin genes produce several splice variants, 
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Zuvanov et al. argue for the coordinated expression of the predominant isoform (Zuvanov et 

al., 2019). By analyzing human septin expression in the GTEx database, the authors calculated 

the average proportion of each isoform across various tissues, concluding that most steady-

state complexes formed in a cell are expected to be uniform in isoform composition (Zuvanov 

et al., 2019).  

There is some conflicting evidence regarding which specific Septin9 N-terminal extension 

enables septins to cross-link actin filaments in vitro (Iv et al., 2021; Smith et al., 2015). 

Moreover, Martins et al. demonstrated that a non-dimerizing Septin9 mutant (or a Septin9 

knockdown) abolishes the association of septins with actin stress fibers in U2OS cells (Martins 

et al., 2022). While these findings suggest that distinct Septin9 variants contribute differently 

to septin filament organization, it remains to be elucidated how Septin9 isoforms affect septin 

complex formation and interaction with actin filaments in myoblasts. 

The dynamic expression of Septin9 at the protein level during myogenic differentiation in 

both C2C12 cells and primary myoblasts further supports its regulatory role in myogenic 

differentiation (Fig. 3-4G and Fig. 3-6F). Both cell lines exhibit increased Septin9 expression 

12 hours after induction of differentiation (Fig. 3-S1). However, due to the absence of 

comprehensive RNA data at this 12-hour time point, it is unclear whether protein regulation 

mirrors RNA changes. The induction of Septin9 in regenerating MuSCs suggests a potential 

link to factors regulating myogenic differentiation, although the expression of Septin9 mRNA 

in myoblasts needs to be investigated separately. We hypothesize that enhanced expression 

of Septin9 mRNA must occurs rapidly, within the first 12 hours of differentiation. Moreover, 

a translational or protein stabilizing effect at the beginning of differentiation might be 

responsible, although this has not been previously demonstrated for septins, to the best of 

my knowledge.  

Understanding the early upregulation of Septin9 could enhance our mechanistic knowledge 

of regulatory processes behind septin expression and tissue distribution. Overall, we 

observed a global downregulation of multiple ubiquitous septins during myogenic 

differentiation, except of Septin4 (Fig. 3-4 and 3-6). Less abundant myoblast septins, including 

Septin5, 8, and 10, may play redundant roles or help diversify and fine-tune the core septin 

protomer composition, likely consisting of Septin2-11-7-9 paralogues. They may also engage 

in core filament-independent functions, although hetero-oligomerization appears to be an 

obligatory mechanism of septin activity (Ivanov et al., 2021). Septins represent an 
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understudied family of proteins in the myogenic context, potentially playing regulatory roles 

during and beyond myogenic differentiation. They could maintain the homeostasis and 

organization of MuSCs or of the adult muscle tissue, and could regulate orderly progression 

during transition states, such as muscle cell development and regeneration, hence it is of 

crucial to elucidate their expression and subcellular organization. 

 

4.2. First insights into septin reorganization during myogenic 

differentiation 

Myogenic differentiation induces not only changes in gene expression but also distinct 

alterations in the morphology of proliferating myoblasts as they transition into terminally 

differentiated contractile fibers (Chal and Pourquié, 2017; Relaix and Zammit, 2012). Initially, 

myoblasts transform into fusion-competent myocytes, and their subsequent fusion gives rise 

to new myotubes. These complex cellular transitions are accompanied by the reorganization 

of various cytoskeletal proteins (Sampath et al., 2018; Schejter, 2016), including actin 

(Bruyère et al., 2019; Duan and Gallagher, 2009; Nowak et al., 2009; Städler et al., 2010; 

Swailes et al., 2006, 2004) and tubulin (Becker et al., 2020; Lu et al., 2001; Lucas and Cooper, 

2023; Musa et al., 2003; Tassin et al., 1985). In this study, we investigated the organization of 

Septin9 in myoblasts, elucidating the dynamic changes in Sepint9 distribution during the 

progression from proliferating to differentiated muscle cells.  

To characterize these dynamic changes in septin reorganization, we generated a C-terminal 

meGFP-Septin9 C2C12 cell line, which enables visualization of all endogenous Septin9 splice 

variants produced via N-terminal alternative splicing (Connolly et al., 2011; Verdier-Pinard et 

al., 2017). Using live confocal and TIRF microscopy, we examined the subcellular 

reorganization of septins during myogenic differentiation with high resolution. Our 

observations revealed that in proliferating myoblasts, septins primarily associate with 

contractile actin structures near the plasma membrane (Fig. 3-7, 3-12 and 3-15). As cells 

transition to fusion-competent myocytes, septins gradually dissociate from these actin 

structures (Fig. 3-8, 3-9 and 3-15). In myotubes, septins are found in membrane proximity as 

filamentous remnants, and mostly as short rods and rings dispersed throughout the 

sarcoplasm (Fig. 3-7, 3-12 and 3-13).  
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In the following chapters, I will discuss the potential regulatory mechanisms that could 

influence septin organization in myoblasts and explore the possible cellular consequences of 

septin reorganization.  

 

4.3. Putative causes of Septin9 reorganization during myogenic 

differentiation 

Understanding the causes of the remarkable reorganization of septins during myoblast 

differentiation is complex, as the knowledge about upstream regulators of septin organization 

is limited. The following chapters discuss potential regulators of the septin cytoskeleton. 

 

4.3.1. Rho GTPases 

Rho GTPases are key regulators of cytoskeletal organization (Etienne-Manneville and Hall, 

2002; Narumiya and Thumkeo, 2018), and may influence septin reorganization. Dominant-

negative mutants of RhoA, Cdc42 and Rac1 disrupt both actin and septin organization 

(Schmidt and Nichols, 2004). While, RhoA has not been shown to directly regulate septins, 

it’s reduced activity could lead to septin disassembly via actin stress fiber downregulation 

(Brunton et al., 2004; Burridge and Guilluy, 2016). Additionally, acute activation of 

photoactivatable Rac1 recruited Septin7 to the cell periphery in NRK cells, although the 

underlying mechanism remains unclear (Merenich et al., 2022). Cdc42, however, has been 

convincingly shown to affect septin localization through Borg proteins (Tomasso and Padrick, 

2023), which directly bind to septins (Joberty et al., 2001; Sheffield et al., 2003). With some 

exceptions (Salameh et al., 2021), Cdc42 displaces Borg proteins from thick septin filaments, 

which Borgs promote, thereby regulating actin stress fiber organization in cells (Tomasso and 

Padrick, 2023). Cdc42, and to lesser extend RhoA, appear to be potential upstream effectors 

of septin reorganization during myoblast differentiation. 

The role of Cdc42 in myogenic differentiation is debated. Constitutively active Rac1/Cdc42 

has been shown to activate the Myogenin promoter (Takano et al., 1998), while dominant 

negative Rac1/Cdc42 mutants impair Myogenin expression and p38 activity,  indicating that 

these GTPases are necessary for differentiation (Meriane et al., 2000). However, most studies 

suggest a negative role for Rac1/Cdc42 in differentiation, based on activating mutations in 

various models (Gallo et al., 1999; Heller et al., 2001; Meriane et al., 2002, 2000; Travaglione 
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et al., 2005). Interestingly, depletion of Rac1/Cdc42 did not affect the in vivo differentiation 

of myogenic progenitors derived from Lbx1cre mice, which undergo recombination in 

myogenic progenitor cells migrating to targets such as limbs (Jagla et al., 1995; Vasyutina et 

al., 2009). Instead, Cdc42 appears crucial in later stages of differentiation, with its activity 

increasing towards myoblast fusion in cultured myoblasts (Travaglione et al., 2005). Indeed, 

Cdc42, Rac1, and their effectors Pak1 and Pak3 are essential for myoblast fusion (Charrasse 

et al., 2007; Joseph et al., 2017; Vasyutina et al., 2009). Therefore, the observed 

reorganization of Septin9 in this study may be driven by Cdc42, as C2C12 cells express at least 

Borg2, 4, and 5, which can mediate Cdc42-induced septin disassembly (Fig. 6-1 and 6-2). We 

also observed interactions between Septin9 and exogenous rat Borg1-5 proteins, as well as 

wild type, constitutively active or dominant negative Cdc42. Additionally, Borg1-5 localize to 

septin filaments in C2C12 cells (Fig. 6-1 and 6-2). While Cdc42’s influence was not explored 

in depth here, it likely plays a role in septin reorganization during differentiation. 

The role of RhoA in myogenic differentiation is not fully understood. Early studies, primarily 

conducted in C2C12 cells, demonstrated that introduction of constitutive active (ca) or wild 

type RhoA promotes muscle-specific gene expression (Dhawan and Helfman, 2004; Meriane 

et al., 2000; Takano et al., 1998; Wei et al., 2000, 1998). In contrast, later studies reported 

that caRhoA is dispensable for the progression of myogenic differentiation (Castellani et al., 

2006; Nishiyama et al., 2004). Nevertheless, dominant negative RhoA (dnRhoA) mutant or 

RhoA inhibitor C3 have been shown to block myogenic differentiation (Takano et al., 1998; 

Wei et al., 1998), which conflicts with studies reporting no impaired myogenic differentiation 

upon dnRhoA introduction (Dhawan and Helfman, 2004).  

Recent research has shown that RhoA is crucial for muscle development and regeneration, 

highlighting its significant role in regulating both embryonic and adult myogenesis (Noviello 

et al., 2023, 2022; Saclier et al., 2020; Taglietti et al., 2018). Despite the initial controversial 

findings, RhoA is considered essential for initiating the myogenic program by stimulating 

Serum response factor (Srf)-mediated muscle-specific gene expression, actin remodeling, and 

by maintaining myoblasts in a proliferative state (Burridge et al., 2019; Carnac et al., 1998; 

Dhawan and Helfman, 2004; Meriane et al., 2000; Miralles et al., 2003; Sotiropoulos et al., 

1999; Takano et al., 1998; Wei et al., 1998). Later, RhoA exhibits an activity pattern opposite 

to that of Cdc42 and Rac1 and must be inhibited to induce cell cycle exit and efficient fusion 

(Castellani et al., 2006; Iwasaki et al., 2008; Meriane et al., 2000). These oscillations between 
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high and low RhoA activity in dividing and differentiating myoblasts have been demonstrated 

in vitro (Charrasse et al., 2006; Nishiyama et al., 2004). 

One of the principal effectors of Rho GTPase is the Rho-associated kinase (Rock) (Bishop and 

Hall, 2000; Guan et al., 2023; Watanabe et al., 1997). RhoA utilizes Rock to regulate the actin 

cytoskeleton in myoblasts, but recent research suggests that Rock has also RhoA-

independent roles in myogenesis (Castellani et al., 2006). Notably, Rock1 functions as a 

negative regulator of myogenic differentiation, preventing myoblast fusion (Castellani et al., 

2006; Charrasse et al., 2006; Iwasaki et al., 2008; Nishiyama et al., 2004). Rock1 activity 

maintains myoblasts in a proliferative state and decreased as myoblast fusion approaches 

(Castellani et al., 2006). Despite some controversy (Pelosi et al., 2007; Wei et al., 2000), 

constitutively active Rock1 (but not caRhoA) inhibits Myogenin expression, while its inhibition 

through Y27632, siRNA, or miR-148a promotes lineage progression and myoblast fusion 

(Castellani et al., 2006; Iwasaki et al., 2008; Zhang et al., 2012). Although not directly tested 

in our study, the decreased activity of RhoA-Rock axis in differentiating myoblasts could 

potentially offer another, albeit indirect, mechanism for septin reorganization via actin stress 

fiber disassembly.  

Rather than acting individually, Cdc42 and RhoA could converge in myoblasts and act in 

concert to facilitate septin reorganization. In studies of non-muscle cell types, Rho GTPase 

pathways often counteract each other. Specifically, cellular responses mediated by 

Rac1/Cdc42 are usually antagonistic to those of RhoA (Bryan et al., 2005). For instance, Cdc42 

and Rac1 promote cellular protrusion formation, while RhoA mediates cell retraction in 3T3 

fibroblasts (Hall, 1998; Maddox and Burridge, 2003; Ridley et al., 1992; Ridley and Hall, 1992). 

Similarly, in neurons, RhoA promotes growth cone collapse, while Cdc42 and Rac1 stimulate 

neurite outgrowth (Etienne-Manneville and Hall, 2002; Mackay et al., 1995; Nikolic, 2002). In 

contrast, focal adhesion formation is characterized by increased Rac1 activity, while RhoA 

activity is reduced (Lawson and Burridge, 2014). Then, FA maturation requires increase of 

RhoA activity to mediate stress fiber assembly and actomyosin contractility (Lawson and 

Ridley, 2018; Salloum et al., 2020). This highlights the sequential action, rather than 

antagonism, of Rac1 and RhoA in FA formation and maturation. In myotubes, Rac1 acts 

upstream of RhoA and its transient activation leads to the initial localization of acetylcholine 

receptors (AChR), while RhoA facilitates condensation and maturation of AChR clusters 

(Weston et al., 2003).  
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The dynamic activity of Rho-GTPases during myogenic differentiation was elucidated by 

Travaglione et al (Travaglione et al., 2005). They detected active form of RhoA in dividing 

C2C12 cells and demonstrated a loss of activation during the first day of differentiation, with 

activation levels returning to those observed in proliferating cells three days after myogenic 

induction. Active Rac1 was detected in proliferating and differentiating myoblasts, declining 

only after 24 hours of differentiation. Active Cdc42 was not detected in dividing myoblasts 

but accumulated after the onset of differentiation and remained high for three days. This 

evidence implies that the functions of GTPases during differentiation are not sharply 

opposed. Furthermore, Travaglione et al. argue that free cycling Rac1,Cdc42 and Rho from 

inactive to active states is crucial for myogenic differentiation (Bryan et al., 2005; Travaglione 

et al., 2005). 

Further studies should elucidate whether concerted changes in Rho GTPase activities, such 

as during FA formation and maturation, or their separate actions, could impact septin 

reorganization during terminal differentiation of myoblasts. 

 

4.3.2. Relocalization between different subcellular compartments, a 

peculiarity of septins  

Septins can switch between various interaction partners, such as other cytoskeletal 

components or phospholipid membranes, depending on the physical proximity and 

abundance of the interaction substrates (Spiliotis, 2018). Septin reorganization during 

myogenic differentiation may be caused, at least in part, by changes in actin organization or 

by the detachment of septins from plasma membrane-bound actin fibers. Septins can shift 

away from actin under the influence of various actin depolymerizing toxins, such as C3 

exoenzyme, Cytochalasin D (Kinoshita et al., 1997), Latrunculin (Kinoshita et al., 2002), or 

Clostridium difficile transferase (CDT) (Nölke et al., 2016). Treatment with CDT, and to a lesser 

extent with latrunculin, results in the formation of MT-based protrusions and membrane 

translocation of septins, which accumulate at the base of the protrusion and guide the MT 

growth into the emerging protrusions (Nölke et al., 2016). These toxin—induced protrusions 

share basic functional and structural features with microtentacles - MT-based protrusions 

formed upon detachment and rounding of adherent tumor cells (Østevold et al., 2017). 

Østevold et al. demonstrated that septins localize to actin in adherent cells; however, upon 

detachment of tumor cells, actin and septin structures reorganized substantially. Specifically, 
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changes in actin included initial contraction of actin filaments, followed by reduced 

perinuclear density and increased cortical density. Septin filaments, instead, lost localization 

to actin, disassembled and redistributed to the plasma membrane. Given that toxin-indued 

protrusions and microtentacles are hypothesized to be driven by Cdc42 activity, and that 

septins can transition from associating with actin to the plasma membrane to initiate 

protrusion formation, it is plausible that Cdc42 may play a role in facilitating the detachment 

of septins from actin filaments (Nölke et al., 2016; Østevold et al., 2017).  

Previous research demonstrated that octamer-based septin complexes anchor actin 

filaments to the plasma membrane (Martins et al., 2022). Using TIRF microscopy, we 

observed long, straight septin filaments in proliferating cells, while in differentiating 

myoblasts, septins appeared as short, curvy rods in close proximity to the plasma membrane 

(Fig. 3-15 and 3-16). Furthermore, in differentiating myoblasts, septins dissociated from actin 

filaments (Fig. 3-8). These findings suggest that septins may only anchor actin to the plasma 

membrane in dividing myoblasts. It is conceivable that septin filaments co-localizing with 

actin in cycling myoblasts could either dissociate from actin and translocate to the plasma 

membrane or release the membrane-bound actin filaments during differentiation, 

subsequently transforming into curvy rather than long, straight filaments.  

Additionally, septins have been shown to shift onto MTs from other cellular compartments. 

For instance, septins translocate onto MT from actin stress fibers in hepatocyte HHL16 cells 

upon treatment with the taxol-based drug paclitaxel (Salameh et al., 2021). Akil et al. 

demonstrated the association of septins with phosphatidylinositol 5-phophate (PI5P)-

containing lipid droplets, and that this association may result in the switch of septins to MTs, 

due to the spatial proximity of these two organelles (Akil et al., 2016). Furthermore, it has 

been proposed that septins translocate onto cytokinetic bridge MTs from the proximal plasma 

membrane during the constriction of the cleavage furrow in cytokinetic cells; however, the 

decoration of bridge microtubules by a newly assembled pool of septin filaments cannot be 

ruled out (Russo et al., 2024). Although, we cannot exclude the possibility of septins switching 

onto MTs during myogenic differentiation, it seems unlikely, as we observed only poor 

colocalization of septins with MTs in myoblasts and myotubes (Ugorets et al., 2024).  

Instead of hopping onto MT, septins could potentially switch to intermediate filaments (IFs). 

Interestingly, this type of septin relocalization has not yet been demonstrated. Besides actin 

and tubulin, intermediate filaments undergo profound reorganization during myogenic 
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differentiation (Hakibilen et al., 2022; Jabre et al., 2021) and represent another extensive 

network of cytoskeletal polymers (Abe et al., 2004; Charrier et al., 2018). Devlin et al. 

identified IFs as interaction partners of several SEPTIN9 isoforms through proteomic profiling 

in MCF-7 cells (Devlin et al., 2021). Furthermore, SEPTIN12 has been shown to interact with 

the nucleo-cytoskeleton LAMINB1 and the nuclear membrane linker SUN4 during human 

spermatogenesis, with its exogenous expression interfering with LAMINA/C distribution 

during sperm morphogenesis (Yeh et al., 2019, 2015). Whether septins interact or co-localize 

with IFs in myoblasts or myotubes remains to be elucidated in future experiments. 

 

4.3.3. A change of actin filament decoration  

The observed dissociation of Septin9 from actin may be attributed to increasing competition 

from muscle-specific actin binding proteins or changes in actin expression levels. Notably, 

changes in septin organization were observed only in a subset of Myogenin-positive cells at 

the onset of myogenic differentiation (Fig. 3-8), suggesting that these organization changes 

could follow the initial transcriptional changes in myoblasts expressing terminal 

differentiation markers. Several actin-binding proteins have been reported to change 

expression and organization during the transition from myoblasts to myotubes, including 

conventional and unconventional myosins (Hoh, 2023; Lehka et al., 2020; Swailes et al., 2006; 

Wells et al., 1997), and α-actinin (Salucci et al., 2015). Therefore, it is plausible that Septin9 

may encounter competition from muscle-specific actin binders during differentiation.  

We and others (Salucci et al., 2015; Ugorets et al., 2024) have described skeletal α-actinin as 

localizing to FAs in myoblasts and co-aligning with actin in myocytes and myotubes, 

facilitating the formation of sarcomeres (Fig. 3-9 and 3-14). Notably, α-actinin did not exhibit 

colocalization with Septin9 throughout differentiation, despite the close proximity observed 

between these two proteins. This is consistent with the lack of direct interaction between 

septins and actinins.  

Skeletal myosins represent another protein family that could interfere with the septin-actin 

interaction. Skeletal muscle expresses up to twelve myosin heavy chain proteins that bind to 

sarcomeric and sarcoplasmic actin filaments (Hoh, 2023), as opposed to the seven myosins 

previously described for myoblasts (Wells et al., 1997). This increased amount of myosin 

proteins could translate into higher occupation of actin binding sites in differentiated muscle 

cells. Although initially demonstrated to require anillin (Kinoshita et al., 2002) or myosin II(Joo 
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et al., 2007) for binding to actin, septins are now shown to directly bind and bundle actin in 

flies (Mavrakis et al., 2014) and mice (Dolat et al., 2014b). Furthermore, Septin9 has been 

demonstrated in vitro to bind actin in several modes, including a myosin-independent mode 

and a mode where Septin9 competes with myosin for the binding site. Binding to the F-actin 

site shared with myosin could inhibit myosin ATPase activity and modulate acto-myosin 

activity (Smith et al., 2015). Notably, besides myosin II (Joo et al., 2007), proteomic analysis 

suggest septins to interact with processive myosins such as Myo6 (Hecht et al., 2019; 

O’Loughlin et al., 2018). It would be of interest to unravel the nature of interaction between 

septins and muscle-specific non-processive and processive myosins. In our study, we did not 

address interactions with skeletal nor non-muscle myosins directly, and it remains to be 

elucidated if these proteins can outcompete septins from actin during myogenic 

differentiation. 

As mentioned above, the interaction of septins with actin could be modulated by the 

prevalence of different actin isoforms. Undifferentiated myoblasts are characterized by the 

expression of cytoplasmic β- and γ-actin, which are gradually downregulated during 

differentiation. Elongated prefusion myoblasts express α- cardiac (αCAA, Actc1) and α-

smooth muscle actin (αSMA, Acta2), while α-skeletal muscle actin (αSKA, Acta1) is detected 

only in multinucleated cells (Dwyer et al., 2011; Lancioni et al., 2007; Tondeleir et al., 2009). 

Despite high conservation, skeletal and non-skeletal actins exhibit different conformations in 

their N-termini due to sequence variations (Arora et al., 2023). These variations dictate 

different biochemical interactions with actin-binding proteins (Arora et al., 2023), myosin 

motors, and. and fine-tune the enzymatic output of the motors, allowing them to perform 

specialized functions. For instance, non-sarcomeric myosins exhibit faster ATPase activity and 

increased in vitro sliding velocity along non-muscle actins compared to muscle actins (Müller 

et al., 2013). This isoform-specific regulatory mechanism may also extend to other actin-

binding proteins (Arora et al., 2023). Work from the Mavrakis lab demonstrated the co-

polymerization of skeletal rabbit actin with human SEPTIN2/6/7 (Mavrakis et al., 2014). In 

contrast, sedimentation assays using pre-polymerized muscle or non-muscle actin from 

human platelets showed no interaction with septin complexes; only monomeric SEPTIN9 co-

sedimented and bundled these actin filaments (Dolat et al., 2014b; Kinoshita et al., 2002; 

Smith et al., 2015). This discrepancy may be attributed to septins’ preference for co-

polymerizing with actin rather than binding to pre-formed filaments. However, the possibility 
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that the sequential expression of sarcomeric actins during myogenic differentiation 

influences the nature of septin-actin interaction cannot be excluded. 

Moreover, the reorganization of septins during myogenic differentiation could be also caused 

by changes in the composition of septin filaments and the prevalence of alternatively spliced 

variants. Research indicates that the type of Septin9 isoforms present within the octamer 

dictates the septin filaments subcellular localization and organization into long or short 

structures (Iv et al., 2021; Kuzmić et al., 2022; Martins et al., 2022; Verdier-Pinard et al., 2017). 

Sequence differences between splice variants could also diversify the interactions with 

binding partners, and the post-translational modification profile of the filament. For instance, 

long SEPTIN9_i1 harbors serines, threonines, and lysines for phosphorylation, ubiquitylation, 

sumoylation, acetylation, and methylation (Devlin et al., 2021; Estey et al., 2013; Hernández-

Rodríguez and Momany, 2012; Sharma and Menon, 2023). Acetylation and methylation sites 

are absent from the short variants SEPTIN_i4 and SEPTIN_i5. Additionally, the shortest 

variant, SEPTIN9_i5, lacks also phosphorylation and sumoylation sites (Devlin et al., 2021). 

Moreover, Devlin et al. demonstrated that SEPTIN9 splice variants exhibit different affinities 

for other septin paralogues, with shorter SEPTIN9 isoforms showing more promiscuous 

binding with septins from the SEPT6 group (Devlin et al., 2021). Specifically, all isoforms 

exhibited binding to SEPTIN8, SEPTIN9_i4 and SEPTIN9_i5 interacted also with SEPTIN11, 

while only SEPTIN9_i5 strongly coprecipitated with SEPTIN6 as well. The authors speculate 

that the length of the NTE of SEPTIN9 could modulate the binding to other paralogues, as 

truncations could expose more promiscuous binding sites. This is consistent with previous 

findings for the NTE of the yeast septin Cdc3, which influenced interaction with other septins 

through allosteric inhibitory interaction with its own G-domain (Devlin et al., 2021; Weems 

and McMurray, 2017).  

In this study, we described changes in septin organization that occur 12-24 hours after the 

induction of differentiation, appearing in some Myogenin-positive cells (Fig. 3-8). During this 

brief window, we would not expect profound transcriptional changes associated with 

myogenic differentiation to result in substantial stochiometric shifts in septin paralogue 

expression, leading to septin reorganization. However, some immediate transcriptional 

regulation cannot be entirely excluded. This conclusion is supported by our analysis of 

Septin2 interaction partners in myoblasts and myotubes, which showed no significant change 

in inter-septin interactions despite observed transcriptional changes at the mRNA level for 
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various septins (Fig. 3-4 and Table 3-1). The lack of changes in interaction preference could 

be attributed to a low differentiation index of C2C12 cells, even though myotube formation 

is readily observed after five days. Notably, septin mRNA and protein levels do not necessarily 

correlate directly, as seen with actin isoforms, where discrepancies between relative protein 

and mRNA levels suggest the involvement of transcriptional or translational stabilization 

mechanisms (Tondeleir et al., 2009). Additionally, Zuvanov et al., after analyzing the 

expression of human SEPTIN genes in the GTeX atlas, propose a rather uniform and 

monotonous composition of septin filaments within each cell type, despite vast theoretical 

possibilities for variation (Zuvanov et al., 2019). This observation argues against significant 

stochiometric shifts in septin complex composition. However, the expression profiles of 

septin paralogues during different stages of development, regeneration, or aging, which 

encompass various states of a tissue, remain largely unexplored.  

Together, investigating the expression patterns of Septin9 isoforms in muscle cells could 

provide valuable insights into the diversity of interactions between septin paralogues and 

between septins and other proteins during myogenic differentiation. Understanding these 

interactions could further elucidate how Septin9 isoforms specifically regulate filament 

integrity and actin organization. It remains to be determined whether and how the septin 

interactome adapts during the transition from proliferating myoblasts to differentiated 

myocytes, reflecting changes associated with myogenic differentiation.  

 

4.4. Organization of septins during myoblast fusion 

Fusion-competent myocytes undergo profound cytoskeletal reorganization during the steps 

leading to fusion, including migration, cell-cell adhesion, and membrane coalescence 

(Bruyère et al., 2019; Lehka and Rędowicz, 2020b). We observed a pronounced reorganization 

of septins during myoblast fusion (Fig. 3-17). Indeed, differentiated myotubes exhibit a 

distinct septin organization compared to proliferating myoblasts (Fig. 3-12 and 3-13). The 

mechanisms hypothesized in the previous chapter may also contribute to septin organization 

during myoblast fusion and could possibly act in concert with additional factors orchestrating 

myotube formation.  

For example, Rho GTPases are also prominent regulators of myoblast migration and fusion, 

as elegantly reviewed in detail in (Bryan et al., 2005; Lehka and Rędowicz, 2020b; Rodríguez-

Fdez and Bustelo, 2021). However, given the limited knowledge about the upstream 
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regulation of septin organization and the limited resolution of the fusion process investigated 

here, the discussion on this aspect of septin organization will be combined with the following 

chapter. The following chapter will focus on the putative role of septin reorganization during 

differentiation and fusion. 

 

4.5. Putative roles of Septin9 during myoblast differentiation  

Depletion of Septin9 in myoblasts resulted in complete disruption of septin filaments, as 

observed through conventional light microscope (Fig. 3-11). Surprisingly, proliferating 

Septin9-deficient myoblasts exhibited a precocious onset of myogenic differentiation. This 

was detected by a premature switch from the proliferating to the differentiating program via 

bulk mRNA-sequencing (Fig. 3-20), premature expression of terminal differentiation markers 

(Fig. 3-26), and an increased differentiation index (Fig. 3-26). These alterations were 

accompanied by signs of reduced viability, including lower cell expansion (Fig. 3-27 and 3-28) 

and increased apoptosis (Fig. 3-29 and 3-30). This chapter will discuss these effects in detail 

and reconcile them with available literature on the contribution of septins to myogenic 

differentiation. 

 

4.5.1. Septin9 is essential for septin oligomerization in myoblasts 

According to the “Kinoshita Hypothesis”, which proposes preassigned positions of septin 

subgroups within a septin oligomer, there could be up to 60 possible combinations of septin 

octamers (Cavini et al., 2021; Kinoshita, 2003). However, due to the predominant expression 

of myoblast-specific paralogues (Fig. 3-1, 3-2 and Table 1) and to the temporal regulation of 

others, this number is likely reduced to only eight possible combinations of octamers. 

However, the actual formation of these combinations and their physiological relevance 

remain to be elucidated. Zuvanov et al. performed an analysis of co-expression of all possible 

septin pairs in human tissues, reporting SEPTIN2, 7 and 10 (and to a lesser extent SEPTIN11) 

as consistently co-expressed paralogues in tissues other than brain. Interestingly, the authors 

identified also a limited number of specialized complexes, as those containing Septin3 and 

Septin5 in the brain (Zuvanov et al., 2019). Here, based on our data, we propose that Septin2-

7-11 and 9 are good candidates for myogenic protomer formation, and the depletion of one 

of these core paralogues may lead to the disruption of myogenic septin complexes.  
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In this study, we demonstrated the lack of higher-order septin structures in myoblasts 

deficient of Septin9. Upon Septin9 knockdown, Septin2 and Septin7 were diffusely 

distributed in the cytosol (Fig. 3-11A-B). This disruption is not due to the downregulation of 

other core septins, as their mRNA levels remain unchanged (Fig. 3-11C-D, protein levels not 

shown). Given that the length of a hexamer is approximately 25nm (Sirajuddin et al., 2007), 

the theoretical possibility of forming septin hexamers and small rods, which cannot be 

resolved using conventional microscopy, remains. However, these short structures may 

unlikely be able to compensate for octamer-dependent functions. Recent work argues for 

Septin9-containing complexes as the prevalent form of septin complexes that interact with 

actin filaments at the plasma membrane, as well as disruption of Septin9 dimerization 

abolished association of septins with actin filaments (Martins et al., 2022). Therefore, we 

hypothesize that Septin9 is an integral part of the myoblast septin cytoskeleton and that it 

potentially mediates actin decoration with septin complexes. 

The observed changes in expression of certain paralogues during myogenic differentiation 

pose another interesting question. It remains to be elucidated whether other septins such as 

Septin4, 5, 6, 8, and 10 are incorporated into the core complex and how their stoichiometry 

varies throughout the process, if at all. Particularly, the stoichiometry of curved septin 

filaments observed during differentiation (Fig. 3-15) is another intriguing question. This can 

potentially be addressed using a split-GFP system, as described by Martins et al (Martins et 

al., 2022), to probe inter-septin interactions.  

 

4.5.2. The role of Septin9 as a RhoGTPase scaffold in myogenic differentiation 

This study demonstrates that Septin9 plays a crucial role in maintaining the orderly 

progression of myoblast differentiation. Disrupting septin reorganization leads to premature 

in vitro differentiation. This chapter discusses the potential physiological consequences of 

septin reorganization and elucidates potential deregulated mechanisms that lead to 

accelerated differentiation upon Septin9 depletion. 

Septin9 may enable septin filaments to integrate RhoA signaling in proliferating or 

differentiating prefusion myoblasts. The role of RhoA in myogenic differentiation is 

controversial. The RhoA/Rock1 axis is critical for maintaining MuSC quiescence by preserving 

cellular tension, shape, and niche retention (Eliazer et al., 2019), and is also crucial in muscle 

development and regeneration by repressing JunB and Nuclear factor I X (Nfix) expression, 
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while regulating Erk activity (Saclier et al., 2020; Taglietti et al., 2018). In C2C12 cells, 

RhoA/Rock1 is essential for initiating the myogenic program via Srf-mediated gene expression 

(Burridge et al., 2019; Carnac et al., 1998; Miralles et al., 2003; Sotiropoulos et al., 1999; Wei 

et al., 1998). Although some studies in C2C12 report endogenous RhoA not to be required 

for attaining terminal differentiation (Castellani et al., 2006). A recent study in sorted MuSCs 

found that RhoA is dispensable for terminal differentiation, as myoblasts lacking RhoA 

showed even increased differentiation index, although the mechanism remains unclear 

(Noviello et al., 2023).  

Septins may scaffold RhoA signaling in myoblasts, as Septin9 depletion increases myogenic 

differentiation (Fig. 3-26), partially phenocopying the absence of RhoA. The link between Rho 

GTPases and septins has been previously reported (Hickson and O’Farrell, 2008; Ito et al., 

2005; Piatti, 2020; N. Wang et al., 2015). Additionally, SEPTIN11 promotes the 

phosphorylation of RhoA-specific GEF-H1, activating RhoA and downstream pathways like 

ROCK1, LIMK/Cofilin, and FAK/Src, driving cell migration and invasion in Hepatocellular 

carcinoma (HCC) (Fu et al., 2023). Furthermore, SEPTIN9 binds septin-associated RhoGEF 

(saRhoGEF)/ ARHGEF18 (Nagata and Inagaki, 2005; Safavian et al., 2023), initially thought to 

inhibit RhoA signaling (Nagata and Inagaki, 2005). However, Trimble’s lab showed that this 

inhibition is likely due to SEPTIN9 overexpression alone, while overexpression of the whole 

septin complex promotes ARHGEF18 activation and RhoA signaling in hTERT-RPE1 cells 

(Safavian et al., 2023). Thus, intact septin complexes may scaffold RhoA-specific GEFs, 

targeting RhoA signaling to actin stress fibers near the plasma membrane, preventing 

premature differentiation. The precocious myogenic differentiation observed in this study 

(Fig. 3-26) may result from disrupted RhoA signaling due Septin9 depletion, causing 

dissociation of RhoA-specific GEFs from actin, mimicking the increased myogenic 

differentiation in RhoA absence.  

While RhoA signaling is crucial for myoblast fusion, its activity must be reduced for efficient 

fusion to occur (Castellani et al., 2006; Nishiyama et al., 2004; Noviello et al., 2023; Takano et 

al., 1998). Despite this, fusion in Septin9-deficient myoblast proceeds normally (Fig. 3-26E-

G). This may be explained by the presence of cycling RhoA that can be inhibited as myocytes 

approach fusion, or by differing roles of RhoA or its interaction partners during fusion 

compared to differentiation or proliferation (Noviello et al., 2023). Interestingly, inhibiting 

RhoA/Rock1 during proliferation suppresses myotube formation, whereas inhibition during 



Discussion 

 

164 
 

differentiation enhances the myogenic potential of C2C12 cells (Iwasaki et al., 2008). In 

proliferating myoblasts, RhoA maintains myoblast identity by regulating Myod1 expression 

and promoter activity through Srf. In contrast, inhibition of RhoA but not Rock1, reduces 

Myod1 expression, suggesting a Rock1-independent roles for RhoA (Carnac et al., 1998; 

Dhawan and Helfman, 2004; Gauthier-Rouviere et al., 1996). Furthermore, an active Rock1 

mutant, but not caRhoAV14, inhibited Myogenin expression, suggesting that RhoA and Rock1 

do not always act in a cascade and that Rock1 may integrate signals from other pathways, 

such as Raf1 kinase (Castellani et al., 2006). Interestingly, Y27632 treatment mimics the cell 

shape changes caused by C3 transferase and inhibits stress fiber formation by caRhoA, 

indicating that Rock acts downstream of RhoA in regulating cytoskeletal organization in C2C12 

cells (Castellani et al., 2006; Dhawan and Helfman, 2004). Surprisingly, however, RhoA-

deficient myoblasts showed no defects in F-actin organization or changes in expression for 

fusion-related genes like Myomaker (Mymk) and Myomerger (Mymx). Moreover, expression 

of Srf, the RhoA-dependent fusion regulator, remained unchanged, potentially explaining the 

lack of actin disruption. Indeed, Srf depletion disrupts actin organization and impairs fusion 

but not differentiation (Randrianarison-Huetz et al., 2017). Since RhoA- and Srf-depleted cells 

showed distinct gene regulation, Noviello et al. suggest that impaired fusion following RhoA 

depletion is independent of cytoskeletal failure and of the RhoA-Srf axis. This supports the 

notion that RhoA may interact with different partners and effectors in dividing and fusing 

myoblasts (Noviello et al., 2023). 

Notably, RhoA depletion did not affect Myogenin expression (Castellani et al., 2006; Noviello 

et al., 2023), while partial depletion of Septin9 increased Myogenin mRNA levels in both 

dividing and differentiating myoblasts (Fig. 3-26B). This may be linked to altered signaling 

downstream of RhoA. RhoA signaling, mainly through Rock1 and mDia, promotes actin 

polymerization, contractility, and filament bundling (Burridge et al., 2019), while the Srf/Mrtf-

A complex, inhibited by G-actin, transduces RhoA signals into the nucleus (Esnault et al., 

2014; Randrianarison-Huetz et al., 2017; Selvaraj and Prywes, 2003). Moreover, Rock1-

dependent phosphorylation of Foxo1 sequesters it in the cytoplasm, allowing Myocardin-

related transcription factor A (Mrtf-A) / Smad complex formation and preventing premature 

myoblast differentiation (Iwasaki et al., 2008). Studies showed that inhibiting or depleting 

Rock1 (Castellani et al., 2006; Iwasaki et al., 2008; Nishiyama et al., 2004; Zhang et al., 2012) 

or depleting Mrtf-A (Holstein et al., 2020; Song et al., 2021) increases Myogenin expression. 
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Thus, Septin9 depletion may reduce Rock1 or Srf/Mrtf-A activity, increasing Myogenin 

expression, and disrupting only these specific branches of RhoA signaling. Septin9 depletion 

may impair Rock1 activity through both RhoA-dependent and -independent mechanisms. For 

instance, Septin2 scaffolds Myosin II activation by CRIC and ROCK during cytokinesis in CHO-

K1 cells (Joo et al., 2007),while, SEPTIN9_i1 and SEPTIN11 activate the RHOA/ROCK1 cascade 

in MCF7 and HCC cells, respectively (Fu et al., 2023; Zeng et al., 2019). Septin depletion could 

also lead to increased G-actin accumulation due to reduced stress fiber bundling and stability 

(Dolat et al., 2014b; Mavrakis et al., 2014), which inhibits MRTF-A transcriptional activity 

(Olson and Nordheim, 2010). Indeed, a recent study showed a reduced F/G-actin ratio upon 

SEPTIN11 depletion (Fu et al., 2023). Notably, we observed changes in perinuclear actin fiber 

organization upon Septin9 depletion (Fig. 6-4), suggesting that loss of Septin9 may inhibit 

Srf/Mrtf-A signaling. This could lead to increased Myogenin expression via an Mrtf-A-

dependent mechanism.  

It is crucial to examine the activity levels of RhoA, Rock1, and Srf/Mrtf-A following Septin9 

depletion, as well as monitor actin organization, the F/G-actin ratio, and RhoA/Srf-dependent 

signaling to clarify the link between septins and Rho GTPases during myogenic differentiation. 

Tools such as RhoA activity assays, mutants for RhoA, Rock1, and Mrtf-A, along with specific 

inhibitors of RhoA and Rock1, and promoter activity measurements for Srf and Mrtf-A can 

address these questions. Applying these tools will be essential for understanding the 

mechanistic relationship between septin dynamics and Rho GTPase signaling in myogenic 

differentiation.  

 

4.5.3. The role of Septin9 in modulating myoblast cell cycle dynamics 

The reorganization of septins observed at the onset of myogenic differentiation may either 

be a direct consequence of a general cytoarchitectural adaptation during the process, or it 

could play an instructive role in the orderly transition from proliferating to differentiating 

myoblasts. In this study, we described an increase in terminal differentiation marker 

expression in Septin9-deficient myoblasts (Fig. 3-26), alongside a density-dependent loss of 

cells (Fig. 3-27), and a reduction in proliferating EdU-positive cells (Fig. 3-28). These findings 

suggest an active participation of septins in the process of myogenic differentiation. 

The mild reduction in DNA-synthetizing cells and overall cell number may result from 

enhanced myogenic differentiation (Fig. 3-26), coinciding with, or due to, a premature cell 
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cycle exit upon Septin9 depletion (Fig. 6-3). Alternatively, these changes could indicate 

defects in cell cycle progression, consisting of a reduced S-phase prevalence or extension of 

the G1 phase, providing more time to respond to extracellular stimuli and allowing myogenic 

regulators to accumulate (Lange and Calegari, 2010; Salomoni and Calegari, 2010). The role 

of septins in regulating cell division is well documented, focusing prominently on the 

orchestration of the mitotic phase and associated kinases, however, whether septins regulate 

progression through other cell cycle stages is not well understood (Estey et al., 2010; 

Panagiotou et al., 2022; Russo and Krauss, 2021; Zheng et al., 2024).  

Interestingly, cell cycle arrest can be uncoupled from myogenic differentiation by interfering 

with actomyosin contractility (Dhawan and Helfman, 2004). Dhawan et al. showed that a 

reduced cell contractility, following the use of myosin inhibitors, reduced BrdU incorporation, 

indicating an reversible growth arrest in C2C12 cells (Dhawan and Helfman, 2004). This cell 

cycle arrest resembled the G0 arrest seen upon adhesion abolishment in C2C12 cells (Dhawan 

and Helfman, 2004; Milasincic et al., 1996). While these myosin inhibitors disrupted stress 

fibers and focal adhesion complexes, they did not induce muscle-specific gene expression, 

similar to findings in suspension-arrested myoblasts. Notably, treatment with MI resulted in 

reduced Myod1 expression and inhibited fusion, indicating RhoA’s involvement in the 

contractility-dependent phenotype (Dhawan and Helfman, 2004). Indeed, dnRhoA and C3 

transferase treatments resulted in decreased DNA synthesis and lower Myod1 levels, while 

Myogenin and p21 levels remained unchanged, thus compromising both proliferation and 

differentiation. Furthermore, inhibition of Rock via Y27632 suppressed S-phase prevalence 

but did not affect Myod1 expression, repeatedly indicating divergent roles of RhoA and Rock 

(Dhawan and Helfman, 2004). Collectively, these data suggest that coupling cell cycle exit 

with differentiation requires actomyosin contractility. As highlighted in the previous chapter 

4.5.2, Septin9 may regulate myoblast contractility via the Rho/Rock pathway, underscoring 

the importance of characterizing actin organization and actomyosin contractility upon 

Septin9 depletion. Overall, Septin9 depletion may interfere with cell contractility, affecting 

myoblast cell division, which can be uncoupled from myogenic differentiation. Whether the 

reduced myoblast number and the ratio of EdU-positive cells is connected to precocious 

differentiation upon Septin9 depletion will require further investigation. 

Despite the observed mild decrease in proliferation (Fig. 3-27 and 3-28), we did not observe 

signs of cytokinetic failure, such as the accumulation of bi- or multinucleated undifferentiated 
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cells (Normand and King, 2010). Nevertheless, future detailed live cell experiments should 

focus on the proliferation-differentiation transition to ensure that binucleated cells result 

from fusion rather than failed cytokinesis of differentiated cells, which would be crucial for 

interpreting the myogenic differentiation index. The existence of tri- and multinucleated 

Septin9-deficient cells (Fig. 3-26) argues against a severe cell division phenotype. The lack of 

cell division defects in the absence of Septin9 (not shown) and the apparently unaffected 

cytokinesis in myoblasts make it puzzling to understand how Septin9 depletion could skew 

other phases of cell division, particularly the G1 phase or G1 to S transition, and lead to a 

premature cell cycle exit.  

During the G1 to S transition, proliferating myoblasts express E2F/DP1 target genes that are 

indicative of cell cycle progression (Bracken et al., 2004; Fu et al., 2023; Ruijtenberg and van 

den Heuvel, 2016). Notably, upon depletion of Septin9 in both C2C12 and primary myoblasts, 

we observed a decrease in the expression of E2F/DP1 target genes such as Dhfr, Tk1, Cdk1 

and Ccna2, coupled with an increase in Myod1 target genes, including Myogenin and Cdkn1a 

(p21). Additionally, pRb1 was upregulated specifically in primary myoblasts (Table 6-5). These 

findings indicate a transcriptional switch from the proliferative E2F program to the 

differentiative Myod1 program. This observation is further supported by the premature 

transition towards a differentiating progenitor transcriptome observed in Septin9-deficient 

C2C12 cells and primary myoblasts (Fig. 3-20), as well as by the GO enrichment analysis (Fig. 

3-21D and Fig. 3-22D). The effect is more striking in primary myoblasts cultivated in 

proliferation medium, compared to C2C12 cells differentiated for 12 hours.  

Interestingly, inactivation of E2F transcription can promote Myod1-driven myogenic 

differentiation in various ways (Ruijtenberg and van den Heuvel, 2016; Wu and Yue, 2024). 

First, E2F1 transcriptional activity directly inhibits Myod1 and Myogenin function in a pRB1-

independent manner (Wang et al., 1996, 1995). Next, E2F target genes such as CyclinD1 and 

c-myc can directly inhibit Myod1 activity (Wang et al., 1996). Moreover, downregulation of 

E2F target genes like Cyclin A2, D1, and E2 can result in hypophosphorylation and activation 

of pRb1 (Lim and Kaldis, 2013; Wang et al., 1996). PRb1 is essential for E2F-mediated 

inhibition of the proliferative transcription program (Puri et al., 2001) and associates with 

Myod1 to potentiate its transcriptional activity (Gu et al., 1993; Guo et al., 2003). Lastly, the 

G1/S transition-regulating Cdk2-CyclinE complex phosphorylates Myod1 downstream of E2F 

proteins, increasing Myod1 turnover and inhibiting myogenic differentiation (Kitzmann et al., 
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1999; Ruijtenberg and van den Heuvel, 2016; Tintignac et al., 2000). Inhibition of 

differentiation exerted by Cdk2-CyclinE may represent a conserved effect, as the absence of 

CyclinE, an E2F target gene, results in premature differentiation of Drosophila neuroblasts 

(Berger et al., 2005) and loss of quiescence in somatic gonads that become differentiated 

distal tip cells in C. elegans (Fujita et al., 2007; Ruijtenberg and van den Heuvel, 2016). 

Therefore, the observed increased expression of Myod1 targets such as p21 and pRb1 and 

downregulation of various E2F target genes upon Septin9 knockdown (Fig. 3-23B, 6-3 and 

Table 6-5) further supports the decision shift from E2F-driven proliferation towards myogenic 

differentiation (Gérard and Goldbeter, 2014; Stallaert et al., 2019; P. Zhang et al., 1999). This 

supports the idea, that reduced cell proliferation and premature differentiation upon Septin9 

depletion are connected, although a coincidental effect cannot be entirely ruled out. 

Whether the reduced proliferation induces the differentiation in absence of Septin9 remains 

to be elucidated.  

Our data strongly indicate a coinciding exit from the cell cycle and precocious differentiation 

of Septin9-deficient myoblast. However it is challenging to elucidate the mechanistic details 

and the “cause or consequence” question of the proliferation-differentiation decision due to 

complex and partially redundant regulation (Ruijtenberg and van den Heuvel, 2016; Wu and 

Yue, 2024). Notably, E2F activity is reduced during myogenic differentiation in C2C12 cells 

(Luo et al., 2016). While most of the above mentioned E2F target genes (Dhfr1, Tk1, Cdk1, 

Ccna2, Ccnd1, Ccnde2, Cdc25a) and Myod1 target genes (Myog, Cdkn1a, Cdkn1c, Rb1) are 

robustly down- and upregulated, respectively, in differentiating C2C12 cells as identified in a 

meta-study by Zhang et al (Zhang et al., 2022), the E2F target gene DP1 (Tfdp1) is not. In this 

study, we observed a marked downregulation of DP1 (Tfdp1), a sibling factor of E2F and a key 

component of the E2F/DP1 transcription duo (Trimarchi and Lees, 2002), in both C2C12 and 

primary myoblasts following the depletion of Septin9 (Fig. 3-23B). This finding may offer one 

potential explanation for the premature cell cycle exit and early onset of differentiation 

observed in these cells. Unlike nuclear E2F, Tfdp1 shuttles between the cytoplasm and 

nucleus and is subject to ubiquitination when it lacks heterodimerization with E2F (Gong et 

al., 2015; Magae et al., 1999). This ubiquitination is mediated by Kelch repeat and BTB domain 

containing protein 5 (Kbtbd5)/ Kelch-like protein 40 (Klhl40) (Gong et al., 2015; Magae et al., 

1999). Klhl40, a Myod1 target gene (Bowlin et al., 2013), acts as a substrate-specific adaptor 

for the Cullin3 (Cul3) E3 ubiquitin ligase (Garg et al., 2014). Interestingly, Klhl40 mRNA 
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expression is upregulated following Septin9 depletion in both C2C12 cells and primary 

myoblasts (Table 3-2). The increased expression of Klhl40 could represent both a 

consequence and a feed-forward mechanism of myogenic differentiation, potentially aimed 

at reducing proliferative E2F activity. Additionally, it might lower Tfdp1 protein levels through 

cellular degradation pathways, although it does not account for the substantial decrease in 

Tfdp1 mRNA expression. Therefore, this observation may address the question of premature 

cell cycle exit and precocious differentiation, but it is unlikely to cause them. 

Lastly, Tfdp1 is retained in the cytoplasm by Suppressor of cytokine signaling 3 (Socs3), 

resulting in negative regulation of E2F activity (Masuhiro et al., 2008). Kremer et al. reported 

that SEPTIN2, 6 and 7 associate with SOCS7 and thereby regulate cytoplasmic retention of 

the adaptor protein NCK1 (Kremer et al., 2007). Similarly, septins could mediate Socs3-

dependent Tfdp1 cytoplasmic retention or ubiquitination in myoblasts, serving as a Socs3 

cytoplasmic interaction platform, in a mechanism like the SOCS7- mediated NCK1 retention. 

However, cytoplasmic retention of Tfdp1 serves as a negative regulator of E2F activity 

(Masuhiro et al., 2008). Therefore, Septin9 must either serve a positive role in E2F/Tfdp1 

activity, or a negative role in Tfdp1 cytoplasmic retention and ubiquitination, or Tfdp1 

expression/ subcellular localization must have a feedback mechanism tied into its 

transcription. Notably, E2F1 and Tfdp1 are subject to autoregulatory transcription control 

mechanisms and bind their own promoter sequences (Bracken et al., 2004; Johnson et al., 

1994; Luo et al., 2016; Nakajima et al., 2023). Hypothetically, a reduction in Tfdp1 protein or 

mRNA levels upon Septin9 depletion would be sufficient to drive the biphasic E2F-pRb1 

switch towards cell cycle exit and, potential, myogenic differentiation. Further research 

focusing on cell cycle progression, E2F and pRb1 activity, and on the subcellular localization 

of Tfdp1 upon Septin9 depletion, will provide more information for a better understanding of 

the mechanism behind Septin9-dependent cell cycle regulation in myoblasts. 

Only a subset of Myogenin-positive cells exhibited reorganization of Septin9 structures (Fig. 

3-8), suggesting that septin reorganization occurs after the initiation of the myogenic program 

and subsequent cell cycle exit. This observation implies that the reduced proliferation and 

decreased prevalence of cells in the S-phase may simply result from fewer cells available for 

expansion as differentiation progresses. However, if Septin9 depletion disrupts the same 

functions of septins during differentiation, the observed changes in cell cycle dynamics raise 

important cause-and-effect questions. Specifically, how do septins that regulate myoblast 
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differentiation also influence proliferation? One possibility is that Septin9 depletion 

introduces a temporally distinct defect that affects cell cycle decisions independently of its 

role in septin reorganization during differentiation. Yet, if Septin9 depletion causes an early 

defect in dividing myoblasts, it remains unclear why only a limited subset of cells shows early-

onset differentiation. One explanation could be that the Septin9 knockdown does not affect 

every cell equally, leaving some cells with sufficient Septin9 protein or allowing them to rely 

on Septin9-independent complex formation. Additionally, some observed defects might be 

related to other septin paralogues, such as Septin7. Indeed, we do not observe the cell 

division failure seen with Septin7 depletion, as described by Gönczi et al (Gönczi et al., 2022), 

but disruption of septin filaments may still influence Septin7-dependent division. It would be 

valuable to use super resolution microscopy to examine Septin9-deficient cells during cell 

division, particularly to investigate whether Septin7-containing complexes are sufficient to 

rescue cytokinetic failure. Alternatively, some Septin9-deficient cells may counteract 

premature differentiation, which should manifest in signs of anti-myogenic programs. This 

line of inquiry touches on the broader question of cell cycle exit and its relationship to 

terminal differentiation- whether myoblasts should maintain the ability to proliferate until 

they reach a terminally differentiated state or if they exit the division cycle immediately 

following myogenic induction. Addressing this issue directly is challenging and remains an 

open question. To gain deeper insights, it will be essential to thoroughly analyze the cell cycle 

of Septin9 deficient cells and the transcriptomic changes at the single-cell level following 

Septin9 depletion, addressing proliferation- differentiation phenotype. Additionally, 

combining live reporters for cell cycle progression, myogenic differentiation, and septin 

reorganization could help to temporally dissect the sequence of events associated with septin 

reorganization and the consequences of septin depletion. 

 

4.5.4. The role of Septin9 in myoblast survival: Balancing differentiation and 

apoptosis 

Depletion of Septin9 resulted in increased expression of terminal myoblast differentiation 

markers and coincided with an increase in mitochondrial apoptotic signaling (Fig. 3-29 and 3-

30). Interestingly, although differentiating myoblasts progressively acquire apoptosis 

resistance (Walsh and Perlman, 1997), they share overt phenotypic and signaling similarities 

with apoptotic cells (Bell and Megeney, 2017). This is the case of exposure of 
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phosphatidylserine to the outer membrane leaflet (van den Eijnde et al., 2001), appearance 

of transient DNA single strand breaks (Larsen et al., 2010), mitochondrial remodeling and 

mitophagy (Baechler et al., 2019; Rahman and Quadrilatero, 2023b), and transient activation 

of Caspase-3 (Fernando et al., 2002).  

We observed a mild increase in Caspase3/7 activity and an accumulation of active Caspase3 

protein in Septin9-deficient C2C12 cells, which may indicate precocious differentiation (Fig. 

3-29). Strict temporal control over caspase signaling activation is a feature of many 

differentiating cell types, including muscle cells (Bell and Megeney, 2017; Fernando and 

Megeney, 2007). Typically, Cytochrome C release and Caspase3/7 activation occur more 

slowly, usually postponed by 24 hours, and with a dampened amplitude in differentiating cells 

compared to apoptotic cells (Akbari-Birgani et al., 2014; Fernando et al., 2002; Weber and 

Menko, 2005). It will be necessary to further elucidate the level of cytosolic Cytochrome C 

and subcellular localization of active Caspase3 to properly discern between death and 

differentiation signaling. The timing and intensity of these factors appear to be critical in 

determining the outcome (Akbari-Birgani et al., 2014; Bell and Megeney, 2017; Fernando et 

al., 2002; Fernando and Megeney, 2007).  

Interestingly, p21 has been demonstrated to confer apoptosis resistance to differentiating 

myogenic progenitors (Wang and Walsh, 1996). In differentiating myoblast cultures, 

Myogenin-negative/p21-positive cells are not observed, indicating that Myogenin expression 

precedes p21 expression. Only cells double-positive for Myogenin and p21, and not 

Myogenin-positive only, acquire apoptotic resistance. This suggests that apoptotic resistance 

is connected with cell cycle withdrawal, rather than with an earlier step of commitment to 

terminal differentiation (Andrés and Walsh, 1996; Wang and Walsh, 1996). We observed 

increased mRNA expression of Cdkn1a (p21) upon Septin9 depletion in both cell lines, 

potentially indicating increased apoptotic resistance. It would be of interest to precisely 

analyze Septin9 reorganization in relation to Myogenin, p21, and Myosin heavy chain 

expression to better resolve the cellular stages and processes preceding septin 

reorganization. Given the observed reorganization of septin filaments only in a subset of 

Myogenin-positive cells (Fig. 3-8), we hypothesize that septin reorganization is independent 

of commitment and associated with subsequent events.  

Nonetheless, other signs of apoptosis are considered more specific to cell death, such as 

Parp-1 cleavage, which is a hallmark of apoptosis (Elmore, 2007; Kaufmann et al., 1993; 
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Soldani and Scovassi, 2002). Hence, the increased levels of cleaved Parp1, a ”death only” 

target of executioner caspases (Fernando and Megeney, 2007; Pirrotta, 2004), observed in 

C2C12 depleted of Septin9 (Fig. 3-30), may indicate progressive cellular demise. It is 

conceivable that Septin9 deficiency may compromise myoblast viability and survival, 

although the effect appears to be mild and accumulates slowly during prolonged myogenic 

differentiation, as no Parp1 cleavage and TUNEL-positive cells were observed in proliferating 

cells. Furthermore, we observed an increase in pro-apoptotic serine protease Htra3 (L. Wu et 

al., 2021) and a decrease in anti-apoptotic Bcl2l1 (Loo et al., 2020) in both C2C12 and primary 

myoblasts lacking Septin9 (Fig. 3-23), further supporting potential susceptibility for 

apoptosis.  

Collectively, the mild transient increase in Caspase3 activation and the heightened apoptotic 

signaling observed in Septin9-deficient cells may represent independent or at least 

temporally distinct events. If the increase in apoptosis is directly caused by Septin9 depletion 

and occurs independently of myogenic differentiation, it raises important questions about 

how organized septins modulate executioner caspase signaling to prevent apoptosis and 

promote myoblast survival. Interfering with G1-S transition and S-phase checkpoint upon 

Septin9 depletion, as described in previous chapter (4.5.2), may lead to a E2F-dependent S-

phase-coupled apoptosis (Cho and Liang, 2011; Polager and Ginsberg, 2009). Moreover, 

septins are demonstrated to participate in mitochondrial dynamics (Pagliuso et al., 2016; 

Sirianni et al., 2016) and, therefore, deficient septin organization may interfere with 

physiological mitochondrial maturation and result in the release of cytosolic apoptogenic 

agents. Nonetheless, it will be crucial to determine whether the cells showing increased 

apoptotic signaling are the same ones undergoing early-onset differentiation. 

Taken together, Septin9-depletion accelerates cell cycle exit and induces precocious 

differentiation, accompanied by a decrease in myoblast number and an increase in apoptotic 

cells. Interestingly, all these phenotypes are rather mild and potentially, but not necessarily, 

connected. Observing the viability of Septin9-depleted cells during myogenic differentiation 

through live cell imaging may help to decipher the origin of the reduced myoblast number: 

whether it is due to reduced proliferation, induced differentiation, or apoptosis. 
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4.5.5. The role of Septin9 in modulating key signaling pathways during 

myoblast differentiation 

Numerous signaling pathways regulate the process of myogenic differentiation, including the 

TGFβ and WNT signaling cascades, which antagonize or promote myogenesis in a highly 

regulated fashion (Chal and Pourquié, 2017). Upon depletion of Septin9, we observed 

changes in the expression of central transcription factors, ligands, and target genes of several 

pathways, including downregulation of Inhba (Activin A), Ctnnb1 (β-catenin), and Wwtr1 (Taz) 

(Fig. 3-23). Among the deregulated pathways, the most prominent is Activin A signaling, 

which belongs to the TGFβ family of growth factors and negatively regulates myogenesis 

(Horbelt et al., 2012; Lodberg, 2021; Moustakas and Heldin, 2009). Specifically, we observed 

reduced secretion of Activin A into the medium, reduced phosphorylation of the downstream 

transcription factor Smad2 upon stimulation with low concentration of Activin A (0.25 nM), 

and reduced basal activity of the CAGA12-luciferase reporter (Fig. 3-24). Furthermore, we 

observed an upregulated expression of Matrix gla protein (Mgp) (Fig. 3-23 and 3-24), which 

positively correlates with myogenic differentiation and potentially interferes with the binding 

of Myostatin and its AcvRIIB receptor (Ahmad et al., 2017). Collectively, these data indicate 

reduced signaling activity downstream of Activin A.  

Similar to Myostatin, Activin A contributes to atrophy, negatively regulating skeletal muscle 

mass by attenuating protein synthesis via Akt/mTOR pathway (Chen et al., 2016, 2014; 

Loumaye et al., 2022). Furthermore, in vitro studies suggest that Activin A impairs myogenic 

differentiation and fusion (Bloise et al., 2019; Trendelenburg et al., 2009). Therefore, the 

downregulation of Activin A signaling may offer an additional explanation for the precocious 

myogenic differentiation observed upon Septin9 depletion. 

So far, the knowledge about the role of septins in the regulation of growth factor signaling is 

scarce. In our study, we found that Septin9 interacts with receptors from the TGFβ and BMP 

family of proteins, such as Alk2, Bmpr2, and Tgfbr2 in a ligand-enhancing manner (Fig. 6-6). 

However, the interaction with Activin A specific Alk4, ActRIIA or ActRIIB was not tested. 

Moreover, using proximity ligation assays and surface biotinylation, we demonstrated that 

Septin9 interacts with Bmpr2 at the plasma membrane and is recruited to the membrane in 

a ligand-dependent manner (Fig. 6-7 and 6-8). Therefore, septins may play a role in stabilizing 

the signaling outcome downstream of Activin A by organizing a permissive environment as 

protein scaffolds. Specifically, septin complexes may promote membrane or sub-
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membranous localization of receptors TGFβ and BMP family receptors, promote their 

clustering, protect them from degradation, facilitate their association with effector 

molecules, and facilitate the secretion of signaling-relevant molecules.  

Notably, Diesenberg et al. demonstrated that SEPTIN9 is recruited to active EGF receptors in 

a CIN85-dependent manner and protects them from Cbl-dependent ubiquitination and 

sorting into the degradative pathway (Diesenberg et al., 2015). Furthermore, Mostowy et al. 

showed that SEPTIN2 and 11 regulate surface levels and anchorage to the sub-membranous 

actin cytoskeleton of the Hepatocyte growth factor (HGF) receptor (HGFR/MET) (Mostowy et 

al., 2011). Similarly, septins may scaffold Activin A signaling. Nevertheless, future studies will 

need to elucidate whether a deregulation of Activin A production and secretion is indeed the 

cause of the enhanced differentiation of Septin9-deficient myoblasts. A rescue experiment in 

Septin9-depleted cells, consisting in titrating Activin A to control levels, may provide an 

answer to this question.  

The other downregulated genes,Wwtr1 (Taz, Fig. 3-23, Fig. 3-24) and Ctnnb1 (β-catenin, Fig. 

3-23, Fig. 3-25), are a central transcription co-factor from Hippo signaling (Fu et al., 2022) and 

a transcription factor from WNT signaling (Liu et al., 2022), respectively. How septins could 

regulate the expression of these proteins remains to be elucidated in future studies. 

Nonetheless, the downregulation of these factors appears counterintuitive, as both Taz 

(Jeong et al., 2010; Mohamed et al., 2016) and β-catenin (Jones et al., 2015) promote 

myogenic differentiation in myoblasts. Indeed, Jones et al. demonstrated that ectopic 

activation of WNT/ β-catenin signaling results in premature differentiation of myoblasts 

during regeneration (Cui et al., 2019; Jones et al., 2015). In addition to reduced expression of 

Ctnnb1, we reported upregulation of β-catenin target genes (Cui et al., 2019) involved in 

terminal differentiation and myoblast fusion, such as Mymk, Myomx, Trim72, Jspr1 (Fig. 3-

25). The upregulation of β-catenin target genes and downregulation of β-catenin may suggest 

a feedback mechanism counteracting premature or excessive activation of β-catenin 

signaling, although it cannot be excluded that these genes are also regulated by alternative 

factors. Moreover, while promoting differentiation during the terminal phase, Taz has been 

shown to also promote myoblast proliferation (Mohamed et al., 2016; Sun et al., 2017). Thus, 

reduced Taz levels may reflect the reduced proliferation observed upon Septin9-depletion. 

Alternatively, reduced levels of Taz may also represent a compensation mechanism 

counteracting precocious differentiation. 
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Given the complex, cross-regulated nature of signaling pathways, it is not simple to clearly 

dissect their independent roles. Hippo and WNT signaling can interfere with the expression 

of each other’s signaling mediators and activity (Konsavage and Yochum, 2013). Additionally, 

there is evidence of positively corelated expression of Taz and β-catenin (Sun et al., 2014). 

Interestingly, Activin A stimulation induces Taz expression in different cellular models (Ma et 

al., 2017; Radhakrishnan et al., 2023), emphasizing the intricate crosstalk between TGFβ, 

Hippo, and WNT signaling (Chen et al., 2020; LeBlanc et al., 2021; Piersma et al., 2015).  

To understand whether Septin9 depletion affects any of these signaling pathways directly or 

indirectly, and if this regulation leads to premature differentiation, activities of the pathways 

and target gene expressions would need to be studied in detail. Many available luciferase 

constructs could be used to test the transcriptional activity of Hippo, WNT, and TGFβ signaling 

upon Septin9-depletion. This may ultimately lead to a better understanding of the 

mechanistic details and signaling alterations behind premature myogenic differentiation 

following Septin9 depletion. 

 

4.5.6. A potential synergy between Septin9 and myosin motors during 

myogenesis 

Myoblasts express various non-muscle myosin motors from at least six different classes, 

including NMIIA, and NMIIB, unconventional myosin Iα, and VI (Myo6). All these non-skeletal 

myosin motors decrease in myotubes, undergoing downregulation after the onset of 

differentiation (Karolczak et al., 2015; Wells et al., 1997). This is essential for reorganizing the 

cytoskeleton during myoblast differentiation and fusion (Karolczak et al., 2015; Lehka et al., 

2020; Swailes et al., 2006). Notably, core septins are known to interact with NMIIA, NMIIB, 

and Myo6 in non-muscle cells (Hecht et al., 2019; Joo et al., 2007; Wasik et al., 2017). The 

similar expression pattern of septins and myosin motors suggest they may synergize in 

regulating myogenic differentiation. The association between class II non-muscle myosins and 

actin is crucial for the morphology of myoblasts and for the acquisition of a spindle shape in 

prefusion myoblasts (Swailes et al., 2006). These myosins reorganize alongside actin to the 

cell periphery at the onset of differentiation, and their depletion results in the failure of 

myoblast alignment and fusion (Swailes et al., 2006, 2004). Additionally, differentiating 

myoblasts exhibit reduced adherence to the substrate and increased cell-cell adhesion 

(Peckham, 2008; Swailes et al., 2006; Wells et al., 1997). Moreover, Brondolin et al. 
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demonstrated the role of actomyosin contractility in adhesion-dependent migration of 

zebrafish MuSCs (Brondolin et al., 2023). Specifically, Rock1 inhibition led to changes in 

cortical tension, focal adhesion dynamics, migration, and increased myogenic differentiation, 

suggesting a connection between migration and differentiation of MuSCs. The authors 

observed that Y-27632 treatment resulted in smaller, less polarized FAs and reduced cell 

polarity, which indicated diminished cortical tension. Following previous research 

demonstrating Septin9’s role in stabilizing focal adhesions (Dolat et al., 2014b), depletion of 

Septin9 impaired focal adhesion maturation in C2C12 cells (Fig. 6-5). In accordance with this, 

reduced contractility or tension is associated with myoblast differentiation (Boontheekul et 

al., 2007; Brondolin et al., 2023; Engler et al., 2004; Gilbert et al., 2010; Romanazzo et al., 

2012; Trensz et al., 2015). Collectively, septins may synergize with actomyosin ensuring 

cytoskeletal integrity, focal adhesion dynamics, and substrate adherence in proliferating and 

differentiating myoblast. Therefore, the enhanced myogenic potential observed in the 

absence of Septin9 could be caused by the partial phenocopy of actomyosin reorganization 

and the precocious acquisition of differentiating phenotype, such as decreased substrate 

adhesion.  

Notably, due to their interaction with actomyosin cortex and plasma membrane 

phospholipids, septins are considered emerging regulators of cellular mechano-transduction 

(Lam and Calvo, 2019). Septins stabilize the cell cortex of lymphocytes, which otherwise 

undergo substantial blebbing in absence of septins (Gilden et al., 2012; Tooley et al., 2009). 

It is therefore conceivable that changes in myoblast actomyosin-mediated cortical elasticity 

upon Septin9 knockdown could skew myoblast fates towards differentiation. The viscoelastic 

properties of Septin9-depleted myoblasts will need to be elucidated in future studies. 

Recent work has identified SEPTIN9 as direct interaction partner of Myo6 (Hecht et al., 2019; 

O’Loughlin et al., 2018), validating the interaction for SEPTIN9 in 1306 fibroblasts and through 

in vitro pulldown assays (Hecht et al., 2019). Myo6 is a weakly processive motor protein that 

can act as a scaffold protein with many specialized functions (de Jonge et al., 2019; O’Loughlin 

et al., 2018; Tumbarello et al., 2013). Recent evidence suggests that myosin motors not only 

track along actin filaments but also actively induce filament formation (de Jonge et al., 2019; 

Lee et al., 2000; Pylypenko et al., 2016). Moreover, Myo6 associates with a RhoGEF complex, 

potentially linking actin and septin cytoskeleton (de Jonge et al., 2019). Proximity labeling 

identified actin-binding proteins Leucine-Rich repeats Calponin Homology domain 1 and 3 
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(LRCH1 and LRCH3) as associating with Myo6 and with the Rac1/Cdc42 GEF, DOCK7, in 

neuronal PC12 cells (Majewski et al., 2012; O’Loughlin et al., 2018). These proteins form a 

DISP (DOCK7-induced septin displacement) complex, likely via the interaction of LRCH3 with 

SEPTIN7, 8, 9, 10 and 11 (O’Loughlin et al., 2018). Notably, exogenous expression of DISP 

components displaces septins from actin and results in cytosolic septin ring formation, 

potentially coordinating septin removal via competition and actin reorganization through 

Rac1/Cdc42 activation (O’Loughlin et al., 2018). These findings provide an additional layer of 

a dynamic actin-septin interaction regulation and may provide another mechanism for septin 

reorganization during myogenic differentiation. 

The depletion of Myo6 induces changes in cytoskeletal organization, cell adhesion, spreading, 

and leads to transient increase in the myogenic differentiation index in C2C12 cells and 

myoblasts derived from Snell’s waltzer mice, that naturally lack Myo6 (Karolczak et al., 2015; 

Lehka et al., 2020). Notably, a substantial pool of Myo6 depleted myoblasts formed sac-like 

myotubes (myosac), characterized by enlarged aberrant morphology and misaligned, 

centrally positioned nuclei indicative of disrupted myosin thick filaments during sarcomere 

formation (Lehka et al., 2020; Lin and Holtzen, 1990; McGrath et al., 2006). Myo6 depletion 

led to an increase in Myod1 expression but did not affect Myogenin levels (Karolczak et al., 

2015; Lehka et al., 2020). Given, Myo6 organizes the actin cytoskeleton in numerous cell lines, 

and this is required, for instance, during spermatogenesis and neuritogenesis (Lehka et al., 

2020; Lv et al., 2015; Sobczak et al., 2016; Zakrzewski et al., 2020), it is conceivable that 

septins may facilitate the interaction between Myo6 and actin filaments in myoblasts. Thus, 

disruption of this interaction may lead to a partial Myo6-dependent increase in myogenic 

fusion index after Septin9 depletion. We did not focus on the morphology of Septin9-

depleted myotubes, nor investigate septin interactions with Myo6; therefore, it remains to 

be elucidated if septin-deficient myoblasts form disorganized myosac-like myotubes in a 

Myo6-dependent manner.  

A potential interaction with a processive myosin motor opens the possibility for septins to 

participate in the actin-mediated secretory pathway regulating the transport of cell surface 

receptors or differentiation-inducing factors to the PM or towards the cell body. Thus, Septin9 

may participate in the regulation of intracellular trafficking in myoblasts and therefore a 

depletion of Septin9 may result in a disbalance between anterograde and retrograde traffic 

in a Myo6-dependent or independent manner. Notably, the inhibition of ER-Golgi transport 
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via brefeldin A severely impairs myogenic differentiation and lowers fusion potential in 

chicken and mouse myoblasts (Ichikawa et al., 1993; Possidonio et al., 2014), indicating the 

significance of vesicles trafficking for successful myogenesis. Yi et al. reported the 

involvement of intracellular transport in regulating myogenesis (Yi et al., 2015). The authors 

demonstrated that kinesin KIF5B plays an essential role in the myogenic differentiation of 

C2C12 cells by transporting the adaptor protein Bcl-2/adenovirus E1B interacting protein 2 

(BNIP-2) to the membrane. Subsequently, BNIP-2 facilitates p38MAPK activation, thus 

promoting myogenesis (Yi et al., 2015).Moreover, depletion of Myo6 (Warner et al., 2003) 

and SEPTIN1 (Song et al., 2019) results in disrupted Golgi organization, indicating potential 

synergy in maintaining Golgi architecture. Furthermore, Septin9 is also implicated in the 

stabilization of bidirectional MT-based transport through interactions with dynein and several 

kinesin motors (Spiliotis and Kesisova, 2021). Specifically, Karasmanis et al. reported that 

SEPTIN9_i1 impedes the motility of KIF5 in vitro (Karasmanis et al., 2018). Based on these 

findings, it is conceivable that septins may be involved into the regulation of vesicle trafficking 

during myogenic differentiation. Additionally, Myo6 interacts with the RhoA-specific 

ARHGEF12 (Leukemia-associated RhoGEF, LARG), which activates RhoA downstream of 

Gα12/13 G protein subunits of surface receptors. In complex with adaptor proteins SH3BP4 

and GIPC PDZ Domain Containing Family Member 1 (GIPC1), LARG and Myo6 regulate actin 

organization at early endosomes as part of the LARG-induced F-actin for tethering (LIFT) 

complex (O’Loughlin et al., 2018). Myo6 and GIPC1 transport receptors and endocytic vesicles 

from the actin rich cell periphery toward the cell body (Aschenbrenner et al., 2003; Naccache 

et al., 2006). This collectively implies a possibility for a septin-Myo6 axis to regulate cargo 

transport during myogenic differentiation. It remains speculative whether Septin9 depletion 

could skew transport toward the plasma membrane or result in a more severe defect in 

vesicle transport upon the collapse of septin structures. Furthermore, it is not clear which 

myosin motor would be involved into this regulation. Nonetheless, it remains to be elucidated 

whether and how septins are involved in actin- or tubulin-based cargo transport in myoblasts 

and whether this interaction has functional relevance for homeostatic processes or during 

differentiation and fusion. 
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4.5.7. The putative role of Septin9 as a cell fate regulator during myoblast 

cytokinesis 

Due to their ability to break cellular symmetry (Schuster and Geiger, 2021), septins are 

emerging as regulators of the stem cell division mode (whether symmetric or asymmetric) 

and as balancers between self-renewal and differentiation. In hematopoietic stem cells, 

Septin7 is crucial for regulating hematopoietic differentiation by compartmentalizing 

cytoplasmic polarity markers such as Cdc42 and Borg4 (Kandi et al., 2021). Additionally, 

Septin7 is essential for maintaining the motor protein Kif20a/Mklp2 at the intracellular bridge 

in neuronal progenitor cells (NPCs), and the loss of Septin7 results in premature neuronal 

differentiation, disrupting the regulation of asymmetric cell division (Qiu et al., 2020). Since 

Kif20a interacts with the regulator of G-protein signaling Rgs3, the depletion of which 

phenocopies the absence of Septin7 and Kif20a, authors suggest that Septin7 may help to 

control the inheritance of neuronal cell fate determinants by daughter cells during cytokinesis 

(Geng et al., 2018).  

Recent studies indicate that in myotubes derived from C2C12 cells, Septin7 interacts with 

Numb (Gasperi et al., 2023), another asymmetric cell fate determinant, although its role in 

vertebrates is not completely understood (Betschinger and Knoblich, 2004; Knoblich, 2008). 

Numb segregates asymmetrically during cytokinesis in many cell types, such as murine 

neuronal (Zhong et al., 1996) and retinal (Cayouette et al., 2001) progenitors, hematopoietic 

stem cells (Wu et al., 2007), MuSCs (Conboy and Rando, 2002; Shinin et al., 2006), and 

dermomyotome (Jory et al., 2009; Venters and Ordahl, 2005). However, the role of Numb in 

regulating binary fate decisions and differentiation remains controversial. For instance, the 

loss of Numb was initially demonstrated to result in precocious differentiation and loss of 

NPCs, while later studies found it to induce over-proliferation and impaired neuronal 

differentiation (Li et al., 2003; Petersen et al., 2002). Instead, the Rando lab initially reported 

that increased Numb expression in myofiber explant system, or cultured myoblasts, promotes 

myoblast differentiation (Conboy and Rando, 2002). Later, the Tajbakhsh lab provided 

conflicting evidence utilizing spatiotemporal misexpression of Numb in myogenic progenitor 

cells prior to cell fate decision in dermomyotome (Jory et al., 2009). The authors used a 

transgenic mouse line stably overexpressing Numb-GFP in Pax3+/Pax7+ population using the 

epaxial enhancer of Myf5, driving the expression of the reporter gene in the dorsal somite 

(Jory et al., 2009). Surprisingly, the overexpression of asymmetrically distributed Numb led to 
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symmetric divisions and an increase in the dermomyotomal progenitor pool size, without 

altering their rate of proliferation or differentiation, suggesting involvement in the self-

renewal of progenitor cells (Jory et al., 2009).  

Nonetheless, in keeping with the roles of septins in asymmetry breaking (Schuster and Geiger, 

2021; Spiliotis and McMurray, 2020) and cell division (Russo and Krauss, 2021), the 

association between septin filaments and a protein involved in cell fate choice in metazoans 

is highly intriguing. The interaction between Septin9 and Numb will require validation in 

myoblasts. Nevertheless, we speculate that myoblasts possess a mechanism for balancing 

proliferation and differentiation, which could be regulated by septins to assure orderly 

progression through cell division. Specifically, in myogenic cells septin complexes may 

compartmentalize cell fate determinants through a mechanism like that described for 

neuronal or hematopoietic progenitors. It is plausible that the role of septins in determining 

cell fate is conserved across various cell types.  

 

4.5.8. Septin9 as a putative, antimyogenic scaffold  

Septins could affect actin organization and gene transcription during myoblast differentiation 

by sequestering nucleocytoplasmic shuttling proteins. This may ultimately modulate 

mechano-transduction in myoblasts. In cancer-associated fibroblasts, Calvo et al. 

demonstrated that septins assist actin stress fibers formation and the remodeling of 

extracellular matrix into a pro-tumorigenic structure by supporting actomyosin contractility 

(Calvo et al., 2015). They further showed that the upregulated actin-binding protein BORG2 

interacts with SEPTIN2 and 7 on stress fibers and contributes to maintaining filamentous 

actin. Given that the expression of SEPTIN6 (Simi et al., 2018) and 9 (Yeh et al., 2012) can 

change in an ECM stiffness-dependent manner, it is possible that septin presence on actin 

may be modulated as a part of a regulatory mechano-transduction loop. In turn, septins may 

assist in mechano-transduction of extracellular cues to the nucleus, stabilizing the 

actomyosin network and mediating force exertion on focal adhesions (Spiliotis and Nakos, 

2021). Accordingly, a stiff ECM instructs BORG2- and SEPTIN2-dependent nuclear 

translocation of YAP1, leading to further upregulation of BORG2 and SEPTIN2, which 

increasingly localize to actin filaments (Calvo et al., 2015).  

Furthermore, septins associated with stress fibers ensure cytoplasmic localization of the 

adaptor protein NCK1 in HeLa cells (Kremer et al., 2007). NCK1, an SH2/SH3 domain-
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containing protein, links tyrosine kinase signaling hubs, such as growth factor receptors and 

FAs, to changes in cytoskeletal dynamics (Alfaidi et al., 2021; Buday et al., 2002). Interestingly, 

NCK1 also has  an anti-apoptotic function and translocates to the nucleus following DNA 

damage in a SOCS7-dependent manner (Errington and Macara, 2013). Unlike NCK1, 

SOCS7possesses a nuclear localization sequence (NLS) but is retained in the cytoplasm 

through its interaction with septin complexes. Kremer et al. demonstrated that depletion of 

SEPTIN2,6, or 7 leads to the release of SOCS7, which then translocates to the nucleus along 

with NCK1, resulting in the loss of actin stress fibers. They further showed that expressing 

NCK1 fused with a nuclear export sequence (NES) could rescued the disruption of actin stress 

fibers caused by septin depletion (Kremer et al., 2007). These findings suggest that septins 

may sequester proteins in the cytoplasm that are required for the onset of differentiation, 

and that septin reorganization may facilitate the mobilization of these factors. Depleting 

Septin9 could lead to the release of such proteins, potentially explaining the premature 

differentiation observed.  

Interestingly, using a MS-based approach, we identified Nfat5 as an interactor of Septin2 in 

proliferating and differentiating C2C12 cells. This interaction significantly decreased after five 

days of differentiation (Fig. 3-31 and Table 5). Nfat5 is a member of the Nfat family of Ca2+-

activated transcription factors acting in various tissues, including skeletal muscle (Horsley and 

Pavlath, 2002). Nfat5 exhibits predominant nuclear localization in myoblasts and myotubes, 

and the mechanism regulating its nuclear translocation in muscle context is not well 

understood (Lopez-Rodríguez et al., 1999; O’Connor et al., 2007). Nonetheless, O’Connor et 

al. reported that NFAT5+/- mice display impaired muscle regeneration, and myoblasts 

expressing dominant-negative Nfat5 exhibited impaired migration and differentiation 

(O’Connor et al., 2007). The identification of Nfat5 as a putative septin interaction partner 

supports the intriguing possibility that septins could sequester a pro-myogenic factor on 

stress fibers, to be subsequently released during cytoskeletal reorganization, before myoblast 

fusion. Depletion of Septin9 would release this factor from stress fibers, leading to its 

premature activation. The interaction between Nfat5 and septins will need to be validated in 

future studies to determine whether Nfat5 associates with septin filaments during 

proliferation or differentiation of myoblasts. 
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4.5.9. The impact of Septin9 depletion on actin  

A potential consequence of septin depletion is the cellular availability of a large portion of 

monomeric or filamentous actin. Disruption of septin-actin interaction primarily affects 

ventral contractile stress fibers, while peripheral actin fibers or fibers associated with non-

protrusive cell edges are less affected (Calvo et al., 2015; Dolat et al., 2014b; Joo et al., 2007; 

Kinoshita et al., 2002; Kremer et al., 2007). Furthermore, Verdier-Pinard et al. demonstrated 

that SEPTIN9_i2 overexpression specifically disrupts the perinuclear actin network (Verdier-

Pinard et al., 2017). Thus, septins are believed to associate with spatially and functionally 

distinct actin filaments (Spiliotis, 2018), and disrupting septins may release these actin pools 

and alter the ratio between monomeric and filamentous actin. Given that septins compete 

with actin binding proteins (Smith et al., 2015), the disruption of the septin cytoskeleton may 

favor the access to actin of actin-severing and depolymerizing proteins, such as cofilin, 

gelsolin and Molecule interacting with CasL (MICAL) (Frémont et al., 2017; Rajan et al., 2023), 

and this could potentially lead to stress fiber disassembly. This modification of actin filaments 

potentially following Septin9 knock-down, would align with the discussion on actin 

reorganization (chapter 4.5.6), accelerating the acquisition of a fusion-competent phenotype.  

Furthermore, destabilized actin filaments may increase the fraction of monomeric G-actin, 

leading to changes in cytoskeletal organization and cell behavior. For instance, Peckham et al. 

demonstrated that β-actin overexpression in myoblasts results in a marked increase in 

motility and excessive protrusion formation, accompanied by β-actin accumulation in the 

nascent protrusions (Peckham et al., 2001). New evidence suggests that γ-actin organizes as 

a cortical meshwork and associates with lamellipodia, indicating its role in cell motility, in 

contrast to the contractile functions of stress fiber-localized β-actin (Dugina et al., 2009; 

Simiczyjew et al., 2014). Despite the minor difference of only four amino acids, these actin 

isoforms show different functions, and the unique contributions of these non-muscle actin 

isoforms are not yet well understood (Vanslembrouck et al., 2020). Moreover, since the 

expression of β- and γ-actin is regulated by SRF transcriptional activity (Posern et al., 2002; 

Sotiropoulos et al., 1999), the release of monomeric actin upon Septin9 depletion would lead 

to feedback inhibition of SRF signaling, which is sensitive to the polymer status of actin. 

Therefore, it is conceivable that Septin9 depletion in myoblasts may trigger a profound 

reorganization of actin, liberating actin binding sites, and potentially resulting in changes in 
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cell behavior and gene transcription. Future studies to investigate the regulatory role of the 

septin cytoskeleton on actin organization during myogenic differentiation are needed. 

 

4.6. Septin9 and Septin7: adjacent paralogues with opposite 

functions in myogenic differentiation 

Our study strongly indicates an enhancement of myogenic potential following the depletion 

of Septin9 during the early stages of myogenic differentiation in both C2C12 cells and primary 

myoblasts. This finding contrasts with previous studies that showed a negative effect on 

myogenic differentiation when Septin7 was depleted in C2C12 cells (Gönczi et al., 2022). 

Reconciling the notion that depletion of two adjacent septin paralogues in the septin 

protomer yields opposing outcomes is challenging. Potential explanations are limited by the 

current knowledge of septin paralogue-specific functions and interaction partners.  

One potential explanation for the differing results may be the distinct impact of Septin7 and 

Septin9 on cell division. Septin2, 7, 9, and 11 play crucial roles in adherent cell division (Estey 

et al., 2010; Karasmanis et al., 2019; Renshaw et al., 2014), while certain hematopoietic cells 

rely on septin-independent methods for cytokinesis (Menon and Gaestel, 2015). In line with 

the uniqueness of Septin7 in its subgroup, Gönczi et al. reported that the depletion of Septin7 

results in the failure to form any septin structures, leading to cytokinesis failure and to a range 

of cellular defects. These defects likely affected myoblast expansion and viability, thereby 

impacting myogenic differentiation (Gönczi et al., 2022). On the other hand, Septin9 is critical 

only for the late stages of cytokinesis in HeLa and MDCK cells (Estey et al., 2010; Karasmanis 

et al., 2019; Renshaw et al., 2014) while it appears dispensable for the initial steps of cell 

division. In this study we did not observe cytokinesis defects, such as bi- and multinucleated 

cells or chromatin-bridges (Hong et al., 2021; Normand and King, 2010), upon depleting 

Septin9 in C2C12 cells and primary myoblasts. This is similar to findings in murine fibroblasts 

where Septin9 depletion led to a slight increase in polynucleation but did not affect cell 

proliferation (Füchtbauer et al., 2011).  

More in detail, the discrepancy between the phenotypes following Septin9 and Septin7 

depletion may be attributed to distinct options for septin complex formation upon the lack 

of Septin9 or Septin7. The ubiquitous Septin7 is a unique paralogue in its subgroup and is an 

obligatory member of septin hexamers and octamers, while Septin9 is excluded from 
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hexamers (Kinoshita, 2003). The functional significance of septin hexamers in cellular 

processes is disputed. In our study, we demonstrated the absence of Septin2- or Septin7-

containing macroscopic septin structures upon Septin9 depletion in C2C12 cells (Fig. 3-11). 

However, it cannot be excluded that these myoblasts still overcome cell division failure by 

engaging the remaining levels of Septin9 protein, or by switching to a hexamer-based 

protofilament. As mentioned above, Septin9 is dispensable for most of the cytokinesis. 

Moreover, Panagiotou et al. demonstrated the existence of Septin9-devoid septin hexamers 

at the intracellular bridge, which mediate the initial phases of furrow constriction and bridge 

maturation (Panagiotou et al., 2022). Thus, Septin9 may be dispensable for myoblast cell 

division. Furthermore, as discussed in the chapter 4.5.3, Septin9-deficient myoblasts may 

even circumvent cytokinetic defects by avoiding cytokinesis altogether. This could occur 

through premature differentiation, apoptosis, irreversible cell cycle exit, or arrest in G1 or G2 

phase. This is supported by increased terminal differentiation marker expression (Fig. 3-26), 

Parp1-cleavage (Fig. 3-29), and reduction in Edu-positive cells (Fig. 3-28), respectively.  

The observed discrepancies in outcomes could also be linked to changes in migratory 

behaviors resulting from the depletion of Septin9 or Septin7. It has been shown that 

inhibiting myoblast migration can enhance myoblast fusion, which may subsequently affect 

differentiation (Bondesen et al., 2007; Szabo et al., 2022). However, in vitro differentiation is 

typically studied in contact inhibited, confluent myoblasts, making it difficult to understand 

how prefusion events and alterations in migratory behavior could affect fusion and myotube 

formation. Gönczi et al. found that Septin7 depletion boosts myoblast migration, which 

supports the reduction in myogenic differentiation seen in Septin7-deficient myoblasts 

(Gönczi et al., 2022). Septin9, instead, has been shown to enhance migration in renal and 

mammary epithelial cells due to its actin-crosslinking activity (Chacko et al., 2005; Connolly 

et al., 2011; Dolat et al., 2014b). Additionally, Farrugia et al. observed paralogue-specific 

differences in melanoma cells undergoing ameboid migration, where Septin9, but not 

Septin7, affected the migration phenotype (Farrugia et al., 2020).  

Previous work in our lab (PhD thesis, Dr. Agnieszka Denkis) analyzed the migratory behavior 

of Septin9-deficient C2C12 cells via wound scratch and Transwell migration assays, revealing 

no change in basal migration properties. Since Septin9-depletion did not change basal 

migration, it is fair to assume that this aspect did not contribute to precocious onset of 

myogenic differentiation. However, Septin9 depletion drastically reduced semi-directional 
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migration towards a BMP2 source through the Transwell membrane, indicating Septin9 

involvement in chemotaxis-regulated migration. This aspect will need to be elucidated in 

greater detail, incorporating the analysis of directional migration under various seeding 

densities. Live cell imaging experiments focusing on monitoring the organization of Septin9 

and Septin7 during myoblast proliferation and differentiation may help to understand the 

differences in observed phenotypes upon their depletion. 

 

4.7. Working model and conclusions 

Based on our data and discussion, we propose that Septin9 is a crucial component of 

myoblast septin complexes, which reorganizes as myogenic differentiation unfolds, ensuring 

the orderly progression through the differentiation process. Proliferating myoblasts 

predominantly exhibit actin-associated straight septin fibers in the perinuclear area. 

Induction of myogenic differentiation results in substantial reorganization of septins and 

dissociation from actin structures. SiRNA-mediated Septin9 depletion leads to the disruption 

of septin organization and triggers the premature onset of myogenic differentiation in 

cultured myoblasts (Fig. 4-3A-B). The central question of how exactly Septin9 safeguards 

against precocious differentiation requires further detailed investigation. However, we 

propose several potential cellular processes that may link septins with cell fate decisions (Fig. 

4-3C).  

First, septins may regulate actomyosin organization in differentiating myoblasts, as 

cytoskeletal remodeling is essential during early steps of differentiation, such as myoblast 

alignment (Swailes et al., 2006, 2004). This regulation may influence actomyosin integrity and 

contractility, actin decoration, bundling, and polymerization states, further regulating the 

physical properties of the cell cortex and nucleus (Bruyère et al., 2019; Gilden et al., 2012; 

Karolczak et al., 2015; Swailes et al., 2006; Tooley et al., 2009). This regulation may result from 

Septin9 binding to actin filaments (Smith et al., 2015) or changes in associated Rho GTPase 

signaling (Ito et al., 2005; Nagata and Inagaki, 2005; Safavian et al., 2023; Tomasso and 

Padrick, 2023).  

Second, polymerized septins may support extracellular myokine signal transduction or 

facilitate the propagation of mechanical cues, as septins have been shown to regulate surface 

levels of transmembrane receptors and are considered emerging components of mechano-

transduction pathways (Diesenberg et al., 2015; Lam and Calvo, 2019; Mostowy et al., 2011). 
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For instance, in the absence of Septin9, we observed changes in Activin A signaling and 

reduced expression of Taz co-transcription factor. As these two factors regulate myogenic 

differentiation (Jeong et al., 2010; Lodberg, 2021; Mohamed et al., 2016; Moustakas and 

Heldin, 2009), their altered signaling pathways may disrupt the orderly progression of the 

differentiation process. 

Third, septins may influence cell fate decisions, such as the proliferation-differentiation 

decision, regulate intracellular protein transport, or ensure the homeostatic regulation of 

mitochondrial biogenesis. Septins play a prominent role in the mitotic phase of eukaryotic 

cell division (Russo and Krauss, 2021; Spiliotis and Nakos, 2021), but their influence on other 

phases of the cell cycle is not well understood. Following Septin9 knock-down, we reported 

decreased expression of Tfdp1, which is essential for the G1/S transition (Engeland, 2022; 

Trimarchi and Lees, 2002), and a reduced prevalence of Septin9-deficient cells in the S-phase 

of the cell cycle. Thus, septins might lead to premature differentiation by regulating cell cycle 

progression. Furthermore, septins have been shown to bind mitochondria and participate in 

mitochondrial dynamics (Pagliuso et al., 2016; Sirianni et al., 2016). Therefore, the release of 

apoptogenic agents and an erroneous mitochondrial adaptation to myogenic differentiation 

upon Septin9 depletion may contribute to enhanced myogenic signaling.  

This summary of the putative consequences of Septin9 depletion provides a framework for 

future investigations aimed at deciphering the exact contribution of the septin cytoskeleton 

to myoblast biology. 
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Figure 4-2. Working model and putative consequences of Septin9 depletion 
A Septin9 incorporation into septin filaments ensures the orderly transition from proliferating to 
differentiating myoblasts. Myoblasts expressing terminal differentiation markers exhibit substantial 
reorganization of septin structures prior to fusion events. B Septin9 depletion disrupts myoblastal 
septin complexes and results in premature myogenic differentiation. C Putative consequences (I-III) 
of disrupted septin cytoskeleton in myoblast: (I) In dividing and differentiating prefusion myoblasts, 
Septin9 depletion may affect actomyosin integrity and, consequently, the physical properties of 
cortical membranes or the nucleus. Reducing actin decoration and interfering with the abundance of 
actin monomers may further impact the differentiation process. (II) Septin9 may enable septin 
complexes to scaffold components of myogenic signaling (e.g. receptors for extracellular myokine 
signals), intracellular homeostatic regulation, and mechanotransduction. (III) Septin complexes may 
assist in cellular proliferation-differentiation or differentiation-fusion decisions by regulating global 
processes such as protein transport towards the plasma membrane and ensuring organelle integrity, 
thereby maintaining the orderly transition from proliferation to differentiation. 
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4.8. Future perspectives 

Despite sustained efforts over the past three decades by the prolific septin research 

community, our detailed understanding of septin functions in cellular processes remains 

incomplete and lags behind the knowledge accumulated about other cytoskeletal polymers. 

The understanding of septin-dependent regulatory mechanisms in muscle cells has only 

recently begun to emerge. As scientific discovery accelerates with the advent of new fields 

and tools, it is often driven by headline-grabbing breakthroughs. However, it is the 

foundational research, though less glamorous, that ultimately makes these advances 

possible. 

Our study has introduced septins as a crucial component of the myoblast cytoskeleton, 

demonstrating their role in preventing premature differentiation onset. However, the 

detailed mechanisms behind this role remain unclear. Therefore, my short-term outlook 

radiates to explore various aspects of septin biology, including their stoichiometry, 

expression, polymer state, sub-cellular localization, and interactions in myoblasts. Addressing 

the questions formulated in the discussion section will be instrumental in promoting a 

broader understanding of these mechanisms.  

Key questions include: 

- How do septin paralogues express and localize in quiescent and activated MuSCs? 

- What is the organization of the putative myogenic septin promoter? Are suggested 

septin proteins expressed and incorporated into the filament?  

- To what extent do septin protein level changes correlate with mRNA level alterations 

observed in this study, and how do these changes influence protomer stoichiometry? 

- In what processes and signaling pathways do septins act as scaffolds in myoblasts, and 

why must they reorganize so substantially?  

- How does septin organization temporally correlate with myogenic lineage 

progression, and what triggers their reorganization? 

- Is septin presence essential for the myoblast proliferation-differentiation decision?  

- How do organized septin filaments exert their anti-apoptotic functions, and does the 

increase in apoptosis correlate with differentiation following disruption of septins? 

- How is the actin cytoskeleton organized and functionally linked with septins in 

myoblasts? 
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- What roles do septins play in actomyosin contractility in myoblasts, and how do they 

influence formation of focal adhesions?  

- How do septins affect actin-based cytoskeletal signaling and the propagation of 

signals to the nucleus of myoblasts?  

- Is there an interconnected RhoA-actin-septin regulatory module that dynamically 

regulates cytoskeleton organization and maintains the undifferentiated state of 

myoblasts?  

Addressing these questions will significantly enhance our understanding of septin roles in 

myoblasts. 

Broader long-term questions addressing adjacent topics would examine how septin 

reorganization scales with the formation of contractile muscle tissue. Do septins reform in 

the contractile muscle after disorganization in myotubes, or do they continue their gradual 

reorganization along the myogenic trajectory under physiologic conditions, maintaining 

sustained upstream regulation lacking in vitro?  

The protein expression of septins in adult muscle tissue prompts further questions about 

their roles in homeostasis, regeneration, and pathological conditions such as aging, 

sarcopenia, and cachexia. Moreover, it is essential to investigate whether septins are involved 

in the biology of smooth and cardiac muscle cells. Understanding whether the essential role 

of septins is conserved across different myogenic contexts is of great interest.  

Furthermore, it is intriguing to examine whether the roles of septins in cell differentiation are 

conserved beyond myogenic context. Do septins play a role in differentiation processes of 

other cell types beyond those reported and discussed here? Exploring these aspects will 

improve our understanding of septin biology and of its implications across various 

physiological and pathological conditions. 
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6. Appendix  

6.1. Expression of Cdc42ep/ Borg proteins in C2C12 cells 

Septins oligomerize into complexes that form filaments in mammalian cells (Spiliotis and 

Nakos, 2021). In this work, we have shown that septins form actin-associated filaments in 

myoblasts and reorganize into filamentous remnants during myogenic differentiation (Figure 

3-13). However, the mechanisms regulating this dynamic reorganization of septin complexes 

are not well understood. Small RhoGTPase Cdc42 has been demonstrated to modulate the 

cellular localization of septins, a process requiring Cdc42 effector proteins 1-5 (Cdc42ep1-5)/ 

Binders of RhoGTPase 1-5 (Borg1-5) (Fig. 6-1A) (Farrugia and Calvo, 2016; Tomasso and 

Padrick, 2023). Thus, we hypothesized that Borg proteins could potentially mediate the 

reorganization of septins during myogenic differentiation. Given that the expression of Borg 

proteins has not been elucidated so far in myoblasts, we aimed to characterize the expression 

of this gene family and study their interaction and co-localization with Septin9 in C2C12 cells.  

We designed primers for murine Cdc42ep1-5 (Cep1-5 from here on) and tested the mRNA 

presence of Borgs by analyzing reverse-transcribed cDNA from C2C12 cells. A semi-

quantitative PCR indicated the expression of Cep1/Borg5, Cep3/Borg2, Cep4/Borg4, as well 

as a faint band at the right molecular size for Cep5/Borg4 (Fig. 6-1B). Next, we tested the 

ability of Borgs to associate with Septin9 in C2C12 cells. We performed a co-

immunoprecipitation with rat Borg1-5-GFP proteins (kindly provided by Prof. Dr. Helge Ewers) 

(Fig. 6-1C). All introduced Borg constructs precipitated Septin9-Myc, indicating a potential 

association of Borg proteins with septin filaments in C2C12 cells. Additionally, we tested 

whether Cdc42 can associate with Septin9 in C2C12 cells. We demonstrated a co-

immunoprecipitation of Septin9-Myc with rat WT Cdc42, as well as the constitutively active 

(CA) and dominant negative (DN) mutants of Cdc42 fused with GFP (also kindly provided by 

Prof. Dr. Helge Ewers). Hence, Septin9 likely forms a complex with Cdc42 in C2C12 cells, 

regardless of the RhoGTPase cycling ability (Fig. 6-1D).  

Next, we examined the subcellular organization of GFP-Borg1-5 proteins and their co-

localization with endogenous Septin9 in C2C12 cells (Fig. 6-2). Overexpressing Borgs resulted 

in the excessive formation of septin filaments, often spanning the whole cell, as opposed to 

perinuclear septin filaments observed in control cells (Fig. 6-2A vs Fig. 3-7A). Borg1-5 co-

localized with Septin9 and F-actin in C2C12 myoblasts, often resulting in the disruption of 
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septin filaments (Fig. 6-2B). In some cases, overexpression of Borgs, as depicted for Borg2 

and Borg4, resulted in the appearance of curvy septin filaments, never observed in WT C2C12 

cell under proliferative conditions (Fig. 6-2B).  

 

Figure 6-1. Septin9 interacts with Borg proteins and with Cdc42 
A Scheme representing domain composition of Cdc42ep/ Borg proteins. Borg Homology 3 (BH3) 
domain is crucial for the interaction with Septin2/6/7. B Semi-quantitative PCR on C2C12 cDNA 
indicates expression of Cdc42ep1, Cdc42ep3, Cdc42ep4, and potentially Cdc42ep5. C Co-
Immunoprecipitation in HEK293T cells of Septin9-myc by GFP-fused rat Cdc42 effector proteins. All 
Cdc42eps interact with Septin9 under these experimental conditions. D Co-Immunoprecipitation in 
HEK293T cells of Septin9-myc by GFP-fused rat Cdc42 mutants. WT, CA, and DN mutant Cdc42 
proteins interact with Septin9-myc under these experimental conditions.   

 

Borg1-3 have been demonstrated to bind to septins at the interface between Septin6 and 7, 

implying an interaction with septin complexes (Castro et al., 2023; Joberty et al., 2001; 

Sheffield et al., 2003). In this study, we have demonstrated the expression of some Borg 

proteins in C2C12 cells, including at least Borg2, 4 and 5 (Fig. 6-1). Furthermore, we have 

provided evidence for the formation of a potential protein complex consisting of Cdc42, 

Borgs, and septins, as both Cdc42 and Borg proteins co-immunoprecipitated Septin9 from the 

cell lysate. Additionally, over-expressed GFP-fused Borg proteins co-localized with Septin9 in 

myoblasts. Moreover, the expression of each Borg paralogue resulted in the formation of 

ectopic septin filaments, and often led to the disruption of septin organization. Notably, some 

Borgs, such as Borg 2 and Borg4, resulted in the appearance of distinctly curvy septins, which 
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are never observed in proliferating myoblasts. Notably, these curvy filaments resemble septin 

organization observed during myogenic differentiation (Fig.3-15). 

 

Figure 6-2. Borg proteins co-localize with Septin9 in C2C12 cells and may induce septin filament 
reorganization 
A Representative immunofluorescence images showing Septin9 co-localization with introduced rat 
Borg proteins in C2C12 cells. GFP-fused Borg1-5 proteins were visualized via GFP, F-actin through 
Phalloidin AF594 and Septin9 with antibodies using AF647. B Overexpression of some Borgs (Borg2 
and Borg4) resulted in acquisition of curved Septin9 filaments. Scale bars 10 µm, insets 5µm. 
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Taken together, we provide evidence for potential regulation exerted by Cdc42/Borg axis on 

the organization of septin filaments in myoblasts. The appearance of morphologically similar 

curvy septins upon overexpression of Borgs (Fig. 6-2B) and in differentiating myoblasts (Fig. 

3-15A) prompts an intriguing possibility for the involvement of the Cdc42/Borg axis in 

regulating septin organization during myogenic differentiation. 

 

6.2. Expression of E2F target genes upon Septin9 depletion 

In addition to precocious differentiation, the depletion of Septin9 resulted in fewer myoblasts 

and a lower ratio of EdU-positive cells compared to controls, indicating faulty progression 

through the DNA synthesis phase of the cell cycle (Fig. 3-27 and 3-28). Pocket protein Rb1 

and E2F transcription factors are central regulators in several phases of the cell cycle 

progression. Rb1 interacts with and inhibits the transcriptional activity of E2F transcription 

factors (E2f1-E2f7), which heterodimerize with Dp proteins (Dp1 and Dp2). Some E2F 

members repress (in combination with co-repressors), while others transactivate (in 

combination with other transcription factors) numerous target genes to ensure orderly 

progression of cell division (Bracken et al., 2004). Given that terminal myoblast differentiation 

usually coincides with cell cycle arrest and exit from the division cycle, we aimed to examine 

the expression of E2F target genes critical for pushing cells into the DNA synthesis phase. 

We analyzed the normalized counts extracted from the RNASeq experiments performed in 

this study in C2C12 and primary myoblasts depleted of Septin9, focusing on E2F target genes 

summarized by Bracken and colleagues (Bracken et al., 2004). E2F target genes regulating G1 

to S phase transition were not uniformly regulated in Septin9-deficient myoblasts, with some 

(e.g., E2F2) being upregulated and others (e.g., Tfdp1) being downregulated (Fig. 6-3A). These 

strong regulations may indicate an adaptation to deregulated cell cycle exit upon Septin9 

depletion. However, E2F target genes expressed in S or G2 phases of the cell cycle showed a 

uniform downregulation in both C2C12 and primary myoblasts upon Septin9 depletion, 

except for the low-expressed Ccna1 (Fig. 6-3B). Instead, E2F target genes specifically involved 

in DNA synthesis and replication were downregulated in primary myoblasts, while many of 

these genes showed and opposite regulation in C2C12 cells (Fig. 6-3C).  

The regulation of E2F target genes outside of G1 phase is not very clear, although other 

transcription factors are proposed to facilitate the delayed de-repression and transactivation 

downstream of E2F factors (Bracken et al., 2004). Nonetheless, E2F transcription factors 
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regulate a broad range of factors that function in the S phase and play additional roles in 

processes such as DNA damage checkpoint and repair. Many of these genes show a functional 

overlap between these processes. For instance, Chk1 is an essential component of DNA 

damage signaling but also accumulates in the S phase in non-stressed cells, ensuring absence 

of DNA replication mistakes before cells enter the mitotic phase. These features imply that 

the regulation of some E2F target genes may be another facet of the E2F function in ensuring 

orderly progression through the cell cycle.  

Thus, deregulations of E2F target genes are challenging to interpret. However, the concerted 

downregulation of S/G2 target genes in both C2C12 and primary myoblasts in absence of 

Septin9 indicates a conserved role of organized septins during the orderly progression 

through the cell cycle. Septin9-deficient myoblasts prematurely enter the differentiation 

program. It is conceivable that E2F activity could be reduced upon Septin9 depletion, 

inhibiting the entry into the S phase of the cell division, and allowing cells to commit to the 

differentiation program. The mechanistic details of this process, however, require further 

investigation. 

 

Figure 6-3. Expression of E2F target genes in Septin9-deficient C2C12 and primary myoblasts 
Relative mRNA expression of E2F target genes associated with G1/S transition (A), S/G2 transition (B), 
and DNA synthesis and replication (C) upon Septin9 depletion in C2C12 and primary myoblasts. 
Normalized counts representing knockdown-to-control ratio from two RNASeq experiments 
performed in this study. E2F target genes are summarized by Bracken et al. (Bracken et al., 2004) 
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6.3. Characterization of actin filaments and focal adhesion 

organization upon Septin9 depletion 

Septin and actin filaments are remarkably interdependent cellular elements, where 

disruption of one often alters the other (Spiliotis, 2018). Therefore, the observed changes in 

myogenic differentiation upon Septin9-depletion may arise from changes in actin 

organization. The nature of the septin-actin interaction is a subject of vigorous investigation, 

and depletion of septins has been demonstrated to mostly affect contractile actin fibers 

(Calvo et al., 2015; Dolat et al., 2014a; Joo et al., 2007; Surka et al., 2002). Furthermore, in 

renal epithelial cells, Septin9 regulates lamellar actin stress fibers, mediating maturation and 

stability of focal adhesions (Dolat et al., 2014a). Therefore, presence of Septin9 in myoblasts 

may contribute to actin integrity via regulating the actin bundling, contractility, and force 

generation at focal adhesions. Hence, we aimed to examine the organization of ventral actin 

filaments and focal adhesions in Septin9-deficient C2C12 cells. 

Given that siRNA-mediated depletion of Septin9 results in disruption of septin filaments in 

myoblasts (Fig. 3-11), we analyzed organization of perinuclear actin filaments visualized using 

phalloidin staining (Fig. 6-4). Cells depleted of Septin9 show a complete absence of septin 

filaments. Additionally, Septin9-deficient cells show lack of organized perinuclear actin 

filaments, compared to adjacent C2C12 cells still expressing Septin9 (that likely did not 

receive the siRNA) on the same cover slip. Actin filaments appear more disordered, 

discontinuous and less bundled (Fig. 6-4). As cytoskeletal reorganization is an essential step 

in myoblast differentiation and fusion (Lu et al., 2001; Musa et al., 2003; Swailes et al., 2004), 

it will remain imperative to quantify the changes in actin orientation and bundling, and 

furthermore study how the F/G actin ratio and actomyosin contractility are influenced by 

Septin9 depletion.  

Focal adhesions attach actin stress fibers to the plasma membrane and extracellular matrix, 

and, in turn, rely on the integrity of actin filaments (Svitkina, 2018). Therefore, we examined 

the organization of Zyxin-positive focal adhesions in C2C12 cells depleted of Septin9 (Fig. 6-

5). C2C12 cells lacking Septin9 showed less proximal, perinuclear focal adhesions, and smaller 

distant, nascent focal adhesions. These data indicate a potential problem with maturation of 

focal adhesion complexes and therefore possible profound changes in mechano-sensation in 

Septin9-deficient myoblasts. However, focal adhesions parameters such as number and size 
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have not been quantified in this study. In conclusion, changes in actin and focal adhesion 

organization may potentially have an impact on myogenic differentiation of Septin9-deficient 

myoblasts, as cytoskeletal signaling plays important roles in migration, proliferation, 

differentiation, and fusion of myoblasts (Brondolin et al., 2023; Castellani et al., 2006; Costa, 

2014; Noviello et al., 2023). 

 

Figure 6-4. Integrity of perinuclear actin fibers in absence of Septin9 
Representative immunofluorescence images of Septin9-depleted C2C12 cells, focusing on the ventral 
and perinuclear contractile stress fibers stained with phalloidin. Disruption of Septin9 leads to altered 
organization of perinuclear actin filaments in myoblasts. Scale bars 10 µm. 
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Figure 6-5. Septin9 depletion alters organization of Zyxin-positive focal adhesions 
Representative immunofluorescence images showing Zyxin-positive focal adhesions in Septin9-
depleted and control C2C12 cells. Disruption of Septin9 leads to a reduction of proximal adhesions 
and a defect in the maturation of distal focal adhesions in myoblasts. Scale bars 10 µm 

 

6.4. Compartmentalization of BMP signaling pathways by septin 

scaffolds 

Bone morphogenetic proteins (BMPs) are essential dimeric growth factors belonging to the 

TGF-β superfamily, playing a pivotal role in tissue morphogenesis, architecture, and 

regeneration by activating complex signaling pathways through transmembrane 

serine/threonine kinase receptors. These BMP-activated cascades regulate cell division and 

differentiation and are crucial roles during myogenesis. BMP signaling is initiated through the 
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binding and hetero-oligomerization of two types of BMP-receptors (Bmprs): type I and type 

II (Bmpr1 and Bmpr2). Functional signaling receptor complexes are composed of two type I 

and two type II receptors, where the constitutively active Bmpr2 kinase phosphorylates 

Bmpr1 upon ligand binding, leading to receptor activation. This receptor oligomerization 

triggers both Smad-dependent transcriptional responses and non-transcriptional pathways, 

including cytoskeletal rearrangements. While both pathways are initiated at the cell surface, 

the molecules involved and the downstream signaling events differ significantly, resulting in 

distinct cellular outcomes (Bragdon et al., 2011; Horbelt et al., 2012; Nickel and Mueller, 

2019).  

Previous research from our group demonstrated an interaction between Septin9 Bmpr2, but 

not with type I receptors such as Alk3 and Alk6 (doctoral thesis of Dr. Agnieszka Denkis). Our 

goal was to further validate whether this interaction is direct and to identify the subcellular 

compartment where this interaction occurs.  

We expressed of either the long or short form of HA-tagged Bmpr2 (LF or SF, respectively) 

along with Septin9-Myc in HEK293T cells, followed by immunoprecipitation using antibodies 

against Myc tag. Our results showed that both splice variants of the receptor interact with 

exogenous Septin9, and that the addition of BMP2 enhances this pre-existing interaction (Fig. 

6-6A-B). However, in vitro pulldown experiments using recombinant human SEPTIN9-GST and 

His-tagged Bmpr2-kinase domain showed no interaction (His pulldown not shown), 

suggesting that the complex formation between Septin9 and Bmpr2 may be mediated by a 

bridging protein (Fig. 6-6C).  

Additionally, we examined the interaction between Septin9 and other receptors from the 

TGFβ family, such as Tβr2 and Alk2. Both receptors co-precipitated with exogenous Septin9 

in HEK293T cells. Furthermore, the association between Alk2 and Septin9 was enhanced in 

the presence a ligand (BMP6) (Fig. 6-6D-E).  
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Figure 6-6. Septin9 interacts with Bmpr2, Alk2 and Tβr2 
A Co-immunoprecipitation assay in HEK293T cells expressing Septin9-Myc and either the long or short 
form of Bmpr2-HA (Bmpr2-LF and Bmpr2-SF, respectively), shows that both isoforms of Bmpr2 
interact with exogenous Septin9. Notably, stimulation with BMP2 enhanced the interaction with the 
long isoform only. B Quantification of co-precipitated Bmpr2 isoform protein levels normalized to 
total isoform levels and Gapdh. C In vitro pulldown assay using recombinant human SEPTIN9-GST and 
the human kinase domain of Bmpr2 reveals no direct interaction under the conditions tested. D Co-
immunoprecipitation assay in HEK293T cells expressing Septin9-Myc and Alk2-HA demonstrates that 
Alk2 interacts with exogenous Septin9 under serum-starved conditions, with the addition of the high 
affinity ligand BMP6 further enhancing this interaction. E Co-immunoprecipitation assay in HEK293T 
cells expressing Septin9-Myc and Tβr2-HA shows that Septin9 interacts with Tβr2 under serum-
deprivation. However, stimulation with TGFβ1 does not alter the interaction under tested conditions. 
IP: Immunoprecipitation, Co-IP: Co-immunoprecipitation, PD: Pulldown, TCL: Total cell lysate.  

 

To determine whether the interaction between Septin9 and Bmpr2 occurs at the plasma 

membrane or within the cell, we conducted cell surface biotinylation of HEK293T cells 

expressing either HA-tagged Bmpr2-LF or Bmpr2-SF. Streptavidin pulldown assays revealed 

that Septin9-7-2 complexes precipitate with transmembrane proteins and potentially 

associate with the plasma membrane in both control cells and those expressing Bmpr2 (Fig. 
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6-7A). Notably, the addition of the ligand enhanced the association of septins with the 

membrane only in cells expressing the long form of the Bmpr2 (Fig. 6-7A-B), suggesting that 

the tail region of Bmpr2 may regulate septin oligomerization.  

Next, to visualize the interaction between Bmpr2 and Septin9, we performed proximity 

ligation assays (PLA) using antibodies against the endogenous proteins (Fig. 6-8A-C). The 

results showed that Septin9 and Bmpr2 interact in serum-deprived C2C12 cells, with ligand 

stimulation increasing the formation of this complex (Fig. 6-8A-B). Observations under TIRF 

microscopy, combined with reduced endocytosis through incubation at 4 °C or 13 °C, further 

emphasized that the interaction between Septin9 and Bmpr2 occurs at the cell surface (Fig. 

6-8A and C). 

 

Figure 6-7. Bmpr2 regulates septin organization at the cell surface 
A Surface biotinylation assay were performed in HEK293T cells expressing eighter the long (LF) or the 
short (SF) form of Bmpr2. Streptavidin pulldown was followed by western blot analysis to detect 
endogenous Septin9, Septin7, Septin2, and HA-tagged Bmpr2. The addition of BMP2 (lanes 2 and 4,) 
suggests a potential release from auto-inhibition by the tail region of the long Bmpr2 isoform. B 
Quantification of endogenous Septin9, Septin7, and Septin2 levels precipitated with transmembrane 
proteins after biotinylation, normalized to total septin levels. PD: Pulldown, TCL: Total cell lysate 
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Figure 6-8. Septin9 interacts with Bmpr2 at the plasma membrane 
A Representative images from proximity ligation assay between endogenous Septin9 and Bmpr2, 
illustrating the subcellular localization of the Septin9-Bmpr2 interaction in C2C12 cells at different 
temperatures. The epifluorescence micrographs show the basal interaction under serum-starved 
conditions and an increase in interaction upon BMP2 stimulation. B Quantification of PLA signals per 
nucleus from panel A. Slowing or inhibiting endocytosis by lowering the temperature localizes the 
interaction to the plasma membrane. C TIRFM micrographs confirming the interaction between 
Septin9 and Bmpr2 is localized at the cell surface. Scale bar 10 mµ. 

 

In summary, our study provides spatial insights into Septin9-Bmpr2 interaction, 

demonstrating that this interaction occurs at the cell surface. The spatiotemporal dynamics 

and molecular mechanisms underlying this interaction remain to be elucidated. It is plausible 

that septins act as molecular scaffolds, compartmentalizing the BMP signaling cascade or 

influencing the distribution and lateral mobility of BMP receptors, which may, in turn, affect 

the signaling outcome. 
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6.5. List of DE genes in the transcriptome analysis upon Sepitn9 

depletion  

Table 6-1. Top 100 DE genes regulated in C2C12 cells following Septin9 knockdown 

C2C12   primary myoblasts 

Gene Name Log2FC p-adj. value  Gene Name Log2FC p-adj. value 
Septin9 -1.35 2E-84  Car3 1.41 2E-53 

Spp1 0.66 2E-45  C1qtnf3 1.32 2E-35 
Mgp 0.86 3E-44  Ogn 1.43 9E-34 

Angptl2 -0.79 3E-42  Gm52174 1.35 6E-22 
Acta2 -0.58 3E-39  Tfdp1 -1.24 8E-20 
Idh1 -0.79 6E-37  Rian 1.04 2E-17 

Col18a1 -0.64 2E-35  Rian_1 1.04 2E-17 
Gpi1 -0.76 2E-35  H19 0.71 5E-17 

Thbs1 -0.56 7E-34  Mir675 0.73 1E-16 
Tfdp1 -1.02 6E-32  Septin9 -1.17 7E-16 
Ermp1 1.02 1E-29  Ankrd23 1.24 1E-13 

Csnk1g2 -0.85 3E-28  Ucp2 1.13 2E-13 
Rab31 -0.7 7E-28  Tnnc2 0.95 2E-13 
Gprin3 -0.91 2E-24  Septin1 1.02 3E-13 
Cyp51 -0.58 1E-21  Htra3 1.26 4E-13 
Col6a3 -0.6 3E-19  Actc1 0.96 7E-13 
Sel1l -0.8 4E-19  Myl4 0.96 2E-12 
Vcl -0.51 8E-19  Crkl -0.91 7E-12 

Ets1 -0.85 2E-18  Itm2a 0.8 7E-12 
Des 0.48 6E-18  Fxyd6 0.88 1E-11 

Tmem65 -0.64 9E-18  Myl1 0.94 3E-11 
Atp6v1a -0.63 4E-17  Itgb1bp2 1.09 4E-11 

Actg2 -0.62 1E-16  Kdm4a -0.82 4E-11 
Cdhr1 -0.67 1E-16  Atp6v1a -0.79 9E-11 
Cav1 -0.48 1E-15  Igfbp4 0.77 1E-10 
Itfg1 -0.5 2E-15  Hspb7 1.34 2E-10 

Csrp1 -0.48 9E-15  Rap1gap2 0.83 2E-10 
Dstn -0.44 2E-14  Csrp3 1.25 2E-10 

Ndrg1 -0.53 2E-14  Sypl2 1.65 3E-10 
Col12a1 -0.38 4E-14  Myog 0.83 6E-10 
Wwtr1 -0.57 5E-14  Trdn 1.08 8E-10 
Mir675 0.88 5E-14  Gadd45a 0.65 8E-10 
Cks1b -0.89 2E-13  Gatm 0.82 8E-10 

Ctnnb1 -0.42 4E-13  Gatm_1 0.82 9E-10 
2510039O18Rik_1 -0.9 1E-12  Gpi1 -0.63 1E-09 

Ccnd3 0.56 1E-12  Hif1an 0.72 1E-09 
Dhrs3 0.85 1E-12  Scand1 1.46 2E-09 
Setd7 -0.56 1E-12  Sel1l -0.77 2E-09 
Tgoln1 -0.65 1E-12  Tnnt2 0.69 2E-09 

Hmgcs1 -0.44 2E-12  Tpm2 0.64 2E-09 
Malat1 0.37 2E-12  Sntb1 0.97 2E-09 
Prss23 -0.4 3E-12  Slc19a2 -0.98 5E-09 
Otub1 -0.79 3E-12  Tnnc1 0.76 5E-09 
Get1 -1.04 3E-12  E230016M11Rik 0.69 8E-09 
Htra3 0.91 7E-12  Tnni1 0.75 9E-09 
Prrc2b -0.5 7E-12  Col18a1 -0.55 9E-09 

Fhl1 -0.46 8E-12  Otub1 -0.81 1E-08 
Msln 0.41 9E-12  Tnnt3 0.78 1E-08 

Rnf150 -0.49 1E-11  Sema3d 0.81 1E-08 
Prelp -0.81 1E-11  Fhod3 1.04 1E-08 
Mki67 -0.48 1E-11  Igf2 0.74 2E-08 
Sae1 -0.56 1E-11  Fabp3_1 0.88 3E-08 
Sfrp2 -0.86 2E-11  Fabp3 0.88 3E-08 
Acat2 -0.47 2E-11  Ankrd2 1.41 3E-08 

Get1_1 -1.02 3E-11  Cd36 1.03 4E-08 
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Crabp2 0.91 3E-11  Adssl1 1 5E-08 
Idi1 -0.39 5E-11  Hjv 0.97 5E-08 

Grem1 -0.53 5E-11  Tmem38a 0.93 5E-08 
Crkl -0.85 5E-11  Mymx 0.78 7E-08 

Kdm4a -0.6 5E-11  Tnni2 0.83 1E-07 
Acap2 -0.62 5E-11  Csnk1g2 -0.69 1E-07 
Aqp1 -0.47 6E-11  Svbp 0.64 1E-07 
Purb 0.36 6E-11  Tnnt1 0.61 2E-07 

Myod1 0.54 1E-10  Klhl13 0.75 2E-07 
Ywhae -0.34 2E-10  Pgam2 0.9 2E-07 
Lmod1 -1.01 3E-10  Ptgis 0.68 3E-07 
Dhcr24 -0.43 4E-10  Jund 0.8 3E-07 
Rbm24 1.05 6E-10  Jund_1 0.8 3E-07 
Txndc5 -0.38 7E-10  Rn28s1 2.32 3E-07 
Kif22 -0.75 1E-09  Des 0.53 3E-07 

Slc1a3 -0.76 1E-09  Tnc -0.69 3E-07 
Tuba1a -0.31 1E-09  Fibin 0.96 4E-07 
Ccdc93 -0.8 2E-09  Capn6 1.4 4E-07 

Gm38481 -0.39 3E-09  Trim72 0.7 4E-07 
Ltbp3 0.34 3E-09  Txndc5 -0.62 5E-07 

Synpo2l 1.47 3E-09  Kpna6 -0.61 5E-07 
Dmp1 1.08 3E-09  Hes6 0.48 5E-07 
Kpnb1 -0.44 3E-09  Bex1 0.9 5E-07 
Tagln -0.51 4E-09  Scx 0.71 7E-07 

Map2k1 -0.59 5E-09  H2ac23 0.92 7E-07 
Gpd1l -0.71 5E-09  Fam78a 0.87 7E-07 

Kpna6_1 -0.55 6E-09  H2ac24 0.93 8E-07 
Prep -0.4 7E-09  Cnbd2 1.14 8E-07 

Stard4 -0.66 7E-09  Wwtr1 -0.63 8E-07 
Cenpf -0.47 9E-09  Jph1 0.83 9E-07 
Klf6 -0.42 9E-09  Alg2 -0.98 1E-06 
Idh2 -0.46 1E-08  Trip10 -0.76 1E-06 

Kctd10 -0.39 1E-08  Rassf3 0.65 1E-06 
Arpc1a -0.58 1E-08  Tceal5 1.19 1E-06 
Myog 1.11 1E-08  Stbd1 0.66 1E-06 

Ankrd46 -0.59 1E-08  Tgfb3 0.74 1E-06 
Irs1 -0.39 2E-08  Mgp 0.58 1E-06 
Pten -0.45 2E-08  Cdkn1a 0.5 2E-06 

Hs6st1 -0.48 2E-08  Myl6b 0.59 2E-06 
Zfp507 -0.79 3E-08  Tm6sf1 1.14 2E-06 

Tsix -0.7 3E-08  Get1_1 -1.01 2E-06 
Timp1 0.42 3E-08  Lmod2 0.89 2E-06 
Pcsk7 -0.45 3E-08  Tceal3 1.12 3E-06 
Alg2 -0.88 3E-08  Inhba -0.75 3E-06 
Cbr2 -0.57 3E-08  Serpinb1a 1.19 3E-06 
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Table 6-2. Interactors of Septin2 in myoblasts and myotubes 

Proliferating C2C12 S2IP/ IgG day 0 5 days of differentiation S2IP/ IgG day 5 

Protein name Log2 IgG_d0 Log2 S2IP_d0 -Log10 p-
value 

Log2 FC 
difference 

Protein name Log2 IgG_d5 Log2 S2IP_d5 -Log10 p-
value 

Log2 FC 
difference 

Neurl4 19.67 24.48 4.08 4.82 Neurl4 19.34 23.83 4.57 4.49 
Hexim1 18.66 22.23 4.02 3.56 C1qc 18.80 23.09 3.79 4.30 
Herc2 19.34 25.17 3.82 5.82 Map7d1 19.80 21.77 3.62 4.03 
Prmt5 19.03 26.02 3.78 6.99 Hexim1 23.54 27.58 3.57 4.49 
Aebp1 18.48 21.73 3.67 3.25 Septin6 18.34 22.83 3.19 2.92 

Arhgap17 19.23 24.85 3.63 5.61 Septin8 21.05 17.88 3.08 3.42 
Septin6 19.80 26.68 3.51 6.89 Gigyf2 23.42 26.34 2.93 3.37 
Wdr77 19.51 24.76 3.48 5.25 Herc2 24.55 27.97 2.89 4.57 

Cyld 18.73 20.80 3.42 2.07 Sec31a 18.21 21.58 2.76 5.52 
Dhx36 18.97 24.04 3.30 5.07 Septin11 19.02 23.59 2.64 3.10 
Ccar1 19.25 26.19 3.29 6.93 Tbc1d1 23.75 21.98 2.57 5.23 

Larp4b 19.29 21.46 3.21 2.17 Nfat5 26.95 18.29 2.50 4.17 
Nfat5 18.96 25.96 3.19 7.00 Septin7 23.67 29.19 2.49 2.93 
Atad3 19.17 21.27 3.17 2.10 Larp1 26.79 29.89 2.45 4.89 
Naca 19.51 23.34 3.13 3.83 Atxn2l 19.26 24.49 2.34 4.37 

Matr3 19.02 22.69 3.11 3.67 Map1b 23.30 22.12 2.33 2.08 
Caprin1 20.10 25.93 3.10 5.83 Septin10 19.31 23.47 2.32 3.41 
Mov10 19.12 22.79 3.08 3.67 Ubap2l 28.42 31.35 2.28 3.47 

C4b 19.05 22.01 3.03 2.97 Septin2 19.01 23.90 2.27 2.66 
Sec13 19.01 22.92 2.98 3.91 Srsf7 21.72 18.71 2.26 4.13 

Sec23ip 19.35 23.94 2.89 4.58 Septin9 19.06 20.63 2.21 2.66 
Atxn2 19.37 22.57 2.82 3.20 Sec13 22.24 21.35 2.12 3.21 
C1qc 19.50 22.70 2.68 3.20 Arhgap17 23.39 20.47 2.06 3.46 

Atxn2l 19.43 25.26 2.68 5.84 Usp10 21.70 19.78 2.03 3.91 
Btf3 18.78 22.77 2.60 4.00 Septin5 19.84 24.20 1.93 3.15 

Sec31a 22.18 29.16 2.57 6.98 Dhx29 25.36 24.84 1.83 3.99 

Kif1b;Kif1a 18.97 22.32 2.54 3.35 Upf1 19.02 17.91 1.80 2.01 
Tax1bp1 20.08 22.70 2.48 2.62 Dhx30 25.63 27.71 1.79 2.51 
G3bp2 18.97 22.20 2.48 3.23 Akap13 24.02 27.43 1.71 2.86 

Reps1 18.98 22.65 2.46 3.67      
Zcchc6 19.15 21.29 2.40 2.14      
G3bp1 19.18 23.99 2.36 4.80      
Actn1 21.36 27.14 2.36 5.78      

Map7d1 21.04 27.18 2.33 6.14      
Dhx29 19.23 23.93 2.33 4.70      
Usp10 19.46 23.80 2.31 4.35      
Tbc1d1 19.59 23.56 2.28 3.97      
Gigyf2 19.13 23.34 2.24 4.20      
Srsf3 19.01 23.46 2.21 4.45      
Fxr1 19.52 22.05 2.16 2.53      

Farp1 18.87 21.99 2.16 3.13      
Anln 19.71 23.06 2.12 3.35      

Dhx30 19.43 22.86 2.12 3.43      
Rps25 19.47 23.08 2.09 3.61      
Polrmt 18.93 21.33 2.05 2.39      
Tns2 19.26 21.73 2.04 2.47      
Sbf1 19.27 23.39 1.99 4.12      

Aldh2 18.80 21.60 1.96 2.79      
Focad 19.04 21.98 1.95 2.94      
Supt5h 19.36 22.07 1.94 2.70      

Xrn1 18.70 21.71 1.94 3.01      
Septin8 20.87 27.48 1.93 6.61      

Septin11 24.13 29.43 1.92 5.30      
Smarca5 19.06 21.09 1.92 2.03      
Serbp1 19.48 21.75 1.90 2.27      
Larp1 20.99 25.39 1.85 4.40      
Soga1 19.43 22.40 1.85 2.97      
Map1b 24.97 28.63 1.85 3.66      
Clns1a 19.31 21.98 1.78 2.68      
Septin5 19.92 26.75 1.77 6.83      
Septin2 25.54 30.89 1.77 5.35      
Septin7 25.11 31.03 1.77 5.92      
Septin9 23.50 29.14 1.73 5.63      
Wdr60 18.81 21.67 1.73 2.86      

Septin10 20.72 26.81 1.72 6.09      
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6.6. List of abbreviations 

3D Three-dimensional CIP/KIP 
CDK interacting protein/Kinase inhibitory 
protein 

Acta1 α-actin 1 CK Casein Kinase I 

ActRIIA Activin receptor type IIA cKO Conditional knock out 

ActRIIB Activin receptor type IIB Creb cAMP response element-binding protein 

AFM Atomic force microscopy CRIK Citron kinase 

Akt AKR mouse thymoma, Protein kinase B CRISPR 
Clustered regularly interspaced short 
palindromic repeats 

ALK1-7 Activin receptor-like kinase 1-7 CTT Carboxy-terminal tail 

AMHR Anti-Müllerian hormone receptor type II Cycs Cytochrome c 

ANOVA Analysis of variance 
D. 
melanogaster 

Drosophila melanogaster, Fruit fly 

Apaf-1 Apoptotic protease activator factor 1 D. rerio Danio rerio, Zebrafish 

APC Adenomatous Polyposis Coli DAPI 4′,6-diamidino-2-phenylindole 

aPSM Anterior presomitic mesoderm Des Desmin 

ArhGAPX Rho GTPase Activating Protein X Dhfr Dyhydrofolate reductase 

Arp2/3 Actin-related protein 2/3 DIC/DILC Dynein intermediate and light chains 

ATCC American type culture collection DM Dermomyotome 

AtgX Autophagy related X DMEM Dulbecco´s modified Eagle´s medium 

ATP Adenosine triphosphate DMSO Dimethyl sulfoxide 

BAI1 Brain-specific angiogenesis inhibitor 1 DNA Desoxyribonucleic acid 

Bak1 Bcl2-antagonist/killer 1 Dnm1l/Drp1 Dynamin 1-like/ Dynamin-related protein 1 

Bax Bcl2-associated X protein dNTP Deoxynucleotide triphosphates 

Bbc3 Bcl2 binding component 3 DPBS Dulbecco’s Phosphate Buffered Saline 

Bcl2 B-cell leukemia/lymphoma 2 Duf Dumbfounded 

BH BORG homology domain Dvl Dishevelled 

BH3 Bcl2 homology 3 E Embryonic day 

bHLH Basic helix-loop-helix E. coli Escherichia coli, Coliform bacterium 

Bid 
Bcl2 homology 3 interacting domain death 
agonist 

E2F/DP1 E2F and DP1 transcription factors 

BioID E. coli biotin ligase Eb1 End-binding protein 1 

BMP Bone morphogenetic protein ECM Extracellular matrix 

BMPRII Bone morphogenetic protein receptor type II EDTA Ethylenediaminetetraacetic acid 

BNIP3 Bcl-2/adenovirus E1B interacting protein 3 Elmo Engulfment and cell motility 

BORG Binders of Rho GTPases EM Electron microscopy 

BSA Bovine serum albumin EMT Endothelial to mesenchymal transition 

C. elegans Caenorhabditis elegans, Nematode FA Focal adhesion 

C2C12 myoblast cell line FACS Fluorescence-activated cell sorting 

C3H/10T1/2 Murine embryonic fibroblast cell line FAK Focal adhesion kinase 

Ca2+ Calcium FBS Fetal bovine serum 

Ca2+ Calcium FC Founder cell 

CAFs Cancer-associated fibroblasts FCF Forchlorfenuron 

CAM Cell adhesion molecule FCM Fusion-competent myoblast 

CAMKII Calcium/calmodulin-dependent kinase II FDB m. flexor digitorum brevis 

CaN Calcineurin FGF Fibroblast growth factor 

Car3 Enzyme carbonic anhydrase III FoxO Forkhead box O 

Cas CRISPR-associated systems FRAP Fluorescence recovery after photobleaching 

Caspase Cysteine-aspartic protease Fst Follistatin 

CBR Cytoskeletal binding region Fzd Frizzled 

CC Coiled-coil g Gram 

Ccn Cyclin GAP GTPase activating protein 

Cdc Cell division cycle GDF11 Growth differentiation factor 11 

Cdc42Ep Cdc42 effector protein GDI Guanine nucleotide dissociation inhibitor 

CDK Cyclin-dependent kinase GDP Guanosine diphosphate 

CDS Coding sequence GEF GDP/GTP exchange factor 

CE Convergent extension GFP/ YFP Green/ yellow fluorescent protein 

CEP170 Centrosomal protein 170 GM Growth medium 

CHP Cyclic hydrostatic pressure GO Gene ontology 
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GSK3β Glycogen Synthase Kinase 3β MOMP 
Mitochondrial outer membrane 
permeabilization 

GST Glutathione S-transferase MPC Myogenic progenitor cell 

GTP Guanosine-5´-triphosphate MRF Muscle regulatory factors 

GTPase GTP hydrolyzing enzyme Mrf4 Muscle regulatory factor 4 

GUVs Giant unilamellar vesicles mRNA Messenger RNA 

H. sapiens Homo sapiens, Modern human mRNA Messenger RNA 

HA Human influenza hemagglutinin Mrtf-A Myocardin-related transcription factor A 

HCC Hepatocellular carcinoma MSCs Mesenchymal stem cells 

HDAC6 Histone deacetylase 6 Mstn Myostatin 

HGF Hepatocyte growth factor MT Microtubule 

HHL16 Human hepatocyte line 16 MTOC Microtubule organizing center 

Hibris Hbs mTOR Mammalian target of rapamycin 

HR Homology region MuRF1 Muscle RING finger 1 

HRP Horseradish peroxidase MuSCs Skeletal muscle stem cells 

Htra2 High temperature requirement protein a2 Myf5 Myogenic factor 5 

HUVEC Human umbilical vein endothelial cells MyHC Myosin heavy chain 

IAP Inhibitors of apoptosis MyhX Myosin heavy chain 

ICB Intracellular bridge Myod1 Myogenic determination protein 1 

Id3 Inhibitor of differentiation 3 MyoG Myogenin 

IF Intermediate filament MyoII Myosin II 

IFN-γ Interferon-γ MyoVI Myo6 Unconventional myosin VI 

Ig Immunoglobulin NCC Neural crest cell 

IGF1 Insulin like growth factor 1 Nck1 Non-catalytic region of tyrosine kinase 1 

IL-1β Interleukin-1β NE Nuclear envelope 

IM Intermediate mesoderm Nfat Nuclear factor of activated T-cells 

INK4 Inhibitors of CDK4 Nf-κB 
Nuclear factor kappa-light-chain-enhancer of 
activated B cells 

IP3 Inositol triphosphate NPC Neuronal progenitor cell 

IRM Irre recognition Module NPF Nucleation promoting factor 

IrreC Irregular chiasm NPMs Neuromesodermal progenitors 

IVM Intravital microscopy NTE/CTE Amino- or carboxyl-terminal extension 

Jamb Junctional adhesion molecule B Opa1 Optic-atrophy 1 

JNK c-Jun N-terminal kinase OXPHOS Oxidative phosphorylation 

KD Knockdown p21 
Cdk interacting protein 1/ WT p53-activated 
fragment 1, protein of 21 kDa 

kDa Kilo Dalton PA Polyacrylamide 

KIFX KinesinX Pak p21-activated kinase 

Kirre Kin-of-Irregular chiasm PAR Polyacidic region 

kPa Kilopascal Pax3/7 Paired-homeobox 3/7 

L Liter PB Polybasic region 

LEF Lymphoid enhancer factor PCP Planar cell polarity 

LINC Linker of nucleoskeleton and cytoskeleton PCR Polymerase chain reaction 

LIV Low-intensity vibration PDMS Polydimethylsiloxane 

LPM Lateral plate mesoderm PEG Polyethylene glycol 

LRP5/6 
Low-density lipoprotein receptor-related 
protein 

PFA Paraformaldehyde 

M. musculus Mus musculus, House mouse PGC-1 
Peroxisome proliferator-activated receptor-
gamma coactivator-1 

Maldi/LC-MS 
Matrix-Assisted Laser Desorption/Ionization 
/Liquid Chromatography-Mass Spectrometry 

PH Pleckstrin homology 

MAP Microtubule-associated protein PI Phosphatidylinositol 

Mbc Myoblast city PI(3,4)P2 Phosphatidylinositol-3,4-bisphosphate 

MBD Microtubule-binding domain PKC Protein kinase C 

MCF7 
Michigan Cancer Foundation-7, breast ductal 
carcinoma cell line 

PLC Phospholipase C 

MDCK Madin-Darby canine kidney, epithelial cell line P-loop Phosphate-binding loop 

mDia1 Mammalian Diaphanous related formin 1 PLS Podosome-like structures 

Mfn1 Mitofusin 1 PM Plasma membrane 

mm Millimeter PMSF Phenylmethylsulphonyl fluoride 

mM Millimolar pPMS Posterior presomitic mesoderm 
pRb1 Retinoblastoma1 SMAD Sons of mothers against decapentaplegic 
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PS Phosphatidylserine Sns Sticks-and-stones 

PTM Post-translational modification SOCS7 Suppressor of cytokine signaling 7 

Ptrh2 Peptidyl-tRNA hydrolase 2 Sqstm1/p62 Sequestosome1 

RA Retinoic acid SRF Serum response factor 

Rac1 Ras-related C3 botulinum toxin substrate 1 SUE Septin unique element 

RGS Regulator of G-protein signaling TA m. tibialis anterior 

RhoA Ras homolog family member A TAN Transmembrane actin-associated nuclear 

RING Really interesting new gene TAZ 
WW domain containing transcription 
regulator 1 (Wwtr1) 

RNA Ribonucleic acid TCF T cell factor 

ROCK 
Rho-associated coiled-coiled-containing 
kinase 

TEMED Tetramethylethylendiamine 

ROS Reactive oxygen species TGFβ Transforming growth factor beta 

RPE1 Retinal pigment epithelial cells TIRF Total internal reflection fluorescence 

Rst Roughest Tk1 Thymidin kinase1 

RT Room temperature TNF-α Tumor necrosis factor-α 

S. cerevisiae Saccharomyces cerevisiae, Baker's yeast Tris Tris(hydroxymethyl)aminomethane 

SA Silicone rhodamine (SiR)-actin TβRII TGFβ receptor type II 

SA-RhoGEF Septin-associated RhoGEF U2OS Osteosarcoma cell line 

SBE Smad-binding element WA Withaferin 

SC Satellite cell WASP Wiskott-Aldrich syndrome protein 

SDS Sodium dodecyl sulfate WAVE 
WASP-family verprolin-homologous protein 
regulatory complex 

SDS-PAGE 
Sodium dodecyl sulfate-polyacrylamide gel 
electrophoresis 

WHO World Health Organization 

SF Actin stress fiber WIP WASP-interacting protein 

sgRNAs Single guide RNAs WNT Wingless and Int-1 

Shh Sonic hedgehog WT Wild type 

shRNA Short hairpin RNA X. levis Xenopus laevis, African clawed frog 

siRNA Small interference RNA XIAP X-linked inhibitor of apoptosis 

Six1/4 Sine oculis–related homeobox YAP Yes-associated protein 

Sltr Solitary αTAT1 α-tubulin acetyltransferase 

Smac 
Second mitochondria-derived activator of 
caspase 
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