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“In [The Principles of Humane Experimental Technique] we have sought only to 

limn the barest of outlines; it will remain for others to fill in the interior.  

We hope the book may stimulate some experimentalists 

 to devote special attention to the subject, and many others to work in full 

awareness of its existence and possibilities.” 

 

Russell and Burch 1959 The Principles of Humane Experimental Technique [1] Chapter 8 - Conclusion  
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IL interleukin 

JRC  Joint Research Centre 

LDHA lactate dehydrogenase A 

MCP-1 monocyte chemotactic protein 1 

MIF macrophage migration inhibitory factor 

MMP matrix metalloproteinase 

MSC mesenchymal stromal cells 

NSAID non-steroidal anti-inflammatory drugs 

OA osteoarthritis 

OTM osteochondral tissue model 

PLGA poly-lactic-co-glycolic acid  

RA rheumatoid arthritis 

ROS reactive oxygen species 

RUNX2 Runt-related transcription factor 2 

SFBC scaffold-free bone-like construct 

SFCC scaffold-free cartilage-like construct 

SPP1 secreted phosphoprotein 1 (osteopontin) 

TCP tricalcium phosphate 

TGFβ transforming growth factor beta 

TNFα tumour necrosis factor alpha 

VEGFA vascular endothelial growth factor A 
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1. INTRODUCTION  

1.1 Overview on musculoskeletal disorders and preclinical research 

The musculoskeletal system determines the bodies’ shape and enables unrestricted loco-

motion [2]. Bone ensures stability and force distribution, while e.g. muscles, cartilage, liga-

ments, and tendons connect the skeleton and allow flexibility during movements. 

Musculoskeletal disorders are a major cause of morbidity and the main reason for the ex-

istence of rehabilitation programs. Limitations in everyday activity, physical disability or even 

immobility together with chronic pain result in a loss of life quality and enormous costs for 

the health care economy. The musculoskeletal conditions of most interest and impact in-

clude osteoarthritis, rheumatoid arthritis, osteoporosis, low back pain, traumas and injuries 

including fractures.  

Bone has the unique ability to completely regenerate without any scar formation. However, 

fracture repair is a challenging clinical problem. Each year, millions of patients worldwide 

experience bone fracture: one every two-to-three seconds. Over 10–15% of these fractures 

suffer from impaired healing, resulting in estimated costs of over $10,000 per treatment and 

an average disablement duration of 50 days for limb fractures [3]. Bone is therefore the 

second-most grafted tissue behind blood transfusion. Especially the elderly population is 

disproportionately affected, being associated with permanent impairment and increased 

mortality [4]. These adverse outcomes and slow repair cause significant burdens to the 

patient’s life and the socio-economic and health care systems.  

Osteoarthritis (OA) is a complex and serious chronic degenerative joint disease with an 

increasingly high global prevalence and burden. According to the World Health Organiza-

tion, 18% of women and 10% of men aged 60 or older show forms of symptomatic OA, with 

25% being unable to perform daily life activities [5]. Over the last decades, the prevalence 

has been growing due to an increased life expectancy and a rise in associated risk factors 

such as physical inactivity and obesity. These risk factors influence the complex interplay 

between reduced load or overload, mechanical stress, inflammation, molecular and cellular 

catabolic mechanisms, and matrix-degrading factors, that lead to OA initiation and progres-

sion [6, 7]. Despite its prevalence, the molecular mechanisms triggering OA are poorly char-

acterized and there are currently no disease-modifying therapies that can halt or revert OA. 

Rheumatoid arthritis (RA) is a common autoimmune disease and typically presents with 

pain, stiffness, and symmetrical swelling of the joints in the hands or feet. RA is a progres-

sive disease that advances from painful joint inflammation to irreversible bony erosions and 

joint deformation. The overall prevalence is higher in women than men and individuals af-
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fected by RA are often between 35 and 45 years at onset. Globally, 0.1–2.0% of the popu-

lation suffer from RA and in the US about 1 in 4 adults (23.7%) has been diagnosed with 

arthritis between 2013 and 2015 [8]. According to current recommendations, today’s treat-

ment goal is to achieve remission or at least low disease activity [9]. However, despite major 

progress in the treatment of RA, a strong unmet medical need remains, as only a minor 

proportion of patients reaches sustained clinical remission, and about 25% of patients still 

suffer from moderate or even high disease activity [10]. 

Further fundamental and translational preclinical research is imperative to address the un-

met medical needs, ensuring health throughout the life course and reducing hospitalization 

time and mortality in the (elderly) population. The current standard of preclinical research 

to develop new sophisticated therapeutic strategies and to identify potential targets and 

drug compounds is the use of animal models, i.e. mainly rodents (mouse, rat). In general, 

animal models serve to i) examine pathophysiological processes of musculoskeletal disor-

ders in a complete physiological system and ii) to evaluate and determine new therapeutics 

such as anti-inflammatory biologics, tissue regenerating compounds and biomaterials for 

regenerative tissue reconstruction [11]. The possibility for genetic modification, high repro-

ductive rates, minimal housing requirements, the existence of varying analysis tools, includ-

ing diverse antibodies, and their known genome sequence led to the fact that rodents are 

preferably used. In fact, they account for more than half of all animals used in musculoskel-

etal research. However, for translational purposes, a two-step approach is most often em-

ployed, using a rodent model (e.g. mouse or rat) for proof-of-concept studies and a large 

animal model (e.g. sheep or pig) as follow-up evaluation. Since musculoskeletal disorders 

are the major contributor to disability worldwide, preclinical research is steadily increasing 

and contributes a non-negligible number of animals to the total use of animals in science. 

According to the report of the European Commission published in 2017 (2015–2017; Di-

rective 2010/63/EU), the research category on the musculoskeletal system accounts for 

approx. 100,000 animals in basic research and approx. 40,000 animals in translational and 

applied research out of the total of 9 million animals [12, 13]. Since mice and rats are not 

covered by the Animal Welfare Act in the US, the number of animals used in science is 

estimated at 11–23 million (2018; [14]).Considering the NIH funding shares for musculo-

skeletal disease research are less than 2%, an approximate number of 220,000 – 460,000 

animals can be assumed to be used in this scientific field [13, 15].  

Although animal models have allowed the scientific community to uncover numerous fun-

damental pathways and to study the complexity of a whole organism, inter-species differ-

ences may be the reason for the high failure rates of potential new therapeutic compounds 
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in clinical testing scenarios. Exemplary, main challenges in the translation with a specific 

focus on rodents include [16]:  

➢ structural differences on the micro- and macro-scale of bones in rodents (e.g. no 

Haversian canals) as well as the lifelong skeletal remodelling due to a late closing 

of the growth plates;   

➢ altered posture and walking behaviour based on tetrapod motion, resulting in differ-

ent mechanical strains when compared to the upright walk; 

➢ restricted lifespan, which opposes the development of age-induced chronic disor-

ders (e.g. OA) requiring the induction of disease complexes in young healthy indi-

viduals in species where the specific disease might not occur naturally (e.g. 

osteoporosis in rodents); 

➢ restricted heterogeneity between individuals due to controlled housing conditions 

and inbred strains. 

Hence, traditional research approaches in biomedicine should be rethought towards a hu-

man patient-driven translation. Thereby, the active implementation of the 3R principle and 

therefore, the humane use of animals in research can accelerate and does definitively not 

oppose the translational process.  

1.2 The definition of the 3R principle by Russell and Burch  

In 1959, Russell and Burch published their book The Principles of Humane Experimental 

Technique. They proposed a new framework to ameliorate the treatment of laboratory ani-

mals which is known as the 3R principle [1]. Their scientific philosophical treatise does not 

only contain the humane treatment of laboratory animals but also important arguments 

about how this approach enhances and ensures scientific quality in studies using animals 

[1]. The ultimate destination of the 3Rs is to achieve humanity by reducing or even elimi-

nating inhumanity. Inhumanity is therefore synonymously discussed as distress with con-

cerning the mental state of the animal used. Thus, the 3Rs intend to minimize distressful 

experiences of laboratory animals and are introduced as following: “We turn now to consid-

eration of the ways in which inhumanity can be and is being diminished or removed. These 

ways can be discussed under the 3 broad headings of Replacement, Reduction, and Re-

finement.…(T)he 3 modes now considered have conveniently been referred to as the 3Rs 

of humane technique. Replacement means the substitution for conscious living higher ani-

mals of insentient material. Reduction means reduction in the numbers of animals used to 

obtain information of a given amount and precision. Refinement means any decrease in the 

incidence or severity of inhumane procedures applied to those animals which still have to 

be used.” ([1]; Chapter 4 – The Removal of Inhumanity: The Three R's) 
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During the past decades, the 3R principle has been moved into focus of the scientific com-

munity and has been subject to numerous discussions and further interpretations [17-19]. 

The currently used definition of replacement exclusively comprises so-called “alternative” 

methods, ideally without the use of any animal material (e.g. non-animal technologies – 

NAMs) which, according to the definition of Russell and Burch, is equivalent to absolute 

replacement and the absolute ideal to completely eliminate distress from the animal’s ex-

perience [1, 19]. However, they precisely point out that the reduction of distress is the pri-

mary goal of the 3Rs rather than eliminating the use of animal experiments by using 

insentient material, whether animal or non-animal. Thus, the term relative replacement is 

additionally introduced to describe situations in which animals are still required but do not 

experience any distress, e.g. collecting organs and tissue for cell culture preparation after 

euthanasia or performing experiments under deep anaesthesia [1]. This does partly overlap 

with today’s interpretation of reduction. However, Russell and Burch discuss the term re-

duction solely in the specific context of using statistical methods, including knowledge and 

experience of potential variances, to use the minimum number of animals that is required 

to provide a sufficient answer to the scientific question [1]. Refinement does specifically 

focus on the absolute minimization of any distress of these animals that still need to be 

used. Interestingly, today’s definition most often equates the definition with enhancing ani-

mal wellbeing which was later on also included and confirmed by Russell and Burch during 

presentations and follow-up publications [1, 19]. Hence, there are differences in the today’s 

generally used interpretations of the 3Rs compared to the original definitions by Russell and 

Burch which need to be considered carefully, especially when evaluating potential 3R 

measures and their impact in a scientific context.  

The integration of the 3R principles into European legislation with the Directive 2010/63/EU, 

including the request to address and facilitate the 3Rs, represents a milestone for the po-

tential implementation of the 3R principle into research [17].  

1.3 Refinement measures in musculoskeletal research with a specific focus 

on murine fracture models 

Fracture healing is a spatiotemporally tightly regulated regeneration process leading to a 

complete restoration of the broken bone without fibrous scar formation. Naturally, this re-

generation process resembles endochondral bone formation due to the occurrence of inter-

fragmentary movement within the fracture gap. Several risk factors are known to potentially 

disturb the natural healing process, such as medications (e.g. non-steroidal anti-inflamma-

tory drugs – NSAIDs or glucocorticoids), comorbidities (e.g. Diabetes mellitus, osteoporo-

sis) or lifestyle (e.g. obesity, smoking, alcohol abuse). Impaired fracture healing can occur 
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with different manifestations. Normal bone regeneration takes 3–4 months, whereas exten-

sions are determined as delayed healing and a non-union describes no healing after 6–9 

months. Preclinical orthopaedic research aims at recapitulating the different scenarios and 

risk factors by using adequate animal models. In fracture research, mice and rats are most 

prominently used to study underlying mechanisms of pathophysiological processes and de-

fine potential new therapeutic strategies [20]. To stabilize a (femoral or tibial) fracture in 

mice, three established methods are known: the intramedullary pin, the external fixator, and 

plates [21, 22]. The fracture gap can be created by either osteotomy (cutting the bone with 

e.g. a Gigli wire saw) or fracturing using e.g., a 3-point bending system. Fracture models 

with stable fixation are ranked as moderately painful according to the severity catalogue of 

the EU-Directive 2010/63/EU, which makes a sufficient pain management protocol indis-

pensable [23]. 

Insufficiently treated pain impacts animal wellbeing and induces discomfort and stress. 

Moreover, pain is known to have unpredictable effects on the physiology of the whole or-

ganism, e.g. by impairing wound healing or immune response [24-26]. Thus, adequate pain 

management is not only an obligation based on ethical standards but is also based on sci-

entific merits to ensure the integrity and quality of the gained research data. Human patients 

with trauma and fracture most often experience pain from the injury and soft tissue damage 

itself rather than the plain bone trauma [27]. Patients with acute long bone fractures nor-

mally report moderate to severe pain [28]. Even though soft tissue injuries are avoided in 

experimental procedures, the pain usually peaks on day 2 post-operatively in stable fixed 

rodent fracture models and might be similar to what human patients experience [29, 30].  

The selection of analgesics for rodent fracture models is limited due to potential interfering 

properties of anti-inflammatory drugs. Prostaglandins play a crucial role during the initial, 

inflammatory phase of fracture healing [31, 32]. NSAIDs and Coxibs reduce prostaglandin 

synthesis by inhibition of cyclooxygenase 2 (COX-2) and are therefore described to nega-

tively interfere with fracture repair [25, 33, 34]. However, clinical studies in humans and 

preclinical studies in animal models exhibited inconclusive results, especially on the inhibi-

tory effect of NSAIDs [35-38]. Nevertheless, COX2 inhibitors are often replaced with opioids 

in laboratory animal care to avoid the potential risk for interfering with the physiological 

healing process [39]. Buprenorphine and tramadol, an opioid analogue, are commonly ap-

plied in preclinical research. Due to insufficient empirical data on effectiveness and dosage, 

application recommendations vary substantially in the literature. Buprenorphine is fast-act-

ing, highly potent and mainly administered s.c. or i.p. (0.05–0.75 mg/kg). The most common 

injection interval is 12 h, although recent studies reported a short half-life and recommend 

administration every 6 h to avoid periods of insufficient pain treatment [40]. Tramadol can 
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be administered in high dosages (> 50–100 mg/kg s.c.) to ameliorate severe pain, e.g. in 

bone cancer models [41], but also acts to relieve more acute and moderate pain conditions 

in reduced concentrations [42]. However, the 1-2 h half-life of tramadol is rather short, re-

sulting in the fact that tramadol is most often applied via drinking water rather than injection 

[43, 44]. Recommendations for oral administration of tramadol vary from 0.025 mg/ml up to 

1 mg/ml [45-49]. Table 1 summarizes the different reported analgesic protocols used in sta-

ble fixated mouse femoral fracture models based on a systematic literature review [22]. 

However, data on the effectiveness of commonly used analgesic treatment regimens, es-

pecially in orthopaedic mouse models, is scarce to date [25, 50]. 

Table 1: Overview of commonly used pain management protocols in mouse femoral fracture models. 
Adapted and reproduced from [22]. 

Intra-operative Post-operative 

Substance Application 
method 

Dose Application 
point 

Application 
method 

Dose Application 
point 

Duration 
(in days) 

Buprenorphine s.c., i.p. 
0.03 – 
0.1 
mg/kg 

pre- or in-
traoperative 

s.c., i.p. 
0.03 – 0.1 
mg/kg 

every 6–12 
h, daily 
(every 24h) 

single 
dose, 1.5, 
2, 3, 5, 7 d  

drinking wa-
ter 

0.009 
mg/ml 

ad libitum 3 d  

jelly 
0.15 
mg/kg 

ad libitum 2–3 d  

SR Buprenor-
phine  

s.c. 1 mg/kg intraoperative - - - - 

Tramadol 

s.c. 
15 – 20 
mg/kg 

pre- or in-
traoperative 

s.c. 20 mg/kg every 12 h 1.5 d  

DW 
25 mg/l 
– 100 
mg/l 

0–2 d pre-op-
erative 

DW 
25 mg/l – 
100mg/l 

ad libitum 1–3 d  

Carprofen s.c., i.m. 
4 – 5 
mg/kg 

pre- or in-
traoperative 

s.c., i.m. 
4 – 5 
mg/kg 

every 24h 
1–3 d/ as 
needed 

SR – sustained-release; DW – drinking water; s.c. – subcutaneous; i.p. – intraperitoneal; i.m. – intramuscular  

1.4 Replacement approaches to recapitulate musculoskeletal disorders – In 

vitro methods for fracture healing and joint diseases 

During recent years, there has been a turnaround in traditional cell culture technology to 

provide more physiological and human-relevant features. This development was also driven 

by methodological innovations in tissue engineering for regenerative therapies, e.g. to pro-

duce huge batches of primary cells, three-dimensional (3D) nature-like artificial tissues or 

biocompatible biomaterials. A positive side effect is the rapid technical evolution towards 

more innovative biomaterials, microfluidic systems, organ-on-a-chip technologies and 

adaptable modular bioreactor platforms [2]. In vitro methods for musculoskeletal research 

bring forth the need to consider several key aspects. Cell-cell and cell-tissue interaction are 

essential in a three-dimensional environment to recapitulate nano-/micro-mechanical con-

ditions. In detail, most musculoskeletal tissues, especially bone and cartilage, consist of far 

more extracellular matrix than cells. Thus, the interaction of these cells with the surrounding 

matrix is fundamental for cell fate, shape, and functionality. Based on this, milli- or mac-

roscale approaches are indispensable to generate enough material for further analysis. In 
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addition, tissues such as cartilage are not vascularized and therefore, require precise con-

siderations of nutrient supply and oxygenation. Finally, the musculoskeletal system is main-

tained by a highly dynamic and active biomechanical environment, which needs to be 

included if relevant to corresponding modelling approaches.  

1.4.1 Fracture healing and overview on in vitro models 

Endochondral bone healing consists of four phases: i) initial inflammatory phase; ii) fibro-

cartilaginous or soft callus; iii) mineralized or hard callus; and iv) the remodelling phase [51]. 

Pro- and anti-inflammatory processes in the immediately formed fracture hematoma control 

the initial phase of fracture healing, which is crucial activating the subsequent regeneration 

cascade [31, 52] (Fig. 1). The accumulation of immune cells in the fracture hematoma com-

bined with a restricted microenvironment (hypoxia, low pH, and high lactate concentrations) 

results in complex pro-inflammatory processes, which are essential for the subsequent re-

construction. Thus, monocytes and macrophages, as well as mesenchymal stromal cells 

(MSCs), periosteal cells and endothelial cells, are recruited to the fracture area to rebuild 

the bone matrix and the vascular system, leading to an anti-inflammatory and pro-angio-

genic phase [53, 54]. The consecutive process of endochondral ossification is characterized 

by proliferation and differentiation of progenitor cells towards the chondrogenic and/or os-

teogenic lineage forming cartilage (soft callus) and initiation of mineralization (hard callus). 

Parts of this phase reflect key elements of the embryological bone development including 

cell proliferation and maturation as well as the formation of extracellular matrix [55]. The 

remodelling phase comprises the resorption of the formed woven bone by osteoclasts and 

the formation of lamellar bone structures with a medullary cavity by osteoblasts leading to 

the complete restoration of the biomechanical properties of the bone. Taken together, the 

first phase of endochondral ossification is characterized by i) bio-mechanical insults due to 

loss of bone integrity; ii) a hypoxic microenvironment; iii) invasion of progenitor cells; and 

iv) neovascularization.  

Current related in vitro systems can be divided into different groups based on purpose and 

methodological approach [13]. The focus currently relies on mimicking bone development, 

endochondral ossification itself and bone homeostasis, whereby ex vivo and in vitro ap-

proaches can be distinguished. Ex vivo organ cultures are suggested to be close to the in 

vivo situation since primary whole tissue material is collected and further cultivated in vitro 

[16]. Bone growth is studied using limb organ cultures, while bone healing can be partly 

mimicked by calvarial cultures, mandible/molar slice cultures or trabecular core cultures. 

Plain in vitro models rely on the development of artificial systems to simulate key features 

of the tissue or disease of interest. Therefore, spheroid cultures, scaffold-based and scaf-

fold-free model systems, such as spheroids, are to be distinguished.  
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Figure 1: Overview of key features of the initial phase of fracture healing including characteristics of the 
fracture hematoma highlighting the crosstalk between blood, immune, bone marrow and bone cells. Immuno-
fluorescence image on the right side exemplifies the in vivo situation in a fracture gap 72h after osteotomy in a 
mouse model – reproduced and modified from [56]. Figure contains graphics which were created with BioRen-
der.com. 

Commonly used cells include osteoblasts, osteocytes, osteoclasts and MSCs as progenitor 

cells in single cell approaches or co-cultures [2, 57]. The combination of a scaffold and 

bone-related cells represents the most described form of artificial bone development. The 

following cultivation can be either static or dynamic and current approaches report the suc-

cessful integration of endothelial cells. The scaffold mainly consists of either inorganic bone 

material (hydroxyapatite; calcium phosphate) or organic matrix (e.g. collagen type I) to pri-

marily support cell colonization, invasion and differentiation [58]. Therefore, adequate imi-

tation of the native bone matrix is achieved by improving material properties and quality 

towards i) biocompatibility for cell attachment and maintained viability [59], ii) adapted sur-

face properties triggering cell proliferation, maturation and potentially differentiation [60], iii) 

naturally-inspired mechanical properties by the tissue of interest [61], iv) porous structures 

to permit cell reorganization and nutrient and oxygen supply [60], and v) biodegradability to 

initiate remodelling. In contrast to the more modular principle of scaffold-based approaches, 

scaffold-free approaches are based on the cell’s own ability to produce, form and remodel 

matrix. To create e.g. spheroids, mesenchymal condensation and endochondral ossification 

are recapitulated to allow cellular self-organization and follow the natural process of osteo-

genic tissue formation. Models focused on the initial phase of fracture healing have not been 

described in the literature and require additional modelling capacities as immune cells must 

be included in a complex in vitro setting.  
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1.4.2 Osteoarthritis and overview on in vitro methods  

Articular cartilage is an avascular and non-innervated tissue that mainly consists of extra-

cellular matrix composed of 60–80% water, 20% proteoglycans/aggrecans, 5% collagen 

type II and only contains low numbers of cells – 1–5% chondrocytes [62]. Nutrient supply is 

maintained by diffusion from the subchondral bone and synovium lining the joint capsule 

[63]. Thus, chondrocytes are adapted to hypoxia and restricted nutrients. Moreover, they 

are highly dependent on biomechanical forces and shear stress to maintain cartilage integ-

rity and their metabolism. The general pathogenesis of OA is dominated by cartilage deg-

radation driven by inflammatory processes on the molecular level. Hyaline cartilage has a 

limited regenerative capacity, resulting in a complete cartilage loss over time and reasoning 

joint-related remodelling processes such as synovial membrane hypertrophy and thickening 

of the subchondral bone area (Fig. 2).  

Current ex vivo and in vitro approaches specifically aim to mimic the cartilage degradation, 

inflammation, and changes in cellular homeostasis. As model systems, monolayer cultures 

(cell lines vs. primary cells), 3D cultures and cartilage explants are widely used [64-69] (Fig. 

2). A major challenge for the use of primary chondrocytes or explants is the tissue origin 

and availability, as sample collection is performed during knee or hip replacement surgeries 

(patients with end-stage OA). Samples collected from large animals (e.g. slaughterhouses) 

represent an alternative option, although species differences and availability of antibodies 

can be challenging. The cultivation of primary chondrocytes in a 3D microenvironment re-

capitulates the naturally surrounding structures in vivo more closely. However, to create 3D 

cultures, scaffolds are most often used to provide a predefined structure, which might have 

beneficial but also disturbing effects on the cells (e.g. non-tissue-derived proteins). To avoid 

the used of scaffold, scaffold-free tissue-engineered approaches have been developed and 

tested as alternatives and for successful cartilage repair in vivo. These approaches can 

easily be transferred as in vitro technology to study matrix homeostasis and degradation in 

a human-relevant setting [70-72]. Current cartilage-on-a-chip approaches also include the 

application of biomechanical forces on a microscale. However, the sample size (miniaturi-

zation), type and direction of loading (only compression) and usage of different hydrogels 

as artificial extracellular matrix lead to an oversimplification impeding the utility potential of 

such systems for biomedical basic and translational research [73, 74]. Interleukin (IL)-1β 

plays a crucial role as key mediator in OA pathophysiology and joint inflammation and thus, 

is commonly used to induce OA-related changes in in vitro models [75-78]. Other inflam-

matory stimuli used in three-dimensional in vitro OA models include tumour necrosis factor 

(TNF)α, with and without IL-1β or transforming growth factor (TGF)-, macrophages in co-

culture, synovial fluid or joint capsule, as well as exosomes from IL-1β stimulated fibroblast-

like synoviocytes [79]. 
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1.4.3 Rheumatoid arthritis and overview on in vitro methods  

RA is a disabling disease characterized by persistent synovitis and systemic inflammation. 

With the production of autoantibodies and via the involvement of cells such as neutrophils, 

lymphocytes, macrophages and fibroblastic-like synoviocytes, the immune system attacks 

endogenous tissues such as cartilage, bone, and connective tissues. The persistent inflam-

mation of the joint is one of the key features of this systemic, chronic inflammatory disease 

accounting for progressive cartilage destruction. The complex pathogenesis includes in-

flammation-induced expansion of the synoviocyte layer (hypertrophy and pannus formation) 

and infiltration of pannus tissue, especially by neutrophils and other immune cells later on, 

as well as increased angiogenesis [80] (Fig. 2). The infiltration of neutrophils, B-cells, T-

cells and macrophages in the normally cell-poor synovial membrane and the increased 

number of macrophage- and mesenchymal/fibroblastic-like synoviocytes in the pannus tis-

sue lead to increased metabolic demand and, therefore, to an undersupply of the synovial 

tissue with both nutrients and oxygen [81, 82]. As a consequence of the subsequent local 

hypoxia, new vessels are formed (angiogenesis) further facilitating the inflammatory pro-

cess [83]. The high concentrations of pro-inflammatory cytokines produced by invading im-

mune cells, as well as the increasing levels of matrix-degrading enzymes – matrix 

metalloproteinases (MMP) and the tumour-like invasion of pannus tissue destroy the carti-

lage and negatively affect the subchondral bone (Fig. 2). Without treatment, the chronic-

progressive joint destruction may result in deformities, considerable disabilities, and inva-

lidity. 

To define the underlying mechanism and to design new therapeutic strategies, animal mod-

els are crucial in the context of autoimmune diseases, especially genetically-modified mice 

models [84]. However, the existing mouse models only display key features of the disease; 

they are not able to reflect the human disease in all aspects [85]. Therefore, different in vitro 

models have been developed and evaluated during the last years [86]. The variety of in vitro 

models ranges from simple monolayer culture of synoviocytes to co-culture systems with 

chondrocytes or the in vitro cultivation of pannus tissue explants from RA patients [68, 87, 

88] (Fig. 2). Despite current progress in joint-on-a-chip technologies aiming to implement 

the immune component, e.g. via macrophages [74, 89] (Fig. 2), no appropriate in vitro model 

exists to mimic either a healthy or an arthritic joint including most of the relevant tissue 

types, cells and humoral factors (e.g. cytokines, prostaglandins etc.) involved and thereby 

allowing the testing of multispecific approaches. Additionally, for biologics, such as antibod-

ies, that are highly specific for the human target proteins, non-humanized rodent animal 

models are not suitable.  
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Figure 2: Overview of key features of OA and RA and exemplary representation of commonly used ap-
proaches. Figure contains graphics that were created with BioRender.com. 

1.5 Aims and Objectives  

Preclinical fundamental and translational research, target screening and compound devel-

opment relies on animal models. However, insufficient knowledge on laboratory animal 

physiology and trans-species differences may be responsible for the limited transferability 

of findings to the human patient.  

My recent work and this thesis aim to 

1. evaluate the pain regimens in mouse-osteotomy models to avoid unnecessary pain and 

discomfort for the animals and increase the transferability of results to the human pa-

tient;  

2. recapitulate the in-patient situation by developing in vitro approaches to evade cross-

species differences and to replace lab animal usage with a specific focus on fracture 

healing and joint pathologies (OA and RA).  

 

Thus, I specifically show the diversity of implementing the 3R principle in musculoskeletal 

research and highlight that the humane treatment of laboratory animals is not opposed to 

performing ground-breaking research, but rather strengthens its innovative capacity, for-

ward-thinking sustainability, and rapid translation to the clinic. 
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2. OWN PUBLICATIONS 

2.1 Evaluation of pain management protocols in a mouse-osteotomy model 

To enhance the current knowledge on refinement measures in fundamental research stud-

ies and to provide evidence-based data on pain management protocols, we evaluated two 

analgesics, tramadol and buprenorphine in the drinking water, for their efficiency and side 

effects on experimental readout in a mouse-osteotomy model. The study was efficiently 

embedded in a fundamental research study [56, 90, 91] and therefore, shows the possibility 

to combine such studies and effectively reduce animals. 

The following text corresponds to the abstract of the work: 

Jirkof, P.*, Durst, M.*, Klopfleisch, R., Palme, R., Thöne-Reineke, C., Buttgereit, F., 

Schmidt-Bleek, K., Lang, A. (2019) Administration of Tramadol or Buprenorphine via the 

drinking water for post-operative analgesia in a mouse-osteotomy model. Scientific Reports. 

Jul 24; 9(1):10749. [doi: 10.1038/s41598-019-47186-5]  

 

 

“Adequate analgesia is essential whenever pain might occur in animal experiments. 

Unfortunately, the selection of suitable analgesics for mice in bone-linked models is lim-

ited. Here, we evaluated two analgesics – Tramadol [0.1 mg/ml (Tlow) vs. 1 mg/ml 

(Thigh)] and Buprenorphine (Bup; 0.009 mg/ml) – after a pre-surgical injection of Bupren-

orphine, in a mouse- osteotomy model. The aim of this study was to verify the efficacy of 

these opioids in alleviating pain-related behaviors, to provide evidence for adequate dos-

ages and to examine potential side effects. High concentrations of Tramadol affected 

water intake, drinking frequency, food intake and body weight negatively in the first 2–3 

days post-osteotomy, while home cage activity was comparable between all groups. 

General wellbeing parameters were strongly influenced by anesthesia and analgesics. 

Model-specific pain parameters did not indicate more effective pain relief at high concen-

trations of Tramadol. In addition, ex vivo high-resolution micro computed tomography 

(µCT) analysis and histology analyzing bone healing outcomes showed no differences 

between analgesic groups with respect to newly formed mineralized bone, cartilage and 

vessels. Our results show that high concentrations of Tramadol do not improve pain relief 

compared to low dosage Tramadol and Buprenorphine, but rather negatively affect ani-

mal wellbeing.”  
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Administration of Tramadol or 
Buprenorphine via the drinking 
water for post-operative analgesia 
in a mouse-osteotomy model
Paulin Jirkof1, Mattea Durst1,2, Robert Klopfleisch3, Rupert Palme  4, Christa Thöne-Reineke5, 

Frank Buttgereit2,6, Katharina Schmidt-Bleek7,8 & Annemarie Lang  2,6,8

Adequate analgesia is essential whenever pain might occur in animal experiments. Unfortunately, 
the selection of suitable analgesics for mice in bone-linked models is limited. Here, we evaluated 
two analgesics – Tramadol [0.1 mg/ml (Tlow) vs. 1 mg/ml (Thigh)] and Buprenorphine (Bup; 0.009 mg/
ml) – after a pre-surgical injection of Buprenorphine, in a mouse-osteotomy model. The aim of this 
study was to verify the efficacy of these opioids in alleviating pain-related behaviors, to provide 
evidence for adequate dosages and to examine potential side effects. High concentrations of Tramadol 
affected water intake, drinking frequency, food intake and body weight negatively in the first 2–3 days 
post-osteotomy, while home cage activity was comparable between all groups. General wellbeing 
parameters were strongly influenced by anesthesia and analgesics. Model-specific pain parameters 
did not indicate more effective pain relief at high concentrations of Tramadol. In addition, ex vivo high-

resolution micro computed tomography (µCT) analysis and histology analyzing bone healing outcomes 
showed no differences between analgesic groups with respect to newly formed mineralized bone, 
cartilage and vessels. Our results show that high concentrations of Tramadol do not improve pain relief 
compared to low dosage Tramadol and Buprenorphine, but rather negatively affect animal wellbeing.

Untreated or insufficiently treated pain hampers animal welfare and may have diverse and uncontrollable effects 
on an organism, such as impaired wound healing, blood flow disorders, or immunosuppression1–3. Therefore, 
adequate pain management is essential for ethical and scientific reasons whenever pain might occur in animal 
experiments. Unfortunately, data on the efficacy of specific analgesic treatments in commonly used surgical 
mouse models is still scarce2,4.

Human patients with fractures are exposed to experiences such as injury and pain5. Acute pain  ranging 
from moderate to severe is observed in emergency departments when patients arrive with e.g. long bone frac-
tures6. In rodent models of closed femur fractures with a stable pin fixation, the pain peak is expected at day 2 
post-operatively and might be comparable to the pain experienced by human patients7. Even though the acute 
pain in a fracture is reduced by manual fixation in the animal model, the impact catalogue of the EU-Directive 
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2010/63/EU classifies stable osteotomies as moderately painful procedures; therefore, reliable analgesic treatment 
is essential in these models.

Unfortunately, the selection of suitable analgesics for mice in bone healing research is limited, since concerns 
have been raised about potential adverse effects of non-steroidal anti-inflammatory drugs (NSAIDs) on the ini-
tial, inflammatory phase of bone healing8,9.

The opioid Buprenorphine and the opioid analogue Tramadol are applied widely in many fields of research, 
although empirical data on effective doses for rats and mice are rare, and thus dosage recommendations vary sub-
stantially in the literature. Buprenorphine is a commonly used fast acting and potent opioid that is mainly admin-
istered s.c. or i.p. in dosages of 0.05–0.75 mg/kg every 12 h although recent studies indicate the short half-life and 
recommend the administration at every 4–6 h10. Tramadol, for example, is used in high dosages for bone cancer 
models (>50–100 mg/kg s.c.)11, but appears also effective in lower concentrations to treat acute pain12. The appli-
cation of Tramadol via injections is questionable due to its short half-life of 1–2 h13,14, which should be taken into 
account when designing studies on the efficacy of Tramadol in order to avoid drawing misleading conclusions15. 
Concentrations recommended for oral administration of Tramadol range from 0.025 mg/ml up to 1 mg/ml16–20. 
Nevertheless, to our knowledge, no evidence-based recommendations exist for the treatment of osteotomy pain 
with Tramadol or Buprenorphine. Therefore, the need for evidence-based and empirical data on the dosage and 
effectiveness of analgesics in bone research is apparent and further studies must be enrolled.

Here, we performed a refinement study embedded in a basic research study of a mouse-osteotomy model21. 
We evaluated two commonly used pain management protocols, Tramadol (0.1 mg/ml = Tlow vs. 1 mg/ml = Thigh) 
and Buprenorphine (0.009 mg/ml = Bup) administered via drinking water, after an initial pre-operative injec-
tion of Buprenorphine (0.03 mg/kg, s.c.), for their efficacy and side effects on experimental readouts in a 
mouse-osteotomy model. We asked the research question whether the application of Tramadol or Buprenorphine 
in commonly used dosages via drinking water represents a continuous, stress-free method of administering effec-
tive analgesia in the mouse-osteotomy model with no adverse impact on fracture healing in the model used.

Results
Drinking frequency and water intake are affected by type and concentration of opioid. Overall 
water intake was reduced compared to baseline in the Thigh osteotomy (OT) group at 48 h and 72 h after surgery 
(Table 1, for other groups see Supplementary Table S1). Prior to surgery or start of treatment, the baseline of 
the drinking frequency over 48 h was assessed for n = 8 mice, which resulted in a median of 182 events in 48 h 
(interquartile range: 170.5, 207). Video analysis for 48 h starting 9 h after osteotomy enabled the examination 
of the drinking frequency and therefore the monitoring of continuous analgesia up-take (Fig. 1b,c). After start 
of the experiment, the number of drinking events decreased significantly in the Thigh OT group compared to 
the Tlow OT groups (Kruskal-Wallis test and Dunn’s multiple comparison test; H = 7.42; exact p = 0.01; adjusted 
p = 0.04 − Tlow vs. Thigh) and showed a non-significant tendency for reduction compared to the Bup OT (adjusted 
p > 0.99 Tlow vs. Bup, p = 0.07 Bup vs. Thigh) (Fig. 1b). To evaluate the impact of the anesthesia and the treated 
drinking water alone on the outcome parameters, two control groups were used in the study. In the anesthesia 
(AN) group, animals underwent isoflurane anesthesia and were treated with either high or low dose Tramadol 
or Buprenorphine via drinking water for 3 days. In the drinking water (DW) group, animals received either high 
or low dose Tramadol or Buprenorphine via drinking water over 3 days. In the AN and DW groups, the drinking 
frequency was slightly higher in the Bup groups compared to the T groups (Supplementary Fig. S1). The depiction 
of individual drinking events indicates a decline in the drinking frequency in the Thigh OT group between 36 h and 
48 h post-osteotomy (Fig. 1c).

Tlow Tramadol and M1 serum concentrations appear sufficient. To verify sufficient intake 
of Tramadol, sera from Tlow, OT mice euthanized 3 days after osteotomy were analyzed for Tramadol and 
O-Desmethyl-Tramadol – the analgesic active/effective metabolite (M1) – concentrations. The mean serum 
concentration of Tramadol was 27.1 ng/ml (±12.9 ng/ml) and the mean M1 concentration was 119.6 ng/ml 
(±81.1 ng/ml; Fig. 1d).

High concentrations of Tramadol in the drinking water impact body weight and food intake.  
As a parameter of general wellbeing, body weight was measured every 24 h and normalized to the initial body 
weight directly before osteotomy (baseline). Animals of all treatment groups lost weight compared to baseline 
values, regardless of whether they underwent surgery or not. The body weights of all groups undergoing OT were 
significantly reduced at 24 h after surgery compared to the initial body weight before surgery and recovered on the 

Food intake (g) Median (Min – Max) Water intake (ml) Median (Min – Max)

Groups 0 h 24 h 48 h 72 h 96 h 0 h 24 h 48 h 72 h 96 h

Tlow OT
7.69
(7.5–8.8)

5.09
(4.4–5.8)

7.92
(6.4–9.7)

7.63
(5.4–10.1)

10.25
(3.0–14.5)

9.26
(7.4–9.9)

7.26
(3.8–11.7)

9.88
(6.2–11.3)

10.67
(10.5–13.2)

7.90
(7.4–10.0)

Thigh OT
9.05
(8.5–9.2)

4.56
(2.8–14.2)

3.75
(2.9–4.0)

8.05
(5.0–9.0)

11.76
(10.2–16.8)

9.38
(8.5–11.0)

10.19
(8.7–12.5)

5.35
(3.1–11.1)

5.69
(5.0–6.3)

9.52
(9.1–9.9)

Bup OT
8.54
(8.3–9.7)

6.84
(5.2–9.8)

4.77
(4.0–6.1)

11.92
(10.1–17.1)

8.97
(5.8–12.5)

9.15
(8.2–10.2)

8.65
(4.5–11.7)

7.38
(4.5–11.6)

11.34
(10.0–12.7)

9.80
(9.4–10.9)

Table 1. Food and water intake per cage for the osteotomy groups. N = 4 cages (with 2 mice per cage). See 
Supplementary Table S1 for values of control groups (AN, DW).
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following days depending on the analgesia protocol (one sample t test; exact p-values are listed in Supplementary 
Table S2) (Fig. 2a). Bup OT and Tlow OT mice reached initial body weight levels (≥100%) at 72 h post-osteotomy. 
In contrast, Thigh OT mice showed significant decreased body weight until 120 h after osteotomy. Significant 
group differences were found at 24, 48, 72 and 96 h post-osteotomy, F (14, 100) = 26.21 (p < 0.001) (One-way 
ANOVA with Bonferroni’s multiple comparisons test; selected pairs comparison; adjusted p-values are indicated 
in Fig. 2a). In detail, mice of the Bup OT group revealed significant lower fold changes compared to the Thigh OT 
group at 24 h, 48 h, 72 h and 96 h, respectively and the Tlow OT at 24 h. Additionally, at 72 h and 96 h after surgery, 
differences were observed between the Tlow OT and Thigh OT groups. At 24 h after anesthesia and/or start of the 
analgesic treatments, the AN and DW groups showed significant lower body weights compared to the initial body 
weight, which paralleled the observations from the OT groups (Fig. 2b,c). Overall positive body weight develop-
ment was more pronounced in the DW groups (reaching 100% − Tlow 72 h, Thigh 96 h, Bup 48 h) (Fig. 2b) than in 
the AN groups (reaching 100% − Tlow 96 h, Thigh 120 h, Bup 72 h) (Fig. 2c) or OT groups (reaching 100% – Tlow 
96 h, Thigh 120 h, Bup 96 h) (Fig. 2a). There was a significant difference between the AN groups (F (14, 45) = 12.16; 
p < 0.001) and DW groups (F (14, 45) = 23.39; p < 0.001) at different time points (One-way ANOVA; adjusted 
p-values are indicated in Fig. 2b). In the AN groups, Bup-treated animals showed significant higher body weights 
than Tlow (24 h and 48 h) and Thigh (48 h and 72 h) treated animals. This was also observed in the DW groups 
(Bup vs. Tlow or T at 24 h and 48 h; Bup vs. Thigh at 24 h, 48 h and 72 h). Additionally, Tlow DW groups showed 
significant differences towards the Thigh DW groups at 72 h and 96 h. Intra-group differences over time were 

Figure 1. Drinking frequency is reduced concentration-dependent by Tramadol. (a) Study design. 
Overview on time points and measurements of the different parameters. (b) Total number of drinking 
events for 48 h was assessed via video recording. Data are shown for OT groups as scatter dot plot and bar 
with median ± interquartile ranges (n = 4). For group differences Kruskal-Wallis test and Dunn’s multiple 
comparison test were applied; adjusted p-values are indicated. Results of AN and DW groups are provided as 
Supplementary Fig. S1. (c) Depiction of the drinking events over 12 h between 36 h and 48 h post-osteotomy. 
Each line indicates one drinking event (n = 4). (d) Concentrations of Tramadol and M1 3 days post-osteotomy 
were analyzed in sera from mice treated with the same regime as the Tlow OT group. Data are shown as scatter 
dot plot and bar with mean ± SD (n = 18).

https://doi.org/10.1038/s41598-019-47186-5


4SCIENTIFIC REPORTS |         (2019) 9:10749  | https://doi.org/10.1038/s41598-019-47186-5

www.nature.com/scientificreportswww.nature.com/scientificreports/

mostly significant for all OT groups and the Tlow/Thigh AN and DW groups when applying a repeated measures 
two-way ANOVA with a Tukey’s multiple comparisons test (Interaction: F (40, 192) = 5.59; p < 0.001; Time: F (4, 
192) = 130.8; p < 0.001; Fold change body weight – column factor: F (10, 48) = 25.84; p < 0.001; adjusted p-values 
for each comparison per group are listed in Supplementary Table S3).

Food intake was measured daily before and after osteotomy. All OT groups showed a reduced food intake 24 h 
post-osteotomy that remained low for the Bup OT and Thigh OT groups for 48 h or 72 h, respectively (Table 1). 
Similar trends were observed in the AN and DW groups (Supplementary Table S1).

Composite pain score (facial expression + appearance) decreases constantly over time in all 
OT groups and is strongly influenced by anesthesia and analgesia protocol. A composite score 
consisting of parameters of facial expression and overall appearance was determined by transferring the mice 
individually to an observation box at 1, 6, 12, 24, 48 and 72 h post-osteotomy. In order to familiarize the mice 
with the procedure, scoring was performed at three time points (9 a.m., 3 p.m. and 8 p.m.) on the day before 
surgery or treatment (baseline). The baseline score was 0 for all mice. After surgery/treatment, OT groups 
showed a significant increase of the score at 1 and 6 h independent of the treatment and compared to the base-
line score of 0 (Wilcoxon signed rank test; hypothetical median = 0; exact p-values are listed in Supplementary 
Table S4) (Fig. 3a). AN groups showed higher scores than baseline at several time points in the immediate 

Figure 2. Body weight development is affected by type and concentration of opioid. (a–c) Body weight was 
measured every 24 h and normalized to the initial weight before surgery (=100%). Graphs depict the osteotomy 
groups (a, OT) and the control groups including anesthesia and analgesics via the drinking water (b, AN) and 
only analgesics via the drinking water (c, DW). Data are shown as scatter dot plot and bar with mean ± SD for 
n = 8 (OT) and n = 4 (AN, DW). One sample t test was used to determine statistical significance towards the 
initial body weight (hypothetical mean = 100; exact p-values are listed in Supplementary Table S2); p-values 
are indicated with *p < 0.05, **p < 0.01 and ***p < 0.001. For group differences One-way ANOVA with 
Bonferroni’s multiple comparisons test was performed; adjusted p-values are indicated.
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post-anesthesia phase that were not statistical significant (Fig. 3b). DW groups scored continuously low as base-
line (=0). Treatment group comparison (Tlow, Thigh vs. Bup) at every time point (selected pairs comparison) 
using Kruskal-Wallis test (non-parametric) revealed significant differences in medians within the OT groups 
(H = 68.66; app. p < 0.001) and AN groups (H = 41.92; app. p < 0.001). The following Dunn’s multiple compari-
son test showed no significance. As shown in the graphs, the median scores reached nearly baseline values at 48 h 
for the Tlow OT group and 72 h for the Thigh OT and Bup group. This was comparable to the Thigh AN group (72 h) 
while median scores of Tlow AN reached baseline values at 72 h and Bup AN at 12 h.

Nest building and explorative behavior are influenced by type and concentration of opioid.  
The nest complexity score was used to detect changes in general behavior that might indicate changes in wellbeing 
as described previously22. At 7 a.m., 1 h before surgery or treatment, the baseline nest complexity score, deter-
mined for all groups, reached almost the maximum score of 5. Normalization of the scores towards the baseline 
score was not performed to show the variance of the scores between the groups in absolute numbers per cage. 
Therefore, the baseline scores (time point = 0) are depicted within the graph (Fig. 3c). Post-osteotomy all OT 
groups showed a decline in the nest complexity score towards 1 (Fig. 3c). Tlow OT groups recovered faster between 
12 h and 48 h than the Thigh OT and Bup groups comparing the medians. A statistically significant difference in 
group medians was found (Kruskal-Wallis test; non-parametric; H = 48.51; app. p < 0.001) while the Dunn’s mul-
tiple comparison test revealed no significance between the selected pairs (p > 0.99). However, strong differences 
can be seen between the Tlow OT and Thigh OT group at 12 h and 24 h. Animals from AN and DW groups showed 
a comparable decline at 6 h, but achieved the initial state more continuously and faster over the following 42 h 
(Supplementary Fig. S2).

Explorative behavior scores are presented in the percentage of cages that were scored positive (100% = four 
cages scored positive). In general, the scores were more variable in the OT groups than in the other treatment 
groups (Fig. 3d). While all animals showed explorative behavior in the baseline measures prior to surgery, explor-
ative behavior declined towards zero at 6 h after surgery. Tlow OT recovered to stable values at 24 h (=100%). 
Animals from Thigh OT showed reduced explorative behavior over time compared to Tlow OT mice. Bup OT 
groups demonstrated varying behavior between a mean of 25% (one cage out of four positive) and 75% (three 
cages out of four positive). AN groups showed comparable results to the OT groups while DW groups were highly 
explorative with a mean score of 100% (Supplementary Fig. S2).

Additionally, the time spent in the nest (resting time) was assessed for each individual and normalized to 
the total recorded time. As shown in Supplementary Fig. S2, there was no significant difference between the OT 
groups (Kruskal-Wallis test; H = 2.67; exact p = 0.28). There was a slight decrease of the relative time spent in nest 
with the AN and DW groups compared to the OT groups. In order to track the normal time in the nest over 48 h, 

Figure 3. General wellbeing parameters are reduced in osteotomy groups and influenced by anesthesia and 
analgesia. (a,b) Mice were transferred individually to observation boxes, allowed to acclimate for 1 min and 
were observed for 3 min. Facial expression and appearance composite score was assessed in the OT (a) and AN 
(b) groups at 1, 6, 12, 24, 48 and 72 h post-osteotomy/post-anesthesia. DW groups were continuously scored 
with 0. Measured scores are shown as scatter dot plot and bar with median ± interquartile range for n = 8 (OT) 
and n = 4 (AN). Wilcoxon signed rank test was used to determine statistical significance towards the initial 
score (hypothetical median = 0; exact p-values are listed in Supplementary Table S4); p-values are indicated 
with *p < 0.05, **p < 0.01 and ***p < 0.001. (c) Nest complexity score of the OT groups are depicted for 0, 6, 
12, 24 and 48 h post-osteotomy. Data are shown as scatter dot plot and bar with median ± interquartile range 
for n = 4 (cages). (d) The explorative test score is depicted for the OT groups as mean – percentage of cages 
that were determined positive for n = 4 (cages). Nest complexity and explorative test scores are provided in 
Supplementary Fig. S2.
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baseline measurements were performed prior to surgery or treatments for n = 8 mice. The median of the relative 
time in nest was 47.05% (interquartile range: 43.13%, 48.18%), indicating an increase in resting time for all groups 
after surgery or treatments compared to normal conditions.

Model-specific pain behavior are reduced by Buprenorphine and low concentrations of 
Tramadol. To assess model-specific pain behaviors, a limp score (limping and dragging), the frequency of 
flinching, the duration of grooming the operated leg as well as the rear up duration, i.e., time standing on both 
hind limbs in 3 min, were determined. Limp score and flinching are described only for OT animals as AN and 
DW groups showed no positive limp scores or flinching. Baseline limp score and flinching were assessed prior 
to osteotomy, revealing no positive limping or dragging (score = 0) and no flinching. Mice of the Tlow OT and 
Thigh OT group showed significant higher limp scores at 1 h post-osteotomy compared to the baseline scores 
(=0) (Wilcoxon signed rank test; hypothetical median = 0; exact p-values are listed in Supplementary Table S5) 
(Fig. 4a). Group medians were statistically significant (Kruskal-Wallis test; non-parametric; H = 29.45; app. 
p < 0.009) between the Bup OT and Thigh OT groups (Dunn’s multiple comparison test; selected pairs compar-
ison; p = 0.032). In general, the Bup OT and Tlow OT groups showed a median score of 0 at 6 h post-osteotomy 
compared to the Thigh OT group with a median of 1 that was reduced towards the baseline at 12 h post-osteotomy. 

Figure 4. Higher concentrations of Tramadol do not further ameliorate model-specific pain-related 
parameters. (a) The limp score included limping and dragging. Only the scores for the OT groups are shown in 
the graph as AN and DW groups showed no positive score. Measured scores are shown as scatter dot plot and 
bar with median ± interquartile range for n = 8. Wilcoxon signed rank test was used to determine statistical 
significance towards the initial score (hypothetical median = 0; exact p-values are listed in Supplementary 
Table S5); p-values are indicated with *p < 0.05, **p < 0.01 and ***p < 0.001. For group differences, Kruskal-
Wallis test with Dunn’s multiple comparison test for selected pairs (time point) was performed; adjusted p-
values are indicated. (b) Number of flinching per 3 min observation are depicted for OT groups (no flinching 
was observed in AN and DW groups). (c,d) Graphs show grooming time during 3 min for OT (c) and AN and 
DW (d) groups. (e,f) Rear up time during 3 min is shown for OT (e) and AN and DW (f) groups. (b–f) Data are 
shown as scatter dot plot and bar with median ± interquartile range for n = 8 (OT) and n = 4 (AN, DW).
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Flinching was not statistically significantly increased in the OT groups compared to the baseline (=0) (Wilcoxon 
signed rank test; hypothetical median = 0; p > 0.25 except Thigh OT at 6 h p = 0.063) (Fig. 4b). The Kruskal-Wallis 
test showed a significant difference in the group medians (H = 32.28; app. p < 0.004) while the Dunn’s multi-
ple comparison test revealed no significance between the selected pairs (p > 0.99; except Bup OT vs. Thigh OT 
p = 0.1 and Tlow OT vs. Bup OT p = 0.15). Nevertheless, flinching was observed more often in the Thigh OT group 
(median = 4) compared to the Tlow OT and Bup OT groups (median both = 0) at 6 h (Fig. 4b).

Baseline measurements of leg grooming duration showed durations between 0 and 4 sec (n = 8); no statistical 
test was performed for group comparisons. However, grooming time was prolonged in OT groups for up to 3 days 
after osteotomy, with no difference between the three groups (Kruskal-Wallis test; non-parametric; H = 15.28; 
app. p = 0.36) (Fig. 4c). Interestingly, increased grooming was also seen in Thigh AN, Tlow AN and Tlow DW mice 
(Fig. 4d).

Normal rear up time was determined during baseline measurements (n = 8) with a median = 14.2 sec and a 
range from 8 to 27 sec. No statistical test was performed for comparison with baseline. Rear up was shown only 
rarely by OT groups at 1 h and 6 h post-osteotomy (Fig. 4e), which is in line with the results of the AN groups 
(Fig. 4f). Between 24 h and 96 h, rear up time increased in the OT as well as in the AN and DW groups (Fig. 4f). 
Statistical differences in the OT group medians were found (Kruskal-Wallis test; non-parametric; H = 60.03; app. 
p < 0.001) while Dunn’s multiple comparison test revealed no significance between the selected pairs (p > 0.99; 
except Bup OT vs. Thigh OT p = 0.36). In general, rear up was more apparent in the Bup OT and Tlow OT compared 
to the Thigh OT group.

Physiological stress response varies in regard to osteotomy surgery and analgesic treat-
ment. To evaluate stress non-invasively, FCMs were determined. Samples were collected during the ani-
mals’ stay in the observation boxes after spontaneous and voluntary defecation (no samples at 1 h, 6 h and 12 h 
post-osteotomy/post-anesthesia). Consequently, different numbers of fecal samples were collected per time point 
and group. FCM concentration peaked at 24 h post-osteotomy in the OT groups, with no significant differences 
between groups (Kruskal-Wallis test; H = 3.82; p = 0.15; Fig. 5a) and declined immediately at 48 h to values lower 
than DW mice (Fig. 5c). Nevertheless, FCM concentrations in AN and DW groups were also slightly elevated at 
24 h and declined over time (Fig. 5b,c).

Opioid analgesia does not significantly affect fracture healing outcome. In order to evaluate the 
potential side effects of opioid pain management on fracture healing outcomes, we performed ex vivo µCT, histo-
morphometric analysis and vessel staining via immunofluorescence. Within the protocol, animals from each OT 
group were assigned randomly to one of two groups receiving different treatment of the osteotomy gap. While 
in group 1, the osteotomy gap was empty, a scaffold was applied in group 2 that inhibits fracture healing, as we 
have shown previously21. In the present study, we focused on potential differences within group 1 or 2 to evaluate 
the potential influence of the pain management regime. The total volume (TV), bone volume (BV) and bone 
volume fraction (BV/TV) were determined during ex vivo µCT analyses. The BV revealed no significant differ-
ences between the analgesics groups within the treatment groups (Kruskal-Wallis test; selected pairs; H = 10.01; 
p = 0.75) while the medians of TV and BV/TV were significant (Kruskal-Wallis test; selected pairs; TV: H = 11.18; 
p = 0.05; BV/TV: H = 13.05; p = 0.02), but not in the Dunn’s multiple comparison test (p > 0.99) (Fig. 6a). 
Moreover, we detected a significant difference in the Bup OT group between group 1 and 2 (Mann-Whitney U 
test; p-values indicated in graphs) (Fig. 6a). Histomorphometric results analyzing the total mineralized bone (Tt.
Md.B.Ar) and cartilage area (Tt.Cg.Ar) as well as the callus width were significantly different in group medians 
within one fracture gap treatment group and between the analgesic protocols (Kruskal-Wallis test; selected pairs; 
Tt.Md.B.Ar: H = 16; p = 0.007; Tt.Cg.Ar: H = 11.05; p = 0.05; Callus width: H = 17.89; p = 0.003). Dunn’s mul-
tiple comparison test showed no significance (p > 0.99) (Fig. 6b–d). Within group 1, Bup OT revealed a higher 
Tt.Md.B.Ar compared to the T OT groups, but conversely, Thigh OT exhibits slightly more cartilage within the 
fracture gap. Between the treatment groups, significant differences were found for Tlow OT and Bup OT, showing 
significant higher amounts of mineralized bone and cartilage in group 1 compared to group 2 (Mann-Whitney U 
test; p-values indicated in graphs) (Fig. 6c). This was also observed for the callus width, which was also significant 
higher in the Thigh OT group 2 compared to group 1 (Fig. 6d).

To evaluate vessel formation within the fracture gap, staining was performed for CD31 and endomucin 
(Emcn), two common endothelial markers. In a first step, the relative cell count was determined within the frac-
ture gap (Fig. 7a). No significant differences were identified between analgesic protocols or treatment groups 
(Kruskal-Wallis test; H = 4.65; p = 0.46). This was also observed for CD31 and Emcn alone (Kruskal-Wallis test; 
CD31: H = 6; p = 0.31; Emcn: H = 10.85; p = 0.054) (Fig. 7c). Therefore, the obvious higher amount of Emcnhi 
cells in the Thigh OT group 2 seems to be an effect of random sampling. Additionally, there were no differences 
between treatment groups for CD31hi Emcnhi (Kruskal-Wallis test; H = 9.54; p = 0.089) although the Dunn’s mul-
tiple comparison test showed a significance in group 1 between the T groups (p = 0.04) (Fig. 7b).

Unexpected observations of the study. One animal from the Thigh OT group was euthanized 2 days after 
osteotomy due to reaching a humane endpoint. Autopsy revealed a hepatomegaly. In order to exclude the influ-
ence of the pain medication, this liver as well as the livers of all other animals from the OT group were assessed 
via histology; the results revealed a high-grade fatty liver in the respective animal (Fig. 8b) and no changes in the 
others (beside mild hepatitis due to Helicobacter infection) (Fig. 8a).
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Discussion
This study evaluated three used analgesia protocols, Tramadol (0.1 mg/ml = Tlow vs. 1 mg/ml = Thigh) and 
Buprenorphine (0.009 mg/ml) administered via drinking water, in a mouse osteotomy model after a pre-operative 
injection of Buprenorphine. Analgesia, anesthesia, surgery and testing had clear effects on the measured param-
eters assessed. All protocols tested reduced pain without side effects on fracture healing outcome. Nevertheless, 
mice that were treated with Thigh showed more signs of reduced wellbeing and pain compared to mice treated with 
Tlow or Buprenorphine.

Daily water intake in female B6 mice is about 3–6 ml23, which resembles our baseline values. After osteotomy 
water intake was reduced but remained sufficient for adequate analgesia in groups receiving Buprenorphine or 
Tlow. In contrast, water intake and drinking frequency were reduced significantly in animals that received Thigh 
after surgery. While overall, water intake was not distinctly reduced in controls without surgery receiving Thigh 
compared to other analgesia protocols, drinking frequency during the first 2 days was low compared to animals 
that received a lower dose or Buprenorphine. Comparable effects were observed in a previous study: in contrast 
to sufficient overall 24 h intake of Tramadol-treated water after laparotomy in female B6 mice, drinking frequency 
was distinctly reduced in the acute post-surgical phase (<4 h)24. Reduced water intake might result in insufficient 
concentrations of Tramadol or M1, the analgesic metabolite of Tramadol, and, therefore, in insufficient pain relief. 
However, based the amount of water intake, the total amount of Tramadol intake can be calculated and compared 
between the Tlow and Thigh groups. Considering a total water up-take at 48 h for two mice with a median of 9.88 ml 
(Tlow) and 5.35 ml (Thigh), the calculated up-take of Tramadol per mouse would be 0.49 mg (Tlow) compared to 
2.68 mg (Thigh) which is a 5-fold difference and indicates a sufficient up-take of Tramadol in Thigh although the 
water intake amount was reduced. Nevertheless, this calculation does not include the timing of the water intake 
over 24 h and the short half-life of Tramadol14. It can be assumed that the bitter taste or aversive side effects of Thigh 
result in reduced willingness to ingest. As effective drinking water administration relies on frequent and sufficient 

Figure 5. Assessment of adrenocortical activity indicate varying physiological stress responses. (a–c) Fecal 
corticosterone metabolite (FCM) concentrations were analyzed in all groups: OT (a), AN (b) and DW (c) group. 
Data are shown as scatter dot plot and bar with median ± interquartile range for n = 8 (OT) and n = 4 (AN, 
DW).
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water intake, sweetened drinking water as well as application of pain medications via the drinking water prior to 
surgery might be used to avoid the observed effect and to ensure sufficient intake16,25. In addition, the voluntary 
ingestion via nut paste, jelly26 or by syringe feeding can be an alternative in order to ensure the adequate intake, 
although animals should be used to the food or technique beforehand27.

We determined the serum levels of Tramadol and M1 following administration of Tlow. The M1 value was 
found to be nearly three times as high than the human minimal effective serum level of M128. Nevertheless, anal-
gesic serum concentrations of Tramadol or M1 in mice are not known; we can therefore only assume that mice 
received sufficient doses.

Weight reduction, and reduced food intake, might be indicators of pain10,29 but are also known side effects of 
analgesics10. All animals lost weight after the start of experiments, suggesting an effect of treatment but also of 
the testing procedure. This tendency was stronger after osteotomy and anesthesia – a result that can possibly be 
explained by a loss of fluid during anesthesia and the observed drop in food and water intake after anesthesia. 
The impact of surgery on these parameters was minor compared to the effect of analgesia and anesthesia only. 
Interestingly, animals treated with Thigh lost more body weight and recovered weight more slowly compared to the 
other groups. This effect was seen in surgery and controls, and can therefore be more likely attributed to the side 
effects, of Thigh and less likely to pain due to osteotomy.

Figure 6. Fracture healing outcomes are not affected by type and concentration of opioid. (a) Using ex vivo 
µCT, the bone volume (BV), the total volume (TV) and the bone volume fraction (BV/TV) were determined. 
(b) Exemplary images for Movat’s pentachrome staining allowing for the differentiation between tissues: yellow/
orange = mineralized bone; light yellow = scaffold; green = cartilage; purple/brown = bone marrow and cells. 
Scale bars = 500 µm. (c) Histomorphometry was performed for quantitative assessment of different tissue 
components – mineralized bone (Tt.Min.B.Ar), cartilage (Tt.Cg.Ar) and (d) callus width. (a–d) Data are shown 
as scatter dot plot and bar with median ± interquartile range for n = 3–4. Differences between group 1 and 2 
within one analgesic group were determined using the Mann-Whitney U test. Exact p-values are indicated in 
the graphs.
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Composite scores comparable to the scoring system used, have been applied successfully for pain evaluation in 
other mouse models (e.g.10,30). In our study, scores increased during the acute post-anesthesia and post-osteotomy 
phase. Nevertheless, the increase in scores towards mean scores of 3–6 was significant compared to baseline in 
the surgery groups only and scores of osteotomized animals recovered slower towards baseline levels compared 
with anesthesia groups. In a previous study, we showed that, after ovariectomy, B6 mice that did not receive pain 
treatment reached mean composite scores of 4.5, while animals that received effective pain treatment after surgery 

Figure 7. Vessel formation is comparable between treatment groups. Immunofluorescence staining was 
performed to measure (a) the cell count, (b) the number of double-positive cells (CD31hi Emcnhi) and (c) the 
number of CD31hi and Emcnhi cells alone in the osteotomy gap. Data was normalized to the total analyzed 
area and are shown as scatter dot plot and bar with median ± interquartile range n = 3–4. (d) Exemplary 
immunofluorescence vessel staining (CD31 = red, Emcn = green, DAPI = blue). Scale bars = 200 µm.

Figure 8. Liver histology reveal no differences between groups. (a) Histology of the livers from all OT animals 
(n = 4) was performed as one animal needed to be euthanized 48 h after osteotomy; this animal showed a high-
grade fatty liver (b). Scale bars = 200 µm.
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reached mean scores of 1.5–2.510. Compared to the increase in scores after anesthesia and analgesia without surgery, 
osteotomized animals showed only slightly higher scores, hinting at very mild residual post-surgical pain.

The influence of anesthesia is in line with findings that subunits of the score are not pain-specific. An increase 
in the MGS, part of the pain scoring used in our study, after anesthesia is also described by Miller et al.31.

High nest scores – an indicator of good general wellbeing30,32,33 – were observed during baseline. Nest scores 
were reduced in all groups after the start of experiments. This reduction in nest building is a known side effect 
of anesthesia and opioid analgesia32,34. Nevertheless, the impact on nest building was less severe in animals that 
received Tlow compared to Thigh or Buprenorphine, hinting at fewer side effects on wellbeing. Changes in activity 
might have been the underlying cause of reduced nest building. Groups that scored higher in nest scores in gen-
eral also spent less time inactive in their nest.

The explorative test used in our study is a modification of the time-to-integrate-to-nest test (TINT)35. Mice 
observed in pilot studies rarely started to integrate provided nest building material into their existing nest within 
10 min as described by Rock et al., therefore we assessed exploration of new nest material rather than nest build-
ing behavior. Exploration might be a useful measure of activity and anxiety36 and therefore an interesting param-
eter to assess overall wellbeing in mice. In the explorative test, all mice scored positive in baseline, animals that 
received analgesia only showed a comparable high level of explorative behavior during the observation time. 
After anesthesia, exploration was reduced in all OT groups. This reduction seemed to be stronger in animals that 
received Thigh, suggesting a negative effect of the higher dose on wellbeing.

Assessment of limp scores and rearing behavior to quantify altered gait and weight bearing are commonly 
used in bone fracture, neuropathy or cancer pain studies37–40. Additionally, grooming in terms of an increased 
tending to the painful limb and flinching as a pain-specific symptom is applied41–43. No limping, flinching or 
guarding was observed during baseline or in the AN and DW groups. Limping and flinching occurred rarely 
after osteotomy. Rear up time was shorter in surgery groups compared to AN and DW groups. These changes are 
therefore clearly connected to the surgery and do not represent a side effect of analgesia or anesthesia.

We cannot discriminate if these changes are due to functional impairment, due to the fixator, or residual oste-
otomy pain. Minville et al. reported that mice with a fractured tibia have a significantly higher “subjective pain” 
score, defined as reduced use of fractured limb with regards to limping and weight bearing, than sham-operated 
animals40. This score was reduced with an opioid + NSAID combination, which proves the pain specificity of the 
parameters. In other studies using fractured femurs, flinching occurs more frequently than in our model when 
animals are not treated with analgesia42,43. In contrast to our model, these studies used an internal pin to fixate 
the closed fracture.

Regardless of dose, animals that received Tramadol showed higher limp scores and more flinching than ani-
mals that received Buprenorphine. Thigh animals showed a tendency towards more limping and flinching and less 
rearing and a slower recovery of behaviors. Buprenorphine treatment seemed to be slightly superior to Tramadol.

Guarding behavior, even though observed typically in rodent bone fracture pain models41–44, was not observed 
in our mice. Again, the lack of could therefore be a sign of sufficient or acceptable pain relief. Grooming of the 
wounded leg, which might be a sign of pain45, occurred in all animals, but was increased mainly in the operated 
and anesthetized animals. As both groups received a dressing spray to close the wound, it is assumed that groom-
ing is not due to pain but rather induced by the sticking spray on the animal’s skin.

Measuring FCM is a non-invasive technique to monitor adrenocortical activity46–49. At 24 h after start of the 
experiments, elevated FCM levels were observed with no significant differences between groups. The increase in 
FCM concentrations in AN and DW groups on day one could be explained by frequent handling, which has been 
shown to potentially induce an acute stress response in mice50,51.

Finally, we evaluated the influence of Tramadol and Buprenorphine on fracture healing outcomes. No differ-
ences were found between analgesic groups in formation of mineralized bone, cartilage and vessels. In addition, 
we reproduce our previous finding on applying a scaffold to inhibit fracture healing21. Negative effects of opioids 
on bone homeostasis in humans have been described only in case of long-term administration, and include a high 
incidence of spontaneous fractures related to, e.g., loss of bone mineral density due to direct effects on osteoclasts 
and osteoblasts or indirect effects via the endocrine system52–54. However, results from animal experiments do not 
clearly indicate any influence of either Tramadol or Buprenorphine on bone homeostasis and/or regeneration55,56.

Within the study only female B6 mice were used without determination of the estrous cycle status. Therefore, 
we are not able to exclude potential hormonal influences, which have been also shown to be strain-dependent57. 
In addition, conclusion towards male mice should be carefully taken. Moreover, the presented analgesia protocols 
could be further refined by sweetening the medicated drinking water for better water intake as well as the use of 
local anesthesia during surgery.

Although we cannot rule out minor, short-lasting pain in the post-surgery phase, this study provides evidence 
for pain relief after osteotomy in female B6 mice when administering analgesics stress-free and continuously 
via the drinking water. Additionally, potential overdosing of Tramadol can lead to changes in wellbeing without 
further pain relief. Nevertheless, as we have not compared oral with injection protocols, we cannot evaluate if the 
injection of analgesics or the combination of injection and and oral administration for several post-surgical days 
might have been superior, i.e. reduces remaining signs of pain further, compared to the oral protocols. Therefore, 
further model-specific studies on pain management should be performed to provide evidence-based refinement 
of analgesia protocols, to enhance animal wellbeing, reproducibility and translation.

Methods
Animals, housing and study design. The study was performed in accordance with the German Animal 
Welfare Act and was approved by the local Berlin state authority – “Landesamt für Gesundheit und Soziales” 
(LaGeSo; permit numbers: G0039/16 and G0111/13). A total of 48 female C57BL/6 N mice aged 10 weeks 
was purchased from Charles River Laboratories (Sulzfeld, Germany). Only female mice are used routinely in 
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our osteotomy model as bone healing is slower in female mice than in males, allowing for a stepwise, com-
plete bone healing within a time period of 21 days27,58,59. The mean body weight was 21.3 ± 1.3 g. Mice were 
housed in a conventional (non-SPF) facility, habituated to the housing room in groups of 8–10 animals for 1 
week in Eurostandard Type lll clear-transparent plastic cages and afterwards randomly split into groups of two 
for another week before experiments started. Mice were housed in Eurostandard Type II clear-transparent plastic 
cages (two animals per cage) covered with a wire lid and built-in u-shaped feed hopper and closed with a filter 
top. As bedding material, fine wood chips (Lignocel FS 14, J. Rettenmaier & Söhne GmbH + Co. KG, Germany) 
and nesting material (Envirodri®, Shepherd Specialty Papers, USA) was provided. Due to the external fixator, 
houses and pipes are contraindicated in order to avoid injuries. Food (Standard mouse diet, Ssniff Spezialdiäten, 
Germany) and tap water was available ad libitum, and room temperature was constant, at between 20 and 22 °C 
with a humidity of 45–50%. The light/dark cycle was a 12/12-h cycle with lights on at 0600 hours and off at 1800 
hours. Cage changing was performed weekly during the acclimatisation phase (two weeks prior to start) by the 
experimenter; animals were tail handled. Nesting material was transferred to new cages when dry and clean. All 
experimenters were female (see60).

The study design (Fig. 1a) began with baseline measurements during the week prior to the osteotomy. Cages 
were allocated randomly to three post-operative treatment groups: Tramadol (Drops, Grünenthal GmbH) was 
applied in two different concentrations: Tlow = 0.1 mg/ml and Thigh = 1 mg/ml, Buprenorphine (Temgesic, RB 
Pharmaceuticals Limited) was applied with Bup = 0.009 mg/ml. Analgesics were administered via drinking 
water (tap water) for three consecutive days directly after osteotomy or anesthesia. The medicated water was not 
changed during treatment time13. Eight animals of each analgesic regime were osteotomized (OT), four animals 
of each regime underwent anesthesia only for 15 min and received analgesics post-anesthesia (AN) and four 
animals of each regime received only analgesics (DW; Supplementary Table S6). Two weeks after surgery, oste-
otomized animals were anesthetized with ketamine and xylazine (i.p. ketamine 120 mg/kg, xylazine 16 mg/kg). 
Once depth of anesthesia was achieved, blood was withdrawn from the heart and euthanasia was conducted by 
cervical dislocation.

Osteotomy. All animals received Buprenorphine (0.03 mg/kg) s.c. as analgesic 1 h prior to surgery. 
Anesthesia was induced at 2.5% isoflurane (CP-Pharma, Germany) in a transparent Plexiglas box where anes-
thetic gas was provided using a rodent inhalation anesthesia system (Ohmeda Isotec 4, DRE, USA). Once the 
animal was asleep and breathing independently deeply and continuously, it was moved to a heating mat (37 °C) 
and anesthesia was maintained via a nose mask at 1.5% isoflurane. Eye ointment and clindamycin (0.02 ml) were 
applied s.c. After shaving and disinfecting the left femur area with an alcoholic iodine solution (Braunoderm, 
B. Braun, Germany), osteotomy was performed as described earlier20. In short, a lateral longitudinal incision of 
the skin (2 mm) along an imaginary line from knee to hip followed by a blunt preparation of the femur between 
the Musculus vastus lateralis and Musculus biceps femoris while protecting the subjacent nerve. Pin placement 
(0.45 mm diameter) was performed through the connector bar of the external fixator (MouseExFix, RISystem, 
Davos, Switzerland) by serially drilling to place the fixator laterally parallel to the femur. A 0.70-mm osteot-
omy gap was created between the middle pins using a Gigli wire saw (RISystem, Davos, Switzerland). According 
to the protocol of the basic research study, the osteotomy gap was either flushed with NaCl and left empty for 
group 1 or filled with a PBS-soaked bovine collagen-I scaffold, Lyostypt® for group 2 (B. Braun Vet Care GmbH, 
Tuttlingen, Germany). After skin closure, the wound was covered with a permeable spray dressing, the mice 
were given pre-warmed NaCl (0.2 ml) s.c. and then returned to their cages. Recovery from anesthesia was con-
ducted under an infrared radiator and was monitored closely. Surgery was performed by two trained veterinar-
ians. Approximately 45 min after surgery, cages were transferred back to the housing room for further analgesic 
treatment and behavioral assessment. General scoring and humane endpoints were applied as recommended and 
summarized in Lang et al.27.

Body weight, behavioral home cage analyses and food/water intake. Animals were weighed daily 
starting 1 day prior to surgery and continuing until the day of euthanasia. Food and water intake were deter-
mined for each cage every 12 h. For each analgesic treatment group, 8 animals (4 OT, 2 AN, 2 DW) were filmed 
in their home cages starting for 48 h at 6 p.m. (9 h after osteotomy). This time point was chosen as we expected 
the pre-emptive Buprenorphine treatment to deliver a pain relief for up to 8 h. Cages were filmed from above (at 
a distance of ~ 1.5 m) with an infrared sensitive USB 3.0 Monochrome-Camera (The Imaging Source Europe 
GmbH, Germany). Cage grids were removed for better visibility and plastic walls elevated to prevent escape. 
Mice were kept with their familiar partner, provided with nesting material, food and water. One mouse in every 
cage was marked with black stripes (Edding permanent marker 3000) on the tail. An infrared light was turned on 
during dark cycles. Videos were analyzed manually by one blinded observer with event-logging software (BORIS 
- Behavioral Observation Research Interactive Software). The drinking frequency of each mouse was assessed 
manually, where the contact of a mouse’s snout with the bottle tip was counted as one drinking event and contin-
uous drinking for a longer time was also counted as one drinking event. Time spent active was measured (defined 
as animal moving outside of the nest) and used to calculate resting time in the nest.

Tramadol/M1 analysis in serum. There is no available data on the minimum effective serum concentra-
tion of Tramadol in mice; Evangelista et al. only recently published data on the pharmacokinetics of Tramadol 
with different application routes13. Due to this lack of knowledge, sera were additionally collected and analyzed 
during an unrelated parallel study in our lab. Serum from mice (n = 18) euthanized 3 days after osteotomy and 
treated with Tramadol via drinking water at a concentration of 0.1 mg/ml (comparable to analgesic regime of 
the Tlow group) were analyzed by TOXILAB Ludwigsburg for Tramadol and O-Desmethyl-Tramadol (M1) 
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concentrations. The analysis was conducted based on an established method to determine the concentration of 
Tramadol and M1 in urine. Inter- and intra-assay controls and QM were applied.

Clinical, behavioral and model-specific pain scoring. Animal scoring was performed by two research-
ers blinded to the groups’ analgesic treatment. To assess the facial expression and appearance composite score, 
mice were transferred individually to a transparent plastic observation box, allowed to acclimate for 1 min and 
were observed for 3 min. Scoring was performed according to Jirkof et al.61 but slightly adapted (Supplementary 
Table S7). A maximum score of 11 could be reached. The nest complexity score was assessed in the home cage 
using the naturalistic system developed by Hess et al.22. To assess motivation to interact with an object in the home 
cage, we performed an explorative test. A ball of four Envirodri® stripes was put in the home cage and the animals 
were observed for 1 min by a blinded observer. The outcome was either negative (score = 0) with no interaction 
or positive (score = 1) if there was an interaction with the provided material. Interaction was defined as gnawing, 
fraying, carrying, holding with forelimbs, rolling and intensive sniffing of the material. As model-specific pain or 
severity parameters, several established behaviors related to gait and weight bearing were observed40,43,62. Mice 
were transferred individually in standard cages covered with a filter top and given an acclimation time of 15 min 
before taking a video for 3 min. Offline video analysis was performed by one blinded observer. The frequency of 
limping and dragging with the operated leg (=limp score) as well as total time an animal spent with grooming 
the operated leg was measured in seconds (see Supplementary Table S8). Additionally, the frequency of flinching 
with the left hind limb was recorded. Flinching is characterized as a rapid, repetitive lifting of the affected limb40. 
The total time of remaining in a rear up position with weight bearing apparently on both legs was determined in 
seconds.

Measurement of fecal corticosterone metabolites (FCMs). Following observation, fecal samples 
were collected from the observation box, and urine was carefully absorbed with a facial tissue. Fecal samples 
were stored at −20 °C immediately after collecting. FCM analysis was carried out as described and validated 
previously46,63. In short, the material was dried at 70 °C, homogenized with a mortar and weighed. A portion of 
0.05 mg of each sample was vortexed for 2 min in 1 ml 80% methanol followed by a centrifugation step (2,500 
× g for 15 min). Supernatants were stored at −80 °C and analyzed using a 5α-pregnane-3β,11β,21-triol-20-one 
enzyme immunoassay63.

Ex vivo µCT of osteotomized femora. Three-dimensional (3D) bone formation was analyzed after 
euthanasia using high-resolution µCT. Osteotomized femora were fixed in 4% PFA and ascending glucose solu-
tions. After removal of the pins and external fixator, femora were scanned with an isotropic voxel size of 10.5 µm 
(Viva40 micro-CT, Scanco Medical AG®, Switzerland, 70 KVp, 114 µA). The scan axis coincided with the diaphy-
seal axis of the femora while 191 slides were scanned between the middle pins to include the complete osteotomy 
gap. The provided software package (Scanco®, Switzerland) was used for 3D reconstruction, post-processing and 
analyses. The osteotomy gap was defined per sample from half broken up cortical bone to the other before the 
volume of interest (VOI) was defined manually excluding the cortical bone. A fixed global threshold of 240 mg 
HA/cm3 was applied for the automatic 3D callus tissue analysis. The total volume (TV, mm3), the total bone vol-
ume (BV, mm3) and the bone volume fraction (BV/TV) were included for evaluation. Analysis was performed 
blinded to treatment.

Histology and immunofluorescence of osteotomized femora. In order to investigate undecalcified 
bones, embedding and slice preparation was conducted as described previously21. In detail, femora were fixed 
for 6 h in 4% PFA followed by an ascending sugar solution treatment (10%, 20%, 30%) for 24 h, respectively, and 
cryo-embedding with SCEM medium (Sectionlab, Japan) and subsequent storing at −80 °C. A specific cryo-
film (Sectionlab, Japan) was used to provide slices (7 mm) with a cryotom and storage at −80 °C. Slices were 
air-dried for 20 min and fixed with 4% PFA prior to every histological staining. Movat’s Pentachrome staining 
was conducted using an already published protocol20. Pictures were taken with a LSM 710 confocal microscope 
(Carl Zeiss, Jena, Germany) and analysed using ImageJ. For immunofluorescence staining, the slides were air 
dried for 20 min, rehydrated with PBS and blocked with PBS/5% FCS for 30 min. Primary PECAM-1 antibody 
(goat anti-mouse; R&D Systems; AF3628) was diluted 1:50 in PBS/5% FCS/0.1% Tween 20 and incubated for 
2 h. After washing with PBS/0.1% Tween 20, secondary antibody (donkey anti-goat A568; Life Technologies/
ThermoScientific; A-11057) was diluted 1:500 in PBS/5% FCS/0.1% Tween 20 and applied for 1 h. A subsequent 
washing step was followed by a blocking step with PBS/10% normal goat serum. Primary Endomucin antibody 
(rat anti-mouse Endomucin; Santa Cruz; V.7C7) diluted 1:500 in PBS/5% FCS/0.1% Tween 20 was applied for 
2 h. After washing secondary antibody (goat anti-rat A647; Life Technologies/ThermoScientific; A-21247) was 
used for 1 h. A washing step and DAPI (1:500; 1 mg/ml in PBS) completed the staining. Pictures were taken with 
a Keyence fluorescence microscope BZ 9000 using the DAPI, TexasRed and Cy5 channels. Image analysis was 
performed using ImageJ by a treatment-blinded researcher.

Liver histology. The liver of each osteotomized mouse was collected after euthanasia, frozen, and stored 
at −80 °C. Before embedding in paraffin, the livers were fixed in 4% PFA for 24 h and then transferred to the 
Institute of Veterinary Pathology at the Department of Veterinary Medicine FU Berlin. The livers were paraffin 
embedded and HE stained. The samples were assessed histologically blinded to the analgesic treatment to assess 
any possible influence of the analgesia on the liver.

Statistical analysis. Samples size calculation for primary endpoints (composite score, model-specific pain 
score) was based on the resource equation approach with focus in the 3 groups with osteotomy and different anal-
gesia (min. number per group = 4; max. number per group = 8). For secondary endpoints such as water intake 
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(ml) and BV/TV (bone volume fraction), power analysis was possible, calculated via G*Power 3.1 program and 
compared to the group sizes calculated via the resource equation approach. For more detailed information please 
see Animal Study Registry (Bf3R, Germany, https://doi.org/10.17590/asr.0000113).

The number of animals is either stated in the text, figure legend or indicated as a scatter dot plot in the graphs. 
Statistical analysis was carried out with GraphPad Prism V.7 software. As a first step, data sets were tested for 
Gaussian distribution using Shapiro-Wilk normality test (n < 8) or Kolmogorov-Smirnov normality test (n > 4). 
Data with n ≤ 4 were assumed as non-parametric. Only the body weight showed a Gaussian distribution com-
pared to all other data sets. Therefore, the body weight is presented as mean ± SD and normalized to the initial 
body weight. To statistically compare the measured body weight to the initial body weight, one sample t test was 
performed (hypothetical mean = 100). One-way ANOVA with Bonferroni’s multiple comparisons test (selected 
pairs) was used to determine group differences. Changes over time were assessed with a repeated-measure 
two-way ANOVA with a Tukey’s multiple comparisons test. Normalization to baseline measurements was not 
useful in the other datasets. Where reasonable, baseline measurements are stated in the text or depicted in the 
graphs (time point = 0). Data with no Gaussian distribution are shown as median ± interquartile range. To 
determine statistical differences towards the baseline measurements, Wilcoxon signed rank test was used. As 
non-parametric statistical test for group differences, the Kruskal-Wallis test with Dunn’s multiple comparison 
test was applied for selected pairs. All important numbers and adjusted p-values are either stated in the text, the 
graphs or are listed in the Supplement.

Data Availability
The authors declare that all data supporting the findings of this study are available within the paper and its supple-
mentary information file. Further information on the study design and the protocols are available in the Animal 
Study Registry (Bf3R, Germany; https://doi.org/10.17590/asr.0000113). Further information are made available 
by the authors upon request.
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2.2 Characterization of an in vitro equine fracture hematoma model 

To go a step further, we developed in parallel sophisticated in vitro models to specifically 

study the initial phase of fracture healing integrating the interaction between immune cells 

and mesenchymal stromal cells/bone-related cells. Comparative medicine in the “One 

health” context aims to closer link animal and human health for mutual benefit. The horse 

is an important orthopaedic patient and due to its size, comparable anatomical features and 

similar bone micro- and macrosturcture suggested as an ideal experimental model for 

human orthopaedic conditions. However, there is a lack of scientific knowledge on the 

mechanistic and temporal course of fracture healing in horses. In this study we wanted to i) 

define the influence of hypoxia and mesenchymal stromal cells during the initial phase of 

fracture healing in an equine in vitro fracture hematoma model and ii) use the gained 

knowledge for translation to a human fracture hematoma model. 

The following text corresponds to the abstract of the work: 

Pfeiffenberger, M.*, Bartsch, J.*, Hoff, P., Ponomarev, I., Barnewitz, D., Thöne-Reineke, C., 

Buttgereit, F., Gaber, T.*, Lang, A.* (2019) Hypoxia and mesenchymal stromal cells as key 

drivers of initial fracture healing in an equine in vitro fracture hematoma model. PlosONE. 

Apr 4; 14(4):e0214276. [doi: 10.1371/journal.pone.0214276] (*shared last authorship)

“Fractures in horses – whether simple fractures with just one clean break, or incom-

plete greenstick with stress fractures, or complications such as shattered bones can all 

be either minimal or even catastrophic. Thus, improvement in fracture healing is a hall-

mark in equine orthopedics. The fracture healing process implements a complex se-

quence of events including the initial inflammatory phase removing damaged tissue, re-

establishment of vessels and mesenchymal stromal cells, a soft and hard callus phase 

closing the fracture gap as well as the remodeling phase shaping the bone to a scar-free 

tissue. Detailed knowledge on processes in equine fracture healing in general and on 

the initial phase in particular is apparently very limited. Therefore, we generated equine 

in vitro fracture hematoma models (FH models) to study time-dependent changes in cell 

composition and RNA-expression for the most prominent cells in the FH model (immune 

cells, mesenchymal stromal cells) under conditions most closely adapted to the in vivo 

situation (hypoxia) by using flow cytometry and qPCR. In order to analyze the impact of 

mesenchymal stromal cells in greater detail, we also incubated blood clots without the 

addition of mesenchymal stromal cells under the same conditions as a control. We ob-

served a superior survival capacity of mesenchymal stromal cells over immune cells 

within our FH model maintained under hypoxia. Furthermore, we demonstrate an upreg-

ulation of relevant angiogenic, osteogenic and hypoxia-induced markers within 48 h, a 

time well-known to be crucial for proper fracture healing.”  
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2.3 Development of a human in vitro fracture gap model 

Based on this initial study using equine in vitro fracture hematoma models, we successfully 

transferred this concept to the human system [92] which was further extended to a fracture 

gap model.  

The following text is based on the abstract of the work: 

Pfeiffenberger, M., Damerau, A., Ponomarev, I., Bucher, C.H., Chen, Y., Barnewitz, D., 

Thöne-Reineke, C., Hoff, P., Buttgereit, F., Gaber, T., Lang, A. (2021) Functional scaffold‐
free bone equivalents induce osteogenic and angiogenic processes in a human in vitro frac-

ture hematoma model. Journal of Bone Mineral Research. Jun 01; 26(6): 1189–1201. [doi: 

10.1002/jbmr.4267] 

 

To achieve a macroscale approach to create scaffold-free constructs, we used our under-

standing of developmental biology using mesenchymal condensation (self-organization). 

This approach is not exclusive to bone tissue engineering but also holds great promise for 

cartilage development.  

The interaction between the bone and immune cells plays a crucial role in bone pa-

thologies such as disturbed fracture healing. After a trauma, the initially formed fracture 

hematoma in the fracture gap contains all important components (immune/stem cells, 

mediators) to directly induce bone regeneration and is therefore of great importance but 

most susceptible to negative influences. Since common bioengineering approaches ex-

clude the immune component, we introduce an in vitro 3D fracture gap model which 

combines a fracture hematoma model (FH) with scaffold-free bone-like constructs 

(SFBCs). The FH consist of human peripheral blood (immune cells) and bone marrow-

derived mesenchymal stromal cells (MSCs). SFBCs were produced from MSCs using a 

macroscale mesenchymal condensation approach. Characterization of the SFBCs re-

vealed permeating mineralization as indicated by increased bone volume and expression 

of osteogenic markers. Co-cultivation of the SFBC and the FH for 48h showed the oste-

oinductive capacity of the SFBCs and therefore, provides evidence for biological func-

tionality. The in vitro 3D fracture gap model provides essential osteogenic cues to induce 

the initial bone healing processes. In order to stratify the model, deferoxamine (DFO) 

was applied, which promoted hypoxia-adaptive, osteogenic and angiogenic processes. 

Thus, we were able to distinctly mimic key processes of the initial fracture phase and 

demonstrated the importance of including the crosstalk between bone and immune cells 

for preclinical studies.  
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ABSTRACT
After trauma, the formed fracture hematoma within the fracture gap contains all the important components (immune/stem

cells, mediators) to initiate bone regeneration immediately. Thus, it is of great importance but also the most susceptible to neg-

ative influences. To study the interaction between bone and immune cells within the fracture gap, up-to-date in vitro systems

should be capable of recapitulating cellular and humoral interactions and the physicochemical microenvironment (eg, hyp-

oxia). Here, we first developed and characterized scaffold-free bone-like constructs (SFBCs), which were produced from bone

marrow–derived mesenchymal stromal cells (MSCs) using a macroscale mesenchymal condensation approach. SFBCs revealed

permeating mineralization characterized by increased bone volume (μCT, histology) and expression of osteogenic markers

(RUNX2, SPP1, RANKL). Fracture hematoma (FH) models, consisting of human peripheral blood (immune cells) mixed with MSCs,

were co-cultivated with SFBCs under hypoxic conditions. As a result, FH models revealed an increased expression of osteogenic

(RUNX2, SPP1), angiogenic (MMP2, VEGF), HIF-related (LDHA, PGK1), and inflammatory (IL6, IL8) markers after 12 and 48 hours co-

cultivation. Osteogenic and angiogenic gene expression of the FH indicate the osteoinductive potential and, thus, the biolog-

ical functionality of the SFBCs. IL-6, IL-8, GM-CSF, and MIP-1β were detectable within the supernatant after 24 and 48 hours of

co-cultivation. To confirm the responsiveness of our model to modifying substances (eg, therapeutics), we used deferoxamine

(DFO), which is well known to induce a cellular hypoxic adaptation response. Indeed, DFO particularly increased hypoxia-adap-

tive, osteogenic, and angiogenic processes within the FH models but had little effect on the SFBCs, indicating different

response dynamics within the co-cultivation system. Therefore, based on our data, we have successfully modeled processes

within the initial fracture healing phase in vitro and concluded that the cross-talk between bone and immune cells in the initial

fracture healing phase is of particular importance for preclinical studies. © 2021 American Society for Bone and Mineral

Research (ASBMR).
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Introduction

B one pathologies such as osteoporosis or disturbed fracture

healing lead to pain, immobility, inflexibility, considerable

loss of life quality, and even mental illnesses.(1) Traumatic events

can result in bone fracturing accompanied by vessel ruptures

and the opening of the bone marrow channel. An important

event in the initial phase of fracture healing is the formation of

the fracture hematoma, which mainly consists of immune and

chondro- and osteoprogenitor cells.(2,3) Negative influences such

as medications or comorbidities including diabetes, rheumatoid

arthritis, or immunosuppression can lead to dysregulation within

the inflammatory phase of fracture healing and to impairments

within the following regeneration process.(4,5) Recent treatment

strategies have achieved high-technology standards with regard

to fixation systems such as plates or implants, regenerative

approaches using autologous bone graft (gold standard), or the

additional application of stem cells and/or growth factors.(6)

Therefore, preclinical studies are highly needed to tackle the

unmet clinical need, especially with respect to an aging popula-

tion and the increase of comorbidities.

The surgical removal of the fracture hematoma results in a

prolonged healing process, whereas transplantation in an

ectopic location leads to endochondral bone formation at the

implantation site.(7) Formation of the fracture hematoma and

the constricted interplay of pro- and anti-inflammatory pro-

cesses are considered as the starting point of bone regenera-

tion.(8) Because the bone marrow cavity is opened during the

fracture, the bone marrow acts as a resource for immune cells

as well as chondro- and osteoprogenitor cells such as mesenchy-

mal stromal cells (MSCs). Therefore, it can be hypothesized that

osteogenic induction within the fracture gap is directly induced

and controlled by signals from bone components in the vicinity

of the fracture gap.(9,10) Hence, the cross-talk between immune

cells from peripheral blood (after vessel rupture) and the bone

marrow and osteoprogenitor cells is essential and needs to be

considered in preclinical studies.(11) Today’s gold standard of

preclinical drug, compound screening, and risk assessment is

the use of animal models—mainly rodents (mice and rats)—

which is in accordance with most national legal requirements.

Nevertheless, trans-species differences may be responsible for

the limited transferability of findings to the human patient.(12)

Mimicking the in-patient situation in preclinical studies is highly

encouraged and evading cross-species differences by novel

in vitro approaches is of great interest. During the past decades,

conventional in vitro cell culture systems have been revised and

improved to provide more physiological and human-relevant

features. Furthermore, the rapid technical evolution allocating

sophisticated biomaterials, bioreactors, and microfluidic plat-

forms allows the development of innovative human-relevant

in vitro systems as alternative or predictive support to animal

testing.(13)

Current in vitro systems focus on mimicking bone develop-

ment, endochondral ossification, or the bone homoeostasis itself

by using spheroids, scaffold-based, or scaffold-free model sys-

tems.(13) Common cell sources are either primary bone-related

cells such as osteoblasts, osteocytes, osteoclasts, or MSCs as pro-

genitor cells.(13,14) To mimic fracture healing, models mainly

focus on later stages of the regeneration processes, particularly

endochondral ossification or remodeling.(15) We have previously

described the development of a fracture hematoma model con-

sisting of humanwhole blood and a certain amount of human (h)

MSCs.(16) However, to study the initiated processes in an inter-

connected manner and more adequate experimental setting,

the combination of the bone components with the fracture

hematoma (immune component) remains elusive.

Within our study, we have developed and characterized

scaffold-free bone-like constructs (SFBCs) based on mesenchy-

mal condensation, which exceeded the dimensions of spheroids.

These SFBCs were co-cultivated with in vitro fracture hematoma

(FH) models (i) to confirm the biological functionality of the

SFBCs, and (ii) to recapitulate certain aspects of the initial phase

of fracture healing allowing cell–cell interactions (immune and

bone cells) and providing an adequate microenvironment

(hypoxia).

Materials and Methods

Bone marrow–derived MSC isolation, cultivation, and

characterization

Human mesenchymal stromal cells (hMSC; n = 12) were isolated

from bonemarrow of patients undergoing total hip replacement

(registered and distributed by the “Tissue Harvesting” Core Facil-

ity of the Berlin Institute of Health Center for Regenerative Ther-

apies [BCRT]; donor list in Supplemental Table S1). All protocols

were approved by the Charité-Universitätsmedizin Ethics Com-

mittee and performed according to the Helsinki Declaration (eth-

ical approval EA1/012/13). MSC isolation was performed as

described in detail before.(16) Briefly, bone marrow was trans-

ferred to a 175 cm2 cell culture flask, covered with expansion

medium containing DMEM+GlutaMAX (Gibco, ThermoFisher,

Waltham, MA, USA), 10 (v/v) % FCS (Biowest, Nuaille, France), 1

(v/v) % penicillin/streptomycin (Gibco, ThermoFisher), 20 (v/v)

% StemMACS MSC Expansion Media XF (Miltenyi Biotech, Ber-

gisch Gladbach, Germany), and incubated at 37�C in 5% CO2

atmosphere (approx. 18% O2). Medium was changed after 3 to

4 days when cells became adherent. Isolated cells were

expanded at 37�C, 5% CO2. Medium exchange was performed

weekly and passaging with Trypsin–EDTA (Gibco, ThermoFisher)

was conducted at a cellular confluency of 80% to 90%. For char-

acterization, MSCs were evaluated at passage 3 for their differen-

tiation potential (osteogenic, adipogenic) and the presence and

absence of specific cell surface markers (MSC Phenotyping Kit,

Miltenyi Biotech) as described in detail before.(16)

Fabrication of the 3D bone-like scaffold-free constructs

(SFBCs)

SFBCs were produced based on a patented protocol (patent

no. EP1550716B1), which was modified by applying osteogenic

medium to induce osteogenic differentiation after 1 week and

no application of biomechanical loading to avoid matrix destruc-

tion. The osteogenic medium for generation and maturation

contained DMEM/F-12, 10% (v/v) FCS, 1% (v/v) streptomycin/

penicillin, 10 mM β-glycerophosphate, and 10 nM dexametha-

sone (all Sigma-Aldrich, St. Louis, MO, USA). Approx. 10 to 20

× 105 hMSC/cm2 (passage 3 to 4) were cultivated in expansion

medium until reaching confluency and forming a closed mono-

layer. The cells were detached and centrifuged at 350g for

15 minutes at room temperature. Afterward, the resulting cell

aggregates were cultivated for up to 1 week with medium

exchange every day. Cell aggregates were then transferred to a

6-well plate and cultured for up to 12 weeks, enabling a
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permeating mineralization of the SFBCs until performing charac-

terization or co-cultivation with the FH model.

Generation of FH and co-cultivation

Human EDTA blood (n = 3) was collected from healthy donors

with written consent.(16) The FH models were generated as

described previously.(16) In brief, 2.5 × 105 hMSCs were resus-

pended in 100 μL of EDTA-blood and subsequently mixed with

a 10 mM CaCl2 solution (solved in PBS). The resulting coagulate

is referred to as FH. After an incubation time of 30 minutes at

37�C, 5% CO2, the FH were placed on a SFBC with direct contact

and cultivated in normal medium (NM) containing DMEM+Gluta-

MAX, 10 (v/v) % FCS, and 1 (v/v) % penicillin/streptomycin. Oste-

ogenic medium components (OMC)—10 mM

β-glycerophosphate, 0.1 mM L-ascorbic acid-2-phosphate, and

10 nM dexamethasone—were supplemented for control experi-

ments. For the treatment study, 250 μMDFO (Sigma-Aldrich) was

supplemented to the medium. The generated, combined

models were incubated under hypoxic (37�C, 5% CO2 and � 1%

O2, flushed with N2) conditions in a humidified atmosphere for

up to 48 hours.

In vitro micro-computed tomography (μCT)

SFBCs were scanned at a nominal resolution of 8 μm, with a Sky-

Scan 1172 high-resolution microCT (Bruker, Kontich, Belgium).

X-ray tube voltage was set at 80 kV, 124 μA with maximized

power of 10 W, and a 0.5 mm aluminum filter was employed to

reduce beam hardening effects. The scan orbit was 360� with a

rotation step of 0.2�. For reconstruction, the Bruker NRecon soft-

ware accelerated by GPU was used, and Gaussian smoothing,

ring artifact reduction, misalignment compensation, and beam

hardening correction were applied. XY alignment was corrected

with a reference scan to determine the thermal shift during scan

time. The CTAn software (Bruker) was used to analyze the total

volume of interest (VOI) of SFBCs. The threshold for bony tissue

was set globally (determined by the Otsu method) and kept con-

stant for all SFBCs. For analysis, we used the bone volume (BV),

the bone surface (BS), and the trabecular pattern factor

(TBPf)(17) as measured and calculated by the software.

Scanning electron microscopy (SEM)

Samples were fixed with 2.5 (v/v) % glutaraldehyde (fixation for

10 minutes), dehydrated with increasing alcohol concentration

30 (v/v) % to 100 (v/v) % (5 steps), and incubated with 100% hex-

amethyldisilazane (all Sigma-Aldrich). Subsequently, the samples

were transferred to a sample holder, and gold coating was per-

formed with a fine gold coater JFC-1200 (JEOL, Tokyo, Japan).

For electron microscopy, the JCM-6000 Plus NeoScope (JEOL)

was used for imaging, and high vacuum was adjusted.

Histological stainings

SFBCs were fixed for 6 hours in a 4 (v/v) % paraformaldehyde

solution (PFA; Carl Roth, Karlsruhe, Germany) followed by an

ascending sucrose solution treatment (10 [w/v] %, 20 [w/v] %,

and 30 [w/v] %) for 24 hours, respectively, and afterward cryo-

embedded with SCEM medium (Section-lab, Hiroshima, Japan).

Slices were produced with a cryotom using cryofilms (Section-

lab) and afterward air-dried for 20 minutes and fixed with

4 (v/v) % PFA before every histological or immunohistological

staining on a microscope slide. Hematoxylin and eosin (H&E)

staining was performed as described previously.(18) In short,

slices were fixed with 4 (v/v) % PFA (10 minutes), washed with

distilled water, and stained with Harris’s hematoxylin solution

(MilliporeSigma, Burlington, MA, USA). Staining was followed

by several washing steps, a differentiation step (0.25 [v/v] % con-

centrated HCl), and a second staining step in 0.2 (w/v) % eosin

(Chroma, Waldeck, Munster, Germany). Staining was finished

by differentiation in 96 (v/v) % and 100 (v/v) % ethanol, fixation

with xylol, and covering with Vitro-Clud (R. Langenbrinck GmbH,

Emmendingen, Germany). Alizarin Red S staining was conducted

by applying slices after fixation andwashing to the 2 (w/v) % Aliz-

arin red S staining solution (Sigma-Aldrich; pH 4.1–4.3) for

10 minutes. Afterward, slices were washed in distilled water

and differentiation was performed in 0.1 (v/v) % HCL solved in

ethanol and fixed by washing two times with 100% ethanol

before xylol fixation and covering. Von Kossa staining was con-

ducted according to the following protocol: air drying, fixation,

and washing as described above, 3% (w/v) silver nitrate solution

(10 minutes), washing step with distilled water, sodium carbon-

ate formaldehyde solution (2 minutes), washing step with tap

water, 5% (w/v) sodium thiosulphate solution (5 minutes), wash-

ing step with tap water and distilled water, ascending ethanol

series (70 [v/v] % to 100 [v/v] %), fixation in xylol, and covering.

For Col I, II, and ALP staining, slices were rehydrated with

phosphate-buffered saline (PBS) treated with 3 (v/v) % H2O2

(30 minutes), washed with PBS, blocked with 5% normal horse

or goat serum (Vector Laboratories, Burlingame, CA, USA) in

2 (w/v) % bovine serum albumin (BSA), and incubated overnight

with primary antibodies at 4�C (Col I antibody: ab6308, 1:500,

Abcam [Cambridge, UK]; Col II antibody, 1:10, Quartett Immuno-

diagnostika [Berlin, Germany]; ALP antibody, ab95462, Abcam).

Afterward, slices were washed and treated with 2 (v/v) % second-

ary antibody (biotinylated horse anti-mouse IgG antibody – Col I

and Col II; biotinylated goat anti-rabbit IgG antibody – ALP, Vec-

tor Laboratories) diluted in 2 (v/v) % normal horse/goat serum/2

(v/v) % BSA/PBS (30 minutes), washed with PBS, incubated with

avidin-biotin complex (Vectastain Elite ABC HRP Kit, Vector Labo-

ratories) (50 minutes), washed with PBS, incubated with DAB

under microscopic control with time measurement (DAB peroxi-

dase (HRP) Substrate Kit, Vector Laboratories) and stopped with

PBS. For counterstaining, slices were washed with distilled water

and stained with Mayer’s hematoxylin (Sigma-Aldrich), washed

with tap water, and covered with Aquatex (MilliporeSigma). Pic-

tures were taken with the Axioskop 40 optical microscope (Zeiss,

Jena, Germany) using the corresponding AxioVision microscopy

software. Von Kossa staining was quantified using ImageJ and

the threshold tool to mark positive (black) and negative (brown)

stained areas.

Immunofluorescence

For the immunofluorescence staining, the slides were rehy-

drated with PBS and blocked with PBS with 5 (v/v) % FCS for

30 minutes at room temperature. Primary osteopontin antibody

(mouse anti-human, Abcam) or osteocalcin (rabbit anti-human,

Abcam) was diluted 1:50 in PBS/5 (v/v) % FCS/0.1 (v/v) % Tween

20 and incubated for 2 hours. After washing with PBS/0.1%

Tween 20, the secondary antibody (donkey anti-goat A568; Life

Technologies/ThermoFisher) was diluted 1:500 in PBS/5 (v/v) %

FCS/0.1 (v/v) % Tween 20 and applied for 1 hour. Pictures were

taken with a Keyence fluorescence microscope BZ 9000

(Keyence, Osaka, Japan) using the DAPI, TexasRed, and Cy5

channels.
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RNA isolation and quantitative PCR (qPCR)

SFBCs were transferred to RLT-buffer (Qiagen, Hilden, Germany)

with 1% 2-Mercaptoethanol (Serva Electrophoresis, Heidelberg,

Germany) and disrupted using the Qiagen Tissue Ruptor

(Qiagen). Total RNA was extracted using the RNeasy Fibrous Tis-

sue Mini Kit (Qiagen) according to the manufacturer’s instruc-

tions, and the RNA concentration was determined using the

Nanodrop ND-1000 (Peqlab, VWR International, Radnor, PA,

USA). RNA was stored at −80�C until further processing. For the

co-cultivation experiments, the FH and the SFBC models were

analyzed separately. RNA from SFBCs was isolated as described

above, and cells from the FH were dissociated by using a cell

strainer (Corning, Corning, NY, USA) and washing with PBS. After

centrifugation for 10 minutes at 300g, the cell pellet was resus-

pended in 350 μL RLT buffer with 3.5 μL 2-Mercaptoethanol

and total RNA was extracted as described above. RNA quality

was assessed via Bioanalyzer (Agilent, Santa Clara, CA, USA).

cDNA was synthesized by reverse transcription using TaqMan

Reverse Transcription Reagents (Applied Biosystems, Carlsbad,

CA, USA) using 100 to 400 ng RNA. qPCR was performed using

the DyNAmo Flash SYBR Green qPCR Kit (Thermo Fisher Scien-

tific) and the Stratagene Mx3000P (Agilent Technologies). Initial

denaturation was for 7 minutes at 98�C. Afterward, 50 cycles

with 5 seconds at 98�C, 7 seconds at 56�C, and 9 seconds at

72�C were performed. The melting curve was analyzed by step-

wise increasing the temperature from 50�C to 98�C every

30 seconds. All primers were designed with Primer3, verified

with NCBI PrimerBlast, purchased from TIB Molbiol (Berlin, Ger-

many), and tested for efficiency beforehand (Supplemental

Table S2). Eukaryotic translation elongation factor 1 alpha 1

(EF1A) was used as housekeeper gene because it has been previ-

ously reported to be stable under normoxic and hypoxic condi-

tions.(16,19) The 2(−delta delta C(t)) method was employed to

analyze the gene expression data.

Cytokine and chemokine quantification in supernatants

Supernatants were immediately stored at −80�C after 24 and

48 hours of co-cultivation. The concentration (pg/mL) of cyto-

kines and chemokines was determined using multiplex suspen-

sion assay (Bio-Rad Laboratories, Hercules, CA, USA) following

the manufacturer’s instructions. The following cytokines and

chemokines (lower detection limit) were measured: IL-1β

(7.55 pg/mL), IL-2 (18.99 pg/mL), IL-4 (4.13 pg/mL), IL-5

(20.29 pg/mL), IL-6 (25.94 pg/mL), IL-7 (16.05 pg/mL), IL-8

(37.9 pg/mL), IL-10 (37.9 pg/mL), IL-13 (7.21 pg/mL), IL-17

(24.44 pg/mL), interferon-gamma (IFNγ, 56.32 pg/mL), tumor

necrosis factor-alpha (TNFα, 59.53 pg/mL), monocyte chemotac-

tic protein-1 (MCP-1, 27.02 pg/mL), macrophage inflammatory

proteinMIP-1β (6.27 pg/mL), granulocyte colony-stimulating fac-

tor (G-CSF, 50.98 pg/mL), and granulocyte-macrophage colony-

stimulating factor (GM-CSF, 11.82 pg/mL).

Statistical analysis

Statistical tests were performed using GraphPad (La Jolla, CA,

USA) Prism Software version 8. Statistical differences towards a

hypothetical value were determined by the Wilcoxon signed

rank test (unpaired). With respect to the co-cultivation studies,

differences between two groups were determined with the Wil-

coxon matched-pairs signed rank test, the Mann–Whitney test,

or between more groups with the Kruskal–Wallis test with

Dunn’s multiple comparisons test. Probability values of p < .05

were considered to be statistically significant (exact p values

are indicated in the figures). Details on the statistics per figure

are displayed in the Supplemental Information.

Results

SFBCs are characterized by permeating mineralization

In a first step, we wanted to know if it is possible to employ mes-

enchymal condensation as amacroscale approachwith consistent

3D self-organization and permeating mineralization. Thus, SFBCs

were generated by hMSC condensation and treatment with oste-

ogenic medium until analysis at week 12 (Fig. 1A). Macroscopic

observation indicated comparable generation of SFBCs from

different hMSC donors with a diameter of approx. 1 cm and a

thickness of 0.5 cm (Fig. 1B). To verify the mineralization, in vitro

μCT was performed, showing a consistently high mineralization

in the outer area, which was slightly reduced toward the center

(Fig. 1C). 3D reconstruction demonstrated the presence of miner-

alized tissue as indicated by parameters such as bone volume (BV;

mean = 5.1 ± 3.7 mm3) and bone surface (BS;

mean = 276.1 ± 195.4 mm2) (Fig. 1D), however with a high stan-

dard deviation by means of the bone volume and the bone sur-

face. To quantify the connectedness of the mineralized areas, we

additionally examined the trabecular pattern factor (TBPf). This

parameter was originally invented to evaluate trabecular bone.

Although no osteoclasts were present in the SFBCs and thus the

formation of clear trabeculae was not expected, we use this

parameter to distinguish between concave (ie, connected) and

convex (ie, isolated) structures. Low or even negative values repre-

sent hereby high connected tissue, which was found in at least

4 (TBPf <2) of 9 SFBCs (Fig. 1D). To evaluate the structuralmorphol-

ogy of the SFBCs in further detail, we used SEM and found similar

morphology when compared with human native cortical/trabecu-

lar bone (Fig. 1E, F). In detail, the top view shows strongmatrix for-

mation and a closed superficial layer with certain, isolated crystal-

like depositions, while the cut face revealed a cancellous-like struc-

ture with interconnected mineralized areas. However, the forma-

tion of clear trabeculae within the SFBC is not visible when

compared with native trabecular bone (Fig. 1F, cut face).

To get a more detailed overview on the matrix composition,

assorted histological and immunohistochemical stainings were

applied. Cells were homogenously distributed within the SFBCs

as indicated by H&E staining, while Alizarin Red S and von Kossa

staining confirmed the deposition of calcium and phosphate,

respectively, throughout the tissue (Fig. 2A). Interestingly, SFBCs

that showed less von Kossa staining exhibited a more pro-

nounced layer-like structure, while the layers itself were strongly

mineralized at the borders (Fig. 2A; lower row). Negative controls

were cultivated without osteogenic medium (Fig. 2B). In addi-

tion, we observed the expression of collagen type I (Col I) and

alkaline phosphatase (ALP), which are typical markers for osteo-

genic processes, whereas no Col II, a typical marker of chondro-

genesis, was found (Fig. 2C).

SFBCs show profound expression of bone-specificmarkers

To confirm the previous findings regarding the expression of

bone-specific markers, immunofluorescence staining for osteo-

pontin (OPN) and osteocalcin (OC), two non-collagenous bone

matrix proteins, were analyzed and yielded the evenly distrib-

uted, distinct protein expression (Fig. 3A, B). Although OPN is

mainly produced by immature osteoblasts, OC is a marker of
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Fig 1. Characterization of the SFBCs with respect tomineralization and structure. (A) Study design. (B) Exemplary images of SFBCs. Scale bar = 1 cm. (C) 3D

reconstruction of μCT. Exemplary images of n = 9. (D) Quantitative results from μCT analysis. Data are shown as box plots with median, interquartile range,

max and min values, and all data points. n = 9. (E) Structural/morphological examination of the SFBCs in comparison to (F) human native cortical (top

view)/trabecular bone (cut face) using scanning electron microscopy. Exemplary images of n = 3 SFBCs and n = 2 native human bone pieces. Scale bars

are indicated in the images. Arrows mark isolated crystal-like depositions.
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late-stage osteoblasts, indicating the presence of different cell

states within the SFBCs. mRNA expression analysis showed high

levels of osteogenic marker genes such as secreted

phosphoprotein 1 (SPP1) and distal-less homeobox 5 (DLX5;

Fig. 3C). SPP1 was significantly higher expressed (10-fold),

whereas DLX5 was higher expressed by trend (8-fold) when

Fig 2. Histological and immunohistochemical examination of the SFBCs. (A) Exemplary images of H&E, Alizarin red staining, and von Kossa stains. Upper

row is exemplary for fully calcified SFBCs and lower row for less fully calcified SFBCs. n = 9. (B) Negative control for Alizarin red and von Kossa staining. (C)

Immunohistochemical stainings for Col I, Col II, and ALP. All scale bars = 200 μm. All images are exemplary for n = 9.
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compared with monolayer MSCs. In contrast, the early osteo-

genic transcription factor runt-related transcription factor 2

(RUNX2) and the chondrogenic marker SRY-box transcription fac-

tor 9 (SOX9) were expressed on a more basal level. Interestingly,

receptor activator of NF-κB ligand (RANKL) was highly expressed

(Fig. 3C). Moreover, vascular endothelial growth factor (VEGF)

was significantly higher expressed (10-fold), although other

hypoxia-inducible factor (HIF1) target genes such as phospho-

glycerate kinase 1 (PGK1), lactate dehydrogenase A (LDHA), endo-

thelial PAS domain-containing protein 1 (EPAS), and HIF1 were

comparably or lower (LDHA) expressed as in monolayer MSCs

(Fig. 3D).

Co-cultivation indicates biological functionality of SFBCs

To confirm the functionality of the SFBCs and to mimic the initial

phase of fracture healing in an adequate experimental setting,

SFBCs were directly co-cultivated with FH models under hypoxic

conditions (5% CO2, � 1% O2) for 12 hours up to 48 hours

(Fig. 4A), since the initial phase of fracture healing in humans

takes place within the first 72 hours.(2) However, preliminary

results indicated a significant loss of living cells within the FH

models after an incubation of 72 hours (Supplemental Fig. S1).

Although we have not fixed both models to each other by any

technical measures, we observed a close contact of the FH with

the corresponding SFBC, allowing direct cell–cell contact and

cross-talk between the models. After co-cultivation for 48 hours,

H&E staining revealed the typical cell morphology with no obvi-

ous alterations within the SFBCs, whereas the cells in the FH

seemed to be evenly distributed. The calcification throughout

the SFBC was reconfirmed via von Kossa staining with no obvi-

ous calcification in the border areas of the FH (Fig. 4B). We have

previously shown that the most interesting observations in our

in vitro FH were visible between 12 and 48 hours with respect

to immune cell survival and activity.(16) Thus, in a first experi-

ment, mRNA expression in the FH and the SFBC was analyzed

after 12 and 48 hours and normalized to the mean expression

at 0 hours (Fig. 4C, D, respectively). Analysis of the mRNA expres-

sion in the FH indicated a time-consistent, upregulated expres-

sion of RUNX2, SPP1, MMP2, VEGF, LDHA, and PGK1 with only

numerical differences between time points—except for LDHA

(Fig. 4C). The main differences were observed for the inflamma-

tory markers interleukin 6 (IL6) and IL8, which were slightly lower

Fig 3. Immunofluorescence andmRNA expression analysis of SFBCs. (A, B) Immunofluorescence staining of osteocalcin (OC; A) and osteopontin (OPN; B).

White asterisks highlight cells with high OPN production. To reveal the nuclei of present cells, all slides were counterstained with DAPI. All scale

bars = 200 μm. Images are exemplary for n = 3. (C) qPCR results of mature osteogenic markers (SPP1, DLX5, RANKL) (n = 8–10), and (D) metabolic marker

VEGFA is highly expressed while other metabolic markers (PGK1, LDHA, HIF1, EPAS) andmarkers indicative for osteoprogenitors (RUNX2, SOX9) remain at a

basal level (n = 10). Data are shown as box plots with median, interquartile range, max and min values, and all data points. For statistical analysis, the

results were compared with the expression level of monolayer hMSC, and the Wilcoxon signed rank test was used (Supplemental Table S3).
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Fig 4. Co-cultivation of SFBCs and in vitro FH. (A) Experimental setup for the co-cultivation study. NM = normal cultivation medium; OMC = osteogenic

medium components. (B) Exemplary images of H&E (1, 2) and von Kossa staining (3, 4). Images in the right row (2, 4) are magnifications. Scale bars are

indicated. (C) qPCR results of the FH model after 12- and 48-hour co-cultivation with SFBCs under hypoxic conditions. Data are normalized to EF1A and

0 hour to verify induction of gene expression by co-cultivation. Data are presented as individual data points with median, max and min values (n = 3).

Statistical significance was determined using the Wilcoxon signed rank test (matched pairs and unpaired to hypothetical value = 1; Supplemental

Tables S4 and S5). (D) qPCR results of the SFBCs after 12- and 48-hour co-cultivation with FH under hypoxic conditions. Data are normalized to EF1A

and 0 hour. Data are presented as individual data points with median, max and min values (n = 3). Statistical significance was determined using the Wil-

coxon signed rank test (matched pairs and to hypothetical value = 1; Supplemental Tables S6 and S7). (E) qPCR results of the FH model after 12- and

48-hour co-cultivation with SFBCs compared with the FH + OMC control. Data are normalized to EF1A, 0 hour, and themedian of FH + OMC. Data are pre-

sented as box plots with median, interquartile range, max and min values, and all data points (n = 3–12). Statistical significance was determined using the

Mann–Whitney test (unpaired; Supplemental Table S8).
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expressed after 48 or 12 hours, respectively. Within the SFBCs,

SPP1 was elevated after 12 hours and was marginally lower

expressed at 48 hours compared with 0 hours (Fig. 4D). MMP2,

VEGFA, and IL8 were highly expressed at both time points.

Based on these data, further expression analysis and experi-

ments were conducted after 48 hours of co-cultivation. To verify

the biological functionality, in particular the osteoinductive

potential of the SFBC, we compared the results from the co-

cultivated FH model with a FH + OMC control group (treated

only with osteogenic medium components [OMC]: β-glycero-

phosphate, ascorbic acid, dexamethasone). The normalization

of the data to the starting point (0 hours) and the FH + OMC con-

trol revealed no substantial differences between both groups

(Fig. 4E). Only SPP1 was lower expressed in the FHs co-cultivated

with SFBCs compared with the FH + OMC control. Based on

these findings, we concluded that the SFBCs show a comparable

osteoinductive capacity as the OMC and, therefore, biological

functionality. Control experiments investigating the effect of

the medium composition (± OMC) on the FH and SFBC revealed

only slight differences between the groups regardingMMP2 and

LDHA expression after 48 hours in the FH and a time-dependent

upregulation of IL8 within the FH when supplementing OMC

(Supplemental Figs. S2 and S3).

Regarding the protein release, we confirmed the secretion of

the pro-inflammatory IL-6 and the pro-inflammatory/-

angiogenic IL-8. The pro-inflammatory GM-CSF and MIP-1β were

also released (Fig. 5A). All other analyzed cytokines could not be

measured because of concentrations lower than the detection

level.

DFO treatment intensifies pro-angiogenic processes

For evaluation of themodel suitability to identify interfering sub-

stances, we supplemented 250 μM DFO for 48 hours and ana-

lyzed the changes in mRNA expression and protein release.

DFO is an iron chelator, which inhibits prolylhydroxylases to

chemically stabilize HIF and is a well-known osteoinductive sub-

stance.(20) After co-cultivation for 48 hours and supplementation

of DFO, we found that DFO triggered the expression of osteo-

genic, angiogenic, and hypoxia-related genes in the in vitro FH

with barely any effect on the SFBCs (Fig. 5B). In detail, the expres-

sion of the osteogenic marker SPP1 in the FH was higher

expressed compared with the untreated control, whereas DFO

had no effect on the expression of RUNX2. The inflammatory

markers MMP2 and IL6 were additionally elevated, whereas the

pro-angiogenic factor VEGFA and the hypoxia-responsive LDHA

were highly expressed under the influence of DFO compared

to the untreated control group (Fig. 5B). Referring to the mRNA

expression within the SFBCs, we observed a pattern very similar

to untreated conditions, which were expected because of the

short treatment period (Fig. 5B). Finally, the protein release of

IL-6 and IL-8 was slightly induced after 24 hours with DFO sup-

plementation (Fig. 5C). These results confirm the interfering

potential of DFO and indicate different response dynamics

within the co-cultivation system.

Discussion

To study the interaction between bone and immune cells within

the fracture gap, adequate in vitro systems should recapitulate

cell–cell interactions and the microenvironment (hypoxia). Here,

we first developed and characterized SFBCs, which were co-

cultivated with FH models under hypoxic conditions to verify

the osteoinductive potential of SFBCs and to recapitulate certain

aspects of the initial phase of fracture healing. To stratify the

model regarding the responsiveness toward potentially interfer-

ing substances (eg, therapeutics), DFO was supplemented for

48 hours. Based on our data, we were able to distinctly mimic

processes of the initial fracture phase in vitro and highlighted

the importance of including the cross-talk between bone and

immune cells for preclinical studies. Improved tissue engineering

approaches employ mesenchymal condensation as a natural

form of 3D self-assembly or self-organization consisting exclu-

sively of the cells and their own produced extracellular matrix

(ECM).(21) MSCs from the bone marrow, but also the adipose tis-

sue as well as primary cells (osteoblasts) or induced pluripotent

stem cells, have been used depending on the availability and

phenotype stability. It has been described that bone marrow–

derived MSCs tend to mineralize than undergo chondrogenesis

after mesenchymal condensation.(14,22) Several techniques are

exerted, such as the use of low-attachment plates to induce

spontaneous MSC aggregation, membrane-based aggregation

(eg, chitosan), or forced aggregation (via centrifugation).(23)

The applied technique patented by Ponomarev and col-

leagues(24) exploits the capacity of MSC to undergo mesenchy-

mal condensation on a macroscale level to produce macro-

tissues in a highly standardizedmanner without causing necrosis

formation in the center.(18) The advantage of such macroscale

approaches is the physiologically relevant size, geometry, and

low cell number and density compared with the matrix and

mechanical properties when compared to, for example, spher-

oids.(18) However, the generation and examination of these con-

structs are time-consuming and require high numbers of cells

limiting the throughput of the system but enabling the perfor-

mance of several analyses from one model. Here, we reported

the bone-like structure and ongoing calcification/mineralization

of the SFBCs that were verified by in vitro μCt (Fig. 1) and histol-

ogy/immunohistochemistry, showing pronounced expression of

ALP and Col I in the absence of Col II (Fig. 2). These findings are

comparable to other studies using MSC aggregates analyzed

after 1 to 3 weeks.(25,26) The morphology and structure of the

SFBCs resemble immature woven bone regarding the body

structure. To identify bone-representative cell types, we applied

immunofluorescence staining. Because osteoblasts and osteo-

cytes are the characteristic cells in native bone, we stained for

OPN as well as OC. OPN, a glycol-phosphoprotein,(27) is mainly

expressed in immature osteoblasts and OC can be found in

late-stage osteoblasts currently transforming to osteocytes.

Thus, we have heterogenic differentiation and maturation states

within the SFBCs, indicating a heterogeneous cell population in

functional balance. With respect to the mRNA expression, we

observed augmented expression of osteogenic relevant markers

such as SPP1, DLX5, RANKL and VEGFA (Fig. 3). SPP1, the coding

gene for OPN, is hereby the most distinct upregulated gene,

coherent with the expression of OPN within the immunofluores-

cence staining. Muraglie and colleagues observed comparable

trends, including a two- to eightfold increase in OC and OPN

expression in MSC aggregates cultivated in low-attachment

plates.(28) Because RUNX2 is an early upstream transcription fac-

tor, high expression on mRNA level is expected 3 to 7 days after

osteogenic induction.(26) After 3 weeks, the process of ossifica-

tion and cellular differentiation toward the osteogenic lineage

is already in an advanced state.(29,30) VEGFA is an essential coor-

dinator, not only of angiogenetic processes and important for

fracture healing, but also in the process of endochondral ossifica-

tion(31) and is known to enhance osteogenic differentiation
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in vitro.(32) Interestingly, other HIF1 target genes such as PGK1,

EPAS, and HIF1 were comparably expressed as in monolayer

MSCs, although LDHA was downregulated (Fig. 3D). Because

the SFBCs were not cultivated under hypoxic conditions, the

increased expression of VEGFA might result from an alternative

pathway, eg, induced by transforming growth factor beta

1 (TGF-β1).(33) DLX5, an important transcription factor in

osteogenesis and bone development,(34) is also highly expressed

within the SFBCs, also indicating an intense ossification process.

RANKL is also expressed in mature osteoblasts, differentiating

into osteocytes and regulating osteoblastogenesis, indicating

the presence of late-stage osteoblasts.(35)

After characterizing their bone-like quantities, we co-cultivated

the SFBCs with in vitro FHs to evaluate the osteoinductive

Fig 5. Analysis of the supernatant after co-cultivation and co-cultivation of SFBCs and in vitro FH with supplementation of DFO. (A) Supernatants were

collected after 24 and 48 hours and analyzed via multiplex assay. Statistical significance was determined using the Kruskal–Wallis test with Dunn’s mul-

tiple comparisons test (Supplemental Table S9). Data are shown as individual data points with median, max and min values. (B) qPCR results of the FH or

the SFBCs after 48-hour co-cultivation with supplementation of 250 μM DFO (bold abbreviations in title indicate analyzed component). Data are normal-

ized to EF1A and the untreated control and presented as individual data points with median, max and min values, and all data points (n = 3). Statistical

significance was determined using the Wilcoxon signed rank test (Supplemental Tables S10 and S11). (C) Supernatants were collected after 24 and

48 hours and analyzed via multiplex cytokine detection assay (dark blue = DFO treated samples). Statistical significance was determined using the Krus-

kal–Wallis test with Dunn’s multiple comparisons test (Supplemental Table S12). Data are shown as individual data points with median, max and min

values.
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potential and, therefore, the functionality of the SFBCs. Previously,

we developed an in vitro FH model, incubated in osteogenic

induction medium, which closely reflects the in vivo situa-

tion.(16,36) One of the main findings was the importance of hyp-

oxia. Therefore, we included hypoxic conditions in our co-

cultivation setup. The co-cultivation of the in vitro FH and SFBCs

in NM for up to 48 hours under hypoxic conditions revealed sig-

nificant initiation of cellular processes (mRNA level) for adapta-

tion to hypoxia and osteogenic induction within the FH

(Fig. 4). These findings are in accordance with results from an

ex vivo study and an in vitro FH model conducted in our group

(Supplemental Table S13).(16,37)

Based on the comparative analysis with an FH + OMC control,

we concluded that the SFBCs show a comparable osteoinductive

capacity as the OMC and biological functionality indicated by, for

example, VEGF andMMP2 (Fig. 4). Interestingly, SPP1 was notice-

ably lower expressed in the FH when co-cultivated with SFBCs

compared with the FH + OMC control, which could be explained

by either the higher amount of OPN provided by the SFBC (Fig. 3)

or the considerable high expression/concentration of IL-6 (Figs. 4

and 5A), as previously reported.(38) The level of pro-inflammatory

cytokines (eg, IL-6 and IL-8) was abundant, which has been also

observed in ex vivo samples from patients (Fig. 5A).(2,5,37) The

microenvironment of the fracture hematoma is described by

hypoxia, high lactate and low pH owing to the disruption of ves-

sels, cell death of, for example, erythrocytes, and the lack of nutri-

ents. This cytotoxic environment needs to be counterregulated

to allow the invasion of regenerative cells. Therefore, we

included whole human blood instead of isolated peripheral

blood mononuclear cells (PBMCs). At the initial stage, the micro-

environment in the fracture hematoma is acidotic and switched

to neutral and slightly alkaline during the regeneration

process,(39) which can be triggered by hypoxia. Interestingly,

upon co-cultivation, LDHA was highly upregulated in the FH

model (Supplemental Fig. S2).

Furthermore, the effect of certain immune cells during the ini-

tial phase of fracture healing has been studied in detail during

the last decade. Lymphocytes play a crucial role as shown in

RAG1(−/−) mice supposing a detrimental effect of adaptive

immune cells.(40) A negative impact was reported for the pres-

ence of CD8+ cytotoxic T cells in humans and mice,(41) whereas

CD4+ cells have been shown to enhance osteogenic differentia-

tion in vitro and upregulated osteogenic markers, eg, RUNX2 or

OC.(42) This clearly indicates the need to combine bone and

immune cells in in vitro approaches to recapitulate the cross-talk,

environment, and key features of the in vivo situation.

With respect to the DFO treatment, we found an upregulation

of HIF-target genes (VEGFA and LDHA), indicating the effectivity

of DFO to stabilize HIF (Fig. 5B, C). In addition, pro-inflammatory

processes were more pronounced, which is in accordance with

current findings in a mouse-osteotomy model revealing the acti-

vation of, for example, C-X-C motif chemokine ligand 3 (Cxcl3) or

metallothionein 3 (Mt3) expression at day 3 after application of

DFO in the fracture gap.(20)We did not expect a strong upregula-

tion of osteogenic markers or changes in the SFBCs, which nor-

mally require longer treatment periods.(29)

Nevertheless, there are many ways to foster the current

approach. To improve the current protocol to generate SFBC, dif-

ferent approaches such as the addition of specific growth fac-

tors, eg, BMPs, fibroblast growth factors (FGFs), or VEGFs,

enhancing the differentiation and bone formation in vitro can

be considered to fasten up the generation period in the future.

Furthermore, bioreactors can be used to approximate the

environment to the actual in vivo situation by dynamic culturing

and restrained environment, while overcoming the lack of nutri-

ent transfer and combining cells with scaffolds.(43) Bioreactors

also provide the possibility to withdraw toxic and cell apoptotic

signals, perhaps allowing a longer cultivation period of the

model. Moreover, to adequately mimic the fracture gap, the

adjacent bone marrow might be included within the system to

allow the migration of further immune cells but also, for exam-

ple, endothelial cells, which invade the fracture hematoma to

promote neovascularization.

Nevertheless, we present a first approach to recapitulate key

features of the initial phase of fracture healing more closely to

the in vivo situation by combining macroscale bone equivalents

and FH models. Despite some limitations, we here provide data

on a prototype of an in vitro fracture gapmodel that can be used

in the future (i) to study potential underlying mechanisms of

fracture-healing disorders, eg, using blood of immunologically

restricted patients(4,5) to produce the FH models; (ii) to be

employed as a prediction tool to identify (potential) interfering

substances (eg, glucocorticoids, NSAIDs) or new therapeutics;

and (iii) to be further optimized and expanded to provide a suf-

ficient alternative method for active implementation of the 3R

principle.
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2.4 In vitro and in silico modelling to study the pathogenesis of osteoarthritis 

The main aim of cartilage tissue engineering is the provision of cartilage equivalents to be 

transplanted in cartilage defects in the knee or hip joint [93]. These cartilage equivalents 

can in turn be used for in vitro model approaches [71]. Thus, in the next study, we used 

these scaffold-free constructs to develop an in vitro model of matrix degradation during the 

onset of OA.  

The following text corresponds to the abstract of the work: 

Weber, M.-C.*, Fischer, L.*, Damerau, A., Ponomarev, I., Pfeiffenberger, M., Gaber, T., 

Götschel, S., Lang, J., Röblitz, S., Buttgereit, F., Ehrig, R., Lang, A. (2020) Macroscale 

mesenchymal condensation to study cytokine-driven cellular and matrix-related changes 

during cartilage degradation. Biofabrication. Aug 10; 12(4):045016. [doi: 10.1088/1758-

5090/aba08f] 

 

The advantage of the described model is the macroscale approach which, in contrast to 

pellets, avoids a physiologically irrelevant size, geometry, cell density, and provides a suf-

ficient sample volume for parallel analyses. Combining in vitro and in silico modelling ena-

bles immediate refitting and adjustments based on the predictions from simulations and 

therefore, a more stratified and effective optimization process. However, the described in 

vitro model is limited in its complexity and cross-tissue integration

“Understanding the pathophysiological processes of cartilage degradation requires 

adequate model systems to develop therapeutic strategies towards osteoarthritis (OA). 

Although different in vitro or in vivo models have been described, further comprehensive 

approaches are needed to study specific disease aspects. This study aimed to combine 

in vitro and in silico modeling based on a tissue-engineering approach using mesenchy-

mal condensation to mimic cytokine-induced cellular and matrix-related changes during 

cartilage degradation. Thus, scaffold-free cartilage-like constructs (SFCCs) were pro-

duced based on self-organization of mesenchymal stromal cells (mesenchymal conden-

sation) and i) characterized regarding their cellular and matrix composition or secondly 

ii) treated with interleukin-1β (IL-1β) and tumor necrosis factor α (TNFα) for 3 weeks to 

simulate OA-related matrix degradation. In addition, an existing mathematical model 

based on partial differential equations was optimized and transferred to the underlying 

settings to simulate distribution of IL-1β, type II collagen degradation and cell number 

reduction. By combining in vitro and in silico methods, we aim to develop a valid, efficient 

alternative approach to examine and predict disease progression and effects of new ther-

apeutics.”  
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6 Technische Universiẗat Darmstadt, Numerical Analysis, Darmstadt, Germany
7 Computational Biology Unit, Department of Informatics, University of Bergen, Bergen, Norway
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Abstract
Understanding the pathophysiological processes of cartilage degradation requires adequate model
systems to develop therapeutic strategies towards osteoarthritis (OA). Although different in vitro or
in vivomodels have been described, further comprehensive approaches are needed to study specific
disease aspects. This study aimed to combine in vitro and in silicomodeling based on a
tissue-engineering approach using mesenchymal condensation to mimic cytokine-induced cellular
and matrix-related changes during cartilage degradation. Thus, scaffold-free cartilage-like
constructs (SFCCs) were produced based on self-organization of mesenchymal stromal cells
(mesenchymal condensation) and (i) characterized regarding their cellular and matrix composition
or secondly (ii) treated with interleukin-1β (IL–1β) and tumor necrosis factor α (TNFα) for
3 weeks to simulate OA-related matrix degradation. In addition, an existing mathematical model
based on partial differential equations was optimized and transferred to the underlying settings to
simulate the distribution of IL–1β, type II collagen degradation and cell number reduction. By
combining in vitro and in silicomethods, we aimed to develop a valid, efficient alternative
approach to examine and predict disease progression and effects of new therapeutics.

1. Introduction

Cartilage is a highly complex tissue that can be
found in different forms at various locations in
the body. The cartilage type is determined by the
cell density and the composition of the extracel-
lular matrix (ECM) resulting in function-adapted
properties. Fibrous cartilage found in the menisci or
intervertebral discs is cell-poor and rich of type I col-
lagen, while elastic cartilage has a high cell density
and elastic fibers. Articular cartilage, a subtype of

hyaline cartilage, is organized in a unique structure
consisting of different layers and distinct chondrocyte
phenotypes enabling impact absorbance and pressure
distribution within joints. The ECM of articular car-
tilage is defined by high concentrations of type II col-
lagen and several proteoglycans, mainly aggrecan and
glycosaminoglycans binding water within the tissue.
Cartilage in general evolves during embryonic devel-
opment through mesenchymal condensation [1].

Cartilage degradation within articular joints is
a major feature of osteoarthritis (OA). OA ranks

© 2020 The Author(s). Published by IOP Publishing Ltd
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among the most common musculoskeletal disorders
with no available cure except for joint replacement
surgery. The progression of cartilage degradation is
driven by an imbalance in anabolic and catabolic
metabolic processes that normally ensure cartilage
maintenance and homeostasis [2]. The inflammat-
ory microenvironment results in increased expres-
sion of specialized matrix-degrading enzymes such
as matrix-metalloproteinases (MMP) or a disin-
tegrin and metalloproteinase with thrombospondin
motifs (ADAMTS). MMPs, calcium-dependent zinc-
containing endopeptidases, are involved in different
physiological and pathological remodeling processes.
MMP–1, MMP–3, MMP–8 and MMP–13 have been
found to be increased in osteoarthritic cartilage and
to be responsible for specifically degrading collagen
fibers, but also proteoglycans [3].

The pathogenesis of OA has not been fully
understood so far, partly due to the lack of an
optimal model system which sufficiently incorpor-
ates all aspects of the disease [2, 4]. A vast variety of
in vivo, ex vivo, in vitro and (to some extent) in silico
models for OA already exists, and they all mimic
distinct features of OA pathophysiology including
the degradation of ECM, inflammation and altera-
tions in cell metabolism, viability and differentiation
[5–7]. In vivo OA models are crucial for transla-
tional research, butmainlymake use of small rodents,
especially mice, although these species show signific-
ant differences in articular cartilage anatomy, load-
ing conditions and life span [8, 9]. Thus, in vitro
models represent an important tool to investigate the
mechanisms involved in the pathogenesis of OA and
to examine possible therapeutic options. Model sys-
tems include monolayer cultures with cell lines or
primary chondrocytes, co-cultures, 3D-cultures, car-
tilage explants from either humans or animals or
even new cartilage-on-a-chip approaches [10]. How-
ever, a major challenge is the source of primary
chondrocytes or explants, since healthy human car-
tilage samples are rare. Thus, sample collection is
mainly undertaken from joint replacement surger-
ies. Independent of the cell source, it is a con-
sensus that the 3D cultivation of primary chondro-
cytes resembles the in vivo situationmore closely [11].
However, most 3D culture systems involve a scaffold
to provide the cells with a predetermined structure,
although their distinct effects on the cells are often
not considered. Recent developments aim to establish
scaffold-free tissue engineered cartilage which could
serve as a promising approach for cartilage repair
in vivo, but also as an excellent in vitro model, since
ECM formation and degradation can be evaluated
without the interference of a scaffold [12–14]. The
increasing understanding on developmental biology
resulted in improved tissue-engineering approaches
using e.g. self-assembly and self-organization [12]
processes that recapitulate mesenchymal condens-
ation and chondrogenesis [13, 15–18]. Therefore,

mainly mesenchymal stromal cells (MSCs) are used
for scaffold-free cartilage tissue engineering owing
to their benefits in terms of availability, proliferat-
ive capacity and phenotype stability when compared
to primary chondrocytes. Several groups have proven
the possibility to produce in vitro cartilage grown
scaffold-free based on MSCs [13, 15]. The main aim
is to develop cartilage transplants as a therapeutic
option to repair cartilage defects in joints such as the
knee or ankle [15]. However, it has been also pro-
posed that those scaffold-free cartilage analogous can
be also used for experimental studies [13].

In addition to biological models, in silico model-
ing offers a powerful tool to bring clarity to the pro-
cesses that evolve during in vitro or in vivo model-
ing [19, 20]. Few studies have been performed so far
to obtain parameters for in silicomodeling, although
a combination of biological data with mathematical
modeling promises to accelerate translation in OA
research [21–23]. Catt et al describe a partial differen-
tial equation (PDE)model of cartilage with a focus on
the production of ECM and the growth of chondro-
cytes synergistically leading to tissue expansion [22].
Moreover, Kar et al investigated cartilage degrada-
tion induced by interleukin-1β (IL–1β) using a PDE
model based on data from the literature together with
existing experimental data to calibrate their model
[23]. In contrast, Baker et al used an ordinary differ-
ential equation (ODE) system to describe the interac-
tion of anti-inflammatory cytokines, proteinases and
fibronectin in osteoarthritic cartilage [24]. Since bio-
mechanical influences are of utmost interest, several
approaches have already been used, and these include
modelling arthritic cartilage under cyclic compress-
ive loading or a combining of inflammation and bio-
mechanics [25, 26].

In this study, we tested whether scaffold-free
cartilage-like constructs (SFCCs), engineered bymac-
roscale mesenchymal condensation and biomechan-
ical stimulation, can be used as an in vitro model
to investigate cytokine-driven cellular and matrix-
related changes during cartilage degradation that
occur e.g. during OA. In addition, we evaluated the
feasibility to adapt an existing OA-related mathemat-
ical model to resemble the matrix degradation pro-
cesses in these SFCCs (figure 1).

2. Material andmethods

2.1. hMSC isolation and expansion
Human mesenchymal stromal cells (hMSCs) were
obtained from human femoral bone marrow of
patients undergoing hip arthroplasty (provided by
the Centre for Musculoskeletal Surgery, Charité—
Universitätsmedizin Berlin and distributed by the
‘Tissue Harvesting’ Core Facility of the Berlin Insti-
tute of Health Center for Regenerative Therapies
(BCRT), Germany). All protocols were approved by
the Charité—Universitätsmedizin Ethics Committee
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Figure 1. Overview on our current approach and study design.

and performed according to the Helsinki Declara-
tion (ethical approval EA1/012/13). Donor informa-
tion is summarized in table 1. hMSCs were cultivated
in DMEM GlutaMAX™ Medium (Thermo Fisher
Scientific, MA) with 20% StemMACS™ (Miltenyi
Biotech, Germany), 10% fetal calf serum (FCS)
(Thermo Fisher Scientific,MA), 100 unitsml−1 peni-
cillin and 0.1 mg ml−1 streptomycin (Thermo Fisher
Scientific, MA) at a temperature of 37 ◦C in 5% CO2

atmosphere. hMSCs were cultured separately for each
donor and characterized by flow cytometry (CD90+,
CD105+, CD73+, CD14−, CD20−, CD34−, CD45−,
HLA-DR−) as well as osteogenic, adipogenic and
chondrogenic differentiation assays. Only cells suc-
cessfully passing the characterization were further
cultivated up to passages 3–5.

2.2. Generation of SFCCs and experimental setup
SFCCs were produced based on a patented protocol
(patent no.: EP1550716B1) [27]. In short, around
10–15 million hMSCs from one donor (randomized)
were transferred into a 3D state via centrifugation

followed by maturation for 3 to 4 weeks applying
biomechanical forces until reaching cartilage-like
stiffness [28]. Due to the input of biomechanical
forces, the SFCCs are formed by self-organization
[12]. Before the experiments, SFCCs were cultured
for 4 weeks in DMEM GlutaMAX™ Medium, sup-
plemented with 10% FCS, 100 units ml−1 penicillin,
0.1 mg ml−1 streptomycin (all from Thermo Fisher
Scientific,MA) and 9.39mg l−1 ascorbic acid (Sigma-
Aldrich, MO); in the following, this is referred to as
‘standard medium’. In a first step, SFCCs were cul-
tivated under cytokine-free conditions and samples
were taken on days 0, 7, 14 and 21 (n = 3 per
time point). Secondly, to resemble the proinflammat-
ory state that has been described in patients with

early OA, stimulation was performed using standard
medium supplemented with 50 ngml−1 recombinant
human IL–1β (2 × 108 IU mg−1) and 100 ng ml−1

recombinant human tumor necrosis factor alpha
(TNFα) (2 × 107 IU mg−1; both from Immun-
oTools, Germany). Samples of cytokine stimulated
SFCCs (STIM) and controls (CTL) were taken on day

3
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Table 1. hMSC donor information and related experiments.

Patient Age Sex Characterization Type of experiment

1 71 Female + Experiments under non-inflammatory conditions Histology RNA analysis
2 56 Female +
3 85 Female +

4 59 Female + Experiments under non-inflammatory and inflammatory conditions
5 79 Male + Histology RNA analysis
6 66 Male +

21 (n = 9 with triplicates of 3 different donors). A
subset of cytokine stimulated SFCCs was further cul-
tivated for 21 more days under cytokine free con-
ditions to evaluate whether regeneration is possible
(REG) (n = 9 with triplicates of 3 different donors).
SFCCs fromeach donorwere randomized into groups
and analysis was performed in a blinded fashion by
numbering samples at random.

2.3. Histological staining and immunofluorescence
Samples for histological analysis were first fixed in
4%paraformaldehyde (PFA) for 6 h and subsequently
treated with 10%, 20% and then 30% sucrose solu-
tion, each for 24 h. After fixation, samples were
cryo-embedded in SCEM embedding medium and
cryo-sections of 8-µm thickness were prepared using
cryofilms (Sectionlab, Japan). Prior to each histolo-
gical and immunohistochemical staining procedure,
slices were dried for 20min at room temperature. Von
Kossa and Alizarin red staining were performed as
published previously [29].

2.4. H&E and Alcian blue staining
Hematoxylin and eosin (H&E) staining was per-
formed according to the following protocol: fixation
with 4% PFA (10 min), washing with distilled water
(5 min), first staining step in Harris’s hematoxylin
solution (7 min) (Merck, Germany), washing with
distilled water (2×), differentiation step in 0.25 ml of
concentrated HCl in 100 ml of 70% ethanol, wash-
ing with tap water (2× 10 min), second staining step
in 0.2% eosin (2 min) (Chroma Waldeck, Germany),
differentiation in 96% ethanol, washing in 96% eth-
anol, 100% ethanol (2× 2min), fixation with xylol (2
× 2 min), covering of stained slices with Vitro-Clud®

(R Langenbrinck GmbH, Germany).
Alcian blue staining was performed according

to the following protocol: fixation with 4% PFA
(10 min), washing with distilled water (5 min), 3%
acetic acid (3 min), first staining step in 1% Alcian
blue 8GX (Sigma-Aldrich, MO) in 3% acetic acid, pH
2.5 (30 min), washing in 3% acetic acid, washing in
distilled water, second staining step in Nuclear fast
red-aluminum sulfate solution (Chroma Waldeck,
Germany), washing in distilled water, graded ethanol
series (80%, 96%, 100%) (2 min each), fixation with
xylol (2× 2min), covering of stained sliceswithVitro-
Clud® (R. Langenbrinck GmbH, Germany)..

2.5. Immunohistochemistry
Immunohistochemistry was performed according to
the following protocol: rehydration with phosphate
buffered saline (PBS) (10 min), blocking with 3%
H2O2 (30 min), washing with PBS (5 min), block-
ing with 5% normal horse serum (Vector Laborat-
ories, CA) in 2% bovine serum albumin (BSA)/PBS,
overnight incubation with primary antibody for type
I collagen and type II collagen at 4 ◦C (ab6308, 1:500,
Abcam, UK and Ms 6B3, 1:10, quartett Immunodia-
gnostika, Germany), washing in PBS (2× 5 min),
incubationwith 2% secondary antibody (biotinylated
horse anti-mouse IgG antibody, Vector Laboratories,
CA) diluted in 2× normal horse serum/2% BSA/PBS
(30 min), washing in PBS (2× 5 min), incubation
with avidin-biotin complex (VECTASTAIN® Elite®
ABC HRP Kit, Vector Laboratories, CA) (50 min),
washing with PBS (2× 5 min), incubation with
DAB under microscopic control with time measure-
ment (DAB peroxidase (HRP) Substrate Kit, Vector
Laboratories, CA), stopping with PBS (2×), washing
in distilled water, counterstaining in Mayer’s hem-
atoxylin 1:2 (Sigma-Aldrich, MO), blueing in tap
water (5 min), washing in distilled water, covering of
stained slices with Aquatex® (Merck, Germany). Pic-
tures were taken with the Axioskop 40 optical micro-
scope (Zeiss, Germany) with AxioVision microscopy
software (Zeiss, Germany).

2.6. Immunofluorescence staining-MMP–1,
MMP1–3 and TUNEL
Immunofluorescence staining was used to quantify
MMPs. First, the slides were air-dried at room tem-
perature and then rehydrated with PBS for 10 min.
Subsequently, unspecific binding sites were blocked
with PBS/5%FCS for 30min. PrimaryMMP–13 anti-
body (mouse anti-human; Invitrogen Thermo Fisher
Scientific, monoclonal, MA5-14247) was diluted
1:200 in PBS/5% FCS/0.1% Tween® 20 and primary
MMP–1 antibody (mouse anti-human; Invitrogen
Thermo Fisher Scientific, monoclonal, MA5-15872)
was diluted 1:500 in PBS/5% FCS/0.1% Tween®

20 and incubated according to the manufacturer’s
instruction for 3 h. After each incubation step, the
preparation was washed 3 times with PBS/0.1%
Tween® 20. The secondary antibody (goat anti-
mouse A546; Invitrogen Thermo Fisher Scientific,
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A-11003) was diluted 1:500 in PBS/5% FCS/0.1%
Tween® 20 and applied for 2 h. In the final stain-
ing step, core staining was performed using DAPI
(1 µg ml−1 diluted in PBS/5% FCS/0.1% Tween®

20) for 15 min. After air bubble-free covering with
FluoroMount covering medium, microscopic evalu-
ation was performed with the fluorescence micro-
scope BZ-9000A (Keyence, Germany) using the DAPI
and TRITC channels. Image analysis was performed
using ImageJ. In order to determine the cell number,
the Find Maxima tool was used for the DAPI image,
whereas the area of MMP positive signals was meas-
ured using the Color Threshold tool. TUNEL stain-
ing (Sigma Aldrich, USA) was performed according
to the manufacturer’s instructions. The positive con-
trol was treated with desoxyribonuclease (DNase) I
(0.34 Kunitz units, Qiagen Germany) for 10 min.

2.7. Histomorphometry
Histomorphometry was performed using FIJI ImageJ
1.52i [30, 31]. H&E stained sections were used to
analyze the cell count per area and cell distribution
within the SFCCs. The cell count per tissue area
(cells mm−2) was identified from H&E overview pic-
tures of each SFCC with 50× magnification using a
modified color deconvolutionmethod [32] (for addi-
tional detail information see figure A1 and table A1).
First, a free hand selection tool was used to define
the region of interest (ROI) for the section outline
representing the Total Area (Tt.A.) of the section.
The Gap Area (Gp.A.) where no tissue was present
was identified using the Color Threshold tool and
subtracted from the Tt.A. to obtain the Total Tissue
Area (Tt.T.A.). Next, the Color Deconvolution plu-
gin of ImageJ with a vector to separate hematoxylin
and eosin staining into each color layer was applied.
Within the hematoxylin layer, the cell nuclei were
identified by applying the Threshold tool of ImageJ
based on their brightness within the layer. A binary
image was created representing the nuclei of the cells
within the section. Finally, cell count was performed
from these binary images with a combination of the
Particle Analysis tool in ImageJ andmanual counting.

The cell count for the Tt.T.A. was performed
identically for the experiments under normal and
inflammatory conditions. A ROI for the Outer Area
(Ot.A.) was identified with a manual selection tool
for the experiment under normal conditions. For the
stimulation experiment, ROIs were determined for
the Ot.A. with a reduction of section diameter to 0.95
for X- and Y-axes, which then was further divided
into an Outer Core Area (Ot.C.A.) and Inner Core
Area (In.C.A.) by another reduction of the diameter
by 0.5 for X- and Y-axes. Sections of 2 different
levels per SFCC were analyzed respectively and the
mean taken for statistical analysis. In order to ana-
lyze the immunohistochemically stained sections, the
DAB coverage area was measured for type I collagen
(Col–1) and type II collagen (Col–2), respectively.

Two to three pictures of 100× magnification per
section were analyzed and the mean taken for statist-
ical analysis. Tt.T.A was determined again by measur-
ing the Tt.A. and subtracting Gp.A. which was identi-
fiedwith the Color Threshold tool in ImageJ. The area
stained positive for Col–1 and Col–2 was defined by
the Color Threshold tool also. Color Thresholds were
determined for each set of staining separately.

2.8. RNA isolation, cDNA synthesis and qPCR
Total RNA was isolated from the SFCCs using the
TissueRuptor II (QIAGEN, Germany) to homogen-
ize the tissue and the RNeasy Fibrous Tissue Mini
Kit (QIAGEN, Germany) was used to extract the
RNA according to the provided protocols. RNA con-
centrations were measured via NanoDrop Fluoro-
meter (Thermo Fisher Scientific, MA) and RNA
integrity was confirmed via the 2100 Bioanalyzer
(Agilent Technologies, CA). Sensiscript RT Kit (QIA-
GEN, Germany) was used for cDNA synthesis with
50 ng per reaction according to the manufactur-
ers’ instructions. Primers were designed using Primer
Blast (NCBI, MD) and sequence analysis of qPCR
products was performed at LGC genomics (LGS gen-
omics GmbH, Berlin, Germany) to confirm primer
specify (for primer sequences see table 2). To ana-
lyze RNA expression, quantitative PCR (qPCR) was
performed using the DyNAmo ColorFlash SYBR
Green qPCR kit (Thermo Fisher Scientific, MA) at a
Mx3000P qPCR System (Agilent Technologies, CA)
with approximately 1.5 ng cDNA per 20 µl reaction
and the following temperature profile: 7 min denat-
uration at 95 ◦C, 45 cycles of 5 s at 95 ◦C, 7 s at
57 ◦C and 9 s at 72 ◦C. Two technical replicas per
sample and gene were performed. After each qPCR
run, a melting curve analysis was performed to con-
firm primer specificity. In cases where no amplific-
ation curve reached the threshold before 45 cycles,
the threshold-cycle value (Ct-value) was assumed to
be 45. Gene expression data is shown as ∆Ct-value
(=2−∆Ct) with normalization to the housekeeping
gene elongation factor 1-alpha (EF1A).

2.9. RNA isolation from human cartilage
Human cartilage was collected from femoral con-
dyles taken during total knee replacement surgeries
(ethical approval EA1/012/13). Cartilage was harves-
ted from areas as unaffected as possible and trans-
ferred to RNAlater (QIAGEN, Germany) for 1 h
at 4 ◦C: Before cryo-conservation at −80 ◦C, the
RNAlater was removed completely. Cartilage samples
were cryo-pulverized (59012N, Biospec, Bartlesville,
OK) and gently resuspended in TriFast™ (VWR, Ger-
many)mixed with 1-bromo-3-chloropropane (Sigma
Aldrich, MO). Centrifugation was performed after
10 min of incubation for 10 min at 10 000× g. The
top aqueous phase was further used for RNA isola-
tion using the RNeasy Mini Kit (QIAGEN, Germany)
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Table 2. Sequences of primers used for qPCR.

Gen symbol Sequence of forward primer Sequence of reverse primer

EF1A 5′-GTTGATATGGTTCCTGGCAAGC-3′ 5′-TTGCCAGCTCCAGCAGCCT-3′

COL1A1 5′-AGGTCACAGGTCTCGAAAAAGC-3′ 5′-CTCCTGACGCACGGCC-3′

COL2A1 5′-GTGGGGCAAGACTGTTATCG-3′ 5′-AGGTCAGGTCAGCCATTCAG-3′

COL10A1 5′-CCAGCACGCAGAATCCATCT-3′ 5′-TATGCCTGTGGGCATTTGGT-3′

ACAN 5′-AACGCAGACTACAGAAGCGG-3′ 5′-GGCGGACAAATTAGATGCGG-3′

MMP1 5′-CTCTGGAGTAATGTCACACCTCT-3′ 5′-TGTTGGTCCACCTTTCATCTTC-3′

MMP3 5′-ATCCTACTGTTGCTGTGCGT-3′ 5′-CATCACCTCCAGAGTGTCGG-3′

MMP13 5′-TCCTGATGTGGGTGAATACAATG-3′ 5′-GCCATCGTGAAGTCTGGTAAAAT-3′

TNF 5′-GTCTCCTACCAGACCAAG-3′ 5′-CAAAGTAGACCCTGCCCAGACTC-3′

IL1B 5′-AGCTACGAATCTCCGACCAC-3′ 5′-CGTTATCCCATGTGTCGAAGAA-3′

IL8 5′-GAATGGGTTTGCTAGAATGTGATA-3′ 5′-CAGACTAGGGTTGCCAGATTTAAC-3′

IL6 5′-TACCCCCAGGAGAAGATTCC-3′ 5′-TTTTCTGCCAGTGCCTCTTT-3‘

according to the protocols provided. cDNA synthesis
and qPCR were performed as described above.

2.10. Statistical analysis
Statistical analysis was performed with the Graph-
Pad Prism V.8 software. Quantitative data is shown
as mean ± SEM for gene expression data and
mean ± SD for all other data. Since the number
of samples was small and Gaussian distribution was
not assumed, we used the Kruskal-Wallis test with
Dunn’s multiple comparison as non-parametric stat-
istical test for group differences. Each SFCC from one
donor was assumed to be an individual replicate, and
thus paired analysis was not performed. Statistical
numbers and adjusted p-values are listed in supple-
mentary results. A p-value of <0.05 was considered to
be statistically significant. Image analysis was carried
out blinded for treatment groups. Important num-
bers and adjusted p-values are stated either in the text
or in the graphs. Due to the explorative character of
this study, no sample size calculation was performed.

2.11. In silico model generation
To describe the temporal evolution of the spatial
distribution of cellular and matrix-related processes
in the in vitro model of OA, PDEs were used to
interpret the experimental outcomes and to enable
the identification of key steps within the progres-
sion of matrix degradation. The parameters of the
in silico model were calibrated based on the histo-
morphometric in vitro data for distribution of type
II collagen (Col–2) and cell numbers. Since each
section of the SFCCs which were analyzed had a
thickness of 8 µm, we transformed the dimension
from area (mm2) to volume (m3). The geometrical
shape of the SFCCs was approximated by a cylindrical
form (radius r = x = 5.0 · 10−3 m and height
h= y= 4.5 · 10−3m) (figures 1 and 4A). SFCCs show
a cylinder-like shape comparable to the disc form that
has been described by others before [33, 34]. This
cylinder-like construct was surrounded by culture
medium, so that the added IL–1β was able to diffuse

into the SFCC from all surfaces. The cylindrical form
of the SFCC was radially symmetric around its cen-
ter. Therefore, the computations were performed on
a two-dimensional rectangle instead of the full three-
dimensional domain (figures 1 and 4(A)). In this first
modeling approach, we only focused on the effects of
IL–1β, although the in vitro model was additionally
stimulated with TNFα. Based on the mathematical
model byKar et al (table A2) the adaptedmodel (table
3) was obtained as described in the following. For
equation (1), it was possible to distinguish between
the decrease due to the matrix formation and due to
IL–1β by comparing the reduction of the cell dens-
ity under non-inflammatory and inflammatory con-
ditions in the in vitromodels. Thus, we could identify
the parameters p1 (non-inflammatory conditions)
and p9 (inflammatory conditions) separately. Follow-
ing Kar et al, we expected a small increase of Col–2
under non-inflammatory conditions (small value for
p2) which was negligible compared to the signific-
ant decrease induced by the MMPs [23]. Further-
more, we have omitted equation (3) for degCol–2.
This component cannot be reliably measured and has
no significant impact on other components. MMP
measurements are only used for verification (figure
1), and therefore, parameter p4 and the basal MMP
activity p6—for which no estimates exist, have been
omitted. Finally, in the IL–1β equation (5), the diffu-
sion from outside is certainly the predominant source
of IL–1β, which can also be verified e.g. by per-
forming simulations of the model of Kar et al with
and without a correspondingly simplified equation
for IL–1β.

The generated systems of time-dependent PDEs
were solved using the state-of-the-art software pack-
age KARDOS [35, 36]. Given a user-specified accur-
acy tolerance, the code automatically computes
numerical approximations by means of a fully adapt-
ive grid in space and time based on local error estim-
ates with optimal computational complexity. The
graphical outputs were produced using MATLAB
(Version 2017b, The MathWorks, Inc., Natick, MA).
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Table 3. Reduced mathematical model of in vitromodel resembling onset of OA.

No. Equation Biological reference

(1) ∂Cell
∂t =−p1Cell− p9IL Cell Cell apoptosis stimulated by IL–1β

(2) ∂Col
∂t =−p3MMP Col Decrease of Col–2 by MMP–1/–3/–13-induced degrada-

tion
(3) ∂MMP

∂t = DMMP∇
2MMP+ p5Cell IL Change of MMP–1/–3/–13 due to diffusion and increased

MMP–1/–3/–13 release by IL–1β stimulated cells
(4) ∂IL

∂t = DIL∇
2IL Diffusion of IL–1β

3. Results

3.1. SFCCs show stable cartilage-like phenotype
over 3 weeks
To evaluate the cellular andmatrix composition of the
SFCCs under non-inflammatory conditions, samples
were taken weekly over a period of 3 weeks (d0, 7,
14, 21; n = 3; one sample per donor at each time
point). Alcian blue staining for SFCC sections was
performed at all time points and revealed the con-
stant presence of glycosaminoglycans (GAGs) (figure
2(A)). Hematoxylin & Eosin (H&E) staining showed
heterogeneity of the formed constructs but no obvi-
ous morphological changes in cell and matrix com-
position between time points (figures 2(A) and (B)).
In addition, a layer-like structure was visible that
led to a certain loose morphology as a result of the
embedding procedure. Cell density decreased over
the period of 3 weeks from a mean cell density of
1.378 ± 694 cells mm−2 at d0 to a mean cell dens-
ity of 505 ± 268 cells mm−2 at d21 (figure 2(C)).
Although this difference is not statistically significant,
there is a clear biological relevance that should be con-
sidered. In addition, histomorphometry revealed a
higher cell count in theOuter Area (Ot.A.) than in the
Total Area (Tt.A.), indicating a spatial arrangement of
cells within the construct (figure 2(C)). Type I colla-
gen (Col–1) coverage was higher than type II colla-
gen coverage (Col–2) although no difference could be
identified between time points (figure 2(D)). qPCR
analysis revealed the mRNA expression of the cartil-
age specific markers COL2A1 and ACAN, although
COL1A1 expression was higher when compared to
that of COL2A1 (figure 2(E)). COL10A1 expression
was low in comparison with all other genes. No stat-
istical differences were found between time points
indicating a stable phenotype over time. With respect
to the induction of chondrogenesis, we found a strong
upregulation of COL2A1 at day 0 when compared to
monolayer MSCs (figure A3(A)). In addition, there
is a more pronounced expression of COL2A1 than
COL1A1 or COL10A1 (figure A3(A)). Although sig-
nificant differences do remain when comparing the
results to native human cartilage (figure A3(B)), we
did not observe osteogenic induction/mineralization
(figure A4). Hence, SFCCs revealed a cartilage-like as
evidenced by gene expression and histological ana-
lysis (figure 2).

3.2. Stimulated SFCCs show cellular changes and
matrix degradation
To model the inflammatory environment of OA,
SFCCs were treated with IL–1β and TNFα. Both
are considered to be the most important proinflam-
matory cytokines during the onset of OA. Cytokines
were applied with concentrations of 50 ng ml−1

for IL–1β, and 100 ng ml−1 for TNFα, represent-
ing a highly aggressive proinflammatory stimulation
in order to achieve maximal effects on the SFCCs.
Tissue softening was observed macroscopically by
volume increase of SFCCs stimulated for 3 weeks
(STIM) compared to untreated controls (CTL) which
was partly reversed after 3 additional weeks without
cytokine treatment (REG) (figures 3(A) andA2). This
observationwas supported by histologicalH&E stain-
ing, microscopically indicating pronounced water
retention, maceration of the superficial cell layer and
morphological changes in cell phenotypes in the
STIM group (figure 3(B)). Immunohistological ana-
lysis showed a constant Col–1 coverage with no stat-
istically significant differences between groups (figure
3(C)). Col–2 coverage however decreased after stim-
ulation with IL–1β and TNFα to a mean cover-
age of 14.4 ± 5.5% (STIM) and moreover signi-
ficantly to 8.8 ± 5.9% (REG), when compared to
the untreated controls (25.3 ± 4.7%; figure 3(C)).
Histomorphometry revealed statistically significant
changes between groups in cell count per area for
the Tt.A., Ot.A. and Outer Core Area (Ot.C.A.; figure
3(D)). Therefore, a lower cell density was observed in
the STIM group compared to the CTL, while slight
changes were also seen in the REG group compared
to CTL. No significant differences were found in the
In.C.A. (figure 3(D)). TUNEL staining showed a few
TUNEL positive cells in the CTL group while more
TUNEL positive cells were found in the STIM group
(figure A5).

OnmRNA level,COL1A1was significantly down-
regulated upon cytokine stimulation in comparison
with controls (figure 4(E)). The gene expression of
COL2A1 and ACAN was obviously lower in the
STIM and REG group. Interestingly, COL10A1 was
upregulated in the REG group (figure 3(E)). As
expected, gene expression levels of the inflammatory
markers IL1, IL6 and IL8 were significantly upregu-
lated compared to untreated controls (figure 3(F)).
Gene expression of TNF was not found to be different
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Figure 2. Experimental results after cultivating SFCCs for 3 weeks under non-inflammatory conditions. (A) Exemplary images of
histological staining with hematoxylin & eosin (H&E) in two different magnifications. (B) Exemplary images of Alcian blue
staining, Col–2 and Col–1 immunohistochemistry, scale bars= 200 µm at 100×magnification. (C) Histomorphometry results
for cell count within total area (Tt.A.) and outer area (Ot.A.). X-axes show time points from d0–d21, y-axes show cell count
[cells m−3], bars indicate mean± SD and individual data points. (D) Immunohistochemistry coverage for Col–2 and Col–1.
X-axes show time points from d0–d21, y-axes show relative coverage area in %, bars indicate mean± SD and individual data
points. (E) Gene expression studied via qPCR for COL2A1, COL10A1, ACAN and COL1A1. X-axes show time points from
d0–d21, y-axes show relative mRNA expression normalized to the housekeeper EF1A graph bar with mean± SEM and individual
data points. Statistical differences between groups were tested with the Kruskal-Wallis test and Dunn’s multiple comparisons test
(see also table A3). ns= p > 0.05.
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Figure 3. Experimental results after cultivating SFCCs for 3 weeks under non-inflammatory conditions (CTL), with IL–1β and
TNFα (STIM) or under non-inflammatory conditions for additional 3 weeks after stimulation (REG). (A) Macroscopic overview
on different SFCCs exemplary for each condition. (B) Exemplary images of SFCCs stained with H&E for CTL, STIM and REG
group. Scale bars= 200 µm. Arrows indicate tissue softening and changes of cellular phenotypes. (C) Immunohistochemistry
coverage for Col–2 and Col–1. x-axes show experimental groups, y-axes show relative coverage area in %, bars indicate
mean± SD and individual data points. (D) Histomorphometry results for cell count per area within total area (Tt.A.), outer area
(Ot.A.), outer core area (Ot.C.A.) and inner core area (In.C.A.). X-axes show time points from d0–d21, Y-axes show cell count
[cells m−3], bars indicate mean± SD and individual data points. (E)–(G) Gene expression studied via qPCR. Graph bar show
with mean± SEM and individual data points. Statistical differences between groups were tested with the Kruskal-Wallis test and
Dunn’s multiple comparisons test (see also tables A4 and A5). ns= p > 0.05, ∗p < 0.05, ∗∗p < 0.01.

between the experimental groups. However, IL1, IL6
and IL8 were numerically diminished in the REG

compared to the STIM group although no statistical
significance was detected (figure 3(F)). MMP1 and
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MMP3were significantly upregulated in the cytokine-
treated group compared to the CTL group and
numerically downregulated in the REG compared to
the STIM group (figure 3(G)). There were no signific-
ant differences in gene expression forMMP13 within
the experimental groups. In summary, stimulation
with IL–1β andTNFα leads toOA-like changeswhich
can be observed in vivo during the early phase of the
disease. Additional cultivation for 3 weeks without
cytokines after stimulation did partially reverse those
changes.

3.3. Refining an existing mathematical model
result in a reduced PDEmodel of the in vitro
observations
In order to focus on the main processes of cartilage
degradation expected during OA onset, the in silico
model was built on the assumption that under non-
inflammatory conditions, the chondrocytes (termed
here as cells) produce ECM (heremainly Col–2) while
under inflammatory conditions with the addition of
IL–1β, cells release MMPs, which then degrade the
ECM, and potentially go into apoptosis (see figure 1).
Within the mathematical model, we focused on the
specific Col–2 degrading enzymes MMP–1, –3 and –
13. Table 3 shows the underlying equations derived
from the pathway described above and our in vitro
observations (adapted from [23]). Considering the
underlying in vitro experiments and the complexity of
the derived in silico model, it was necessary to derive
a reduced model preserving our in vitro observations
and the underlying biology.

First, we studied the stability of the homogen-
eous nonlinear dynamical system derived from our
reduced order model by neglecting diffusive pro-
cesses. It turned out that all states of equilibrium
are Lyapunov stable, i.e. small perturbations of the
equilibrium points stay small for all times. Next,
applying a sensitivity analysis, we found out that all
parameters exhibit sufficiently large sensitivities with
respect to variations in cell and Col–2 concentrations.
This formed the basis for our parameter calibration
described in the following.

In table 4 the parameter values, initial values and
the boundary conditions to solve the mathematical
(PDE) system are described. Concerning the para-
meter values, the cell apoptosis rate p1 was fitted by a
least squares approach, utilizing measurements of the
cell concentration (n = 3, d = 0, 7, 14, 21). Since the
MMP–1/–3/–13 measurements have been neglected
up to now, the diffusion coefficient is taken from the
literature (MMP–1 [37];). The remaining parameters
have been calibrated with our in vitro observations
using a least squares fitting. For MMP–1/–3/–13,
we assumed that there are homogeneous Neumann
boundary conditions for all surfaces. Because the
evolution of the cell number and Col–2 was described
by ODEs, i.e. where no diffusion is present, there
exist no boundary conditions for these components.

Due to the diffusion of IL–1β into the SFCC with
a constant concentration of IL–1β in the surround-
ing media, inhomogeneous Dirichlet boundary con-
ditions were assumed to be present on the outer sur-
faces. For the inner surface of the construct (center
of the cartilage construct), homogeneous Neumann
boundary conditions were applied ensuring the sym-
metry assumption on the SFCC.

3.4. Modeling the in vitro findings of
cytokine-stimulated SFCCs in silico to resemble
basic processes of cartilage degradation
Since the cells are inhomogeneously, spatially dis-
tributed (figure 2), we determined an initial distri-
bution based on the in vitro observations (figure
A6). Computational results of the in silico model
are shown in figure 4. The model described in table
1 makes it possible to represent the in vitro exper-
iments. Under proinflammatory stimulation with
IL–1β, the cell number decreased over time given the
initial distribution (first row of figure 4(B)), which
matches the in vitro measurements (figure 3(D)).
Col–2 decreased spatiotemporally assuming a homo-
geneous initial distribution (second row in figure
4(B)). Since IL–1β entered from the outside and
stimulated the MMP–1/–3/–13 production, MMPs
increased on the boundaries first and diffused fur-
ther into cartilage (third row in figures 4(B) and (C)).
Under non-inflammatory conditions, the IL–1β con-
centration was assumed to be zero. This also holds
true for MMP–1/–3/–13 (see table 3, equations (3)
and (4)). Thus, Col–2was constant over time and cells
decrease only due to matrix formation leading to a
representation of the healthy state observed in vitro
as well.

To predict cellular and matrix-related changes
over a longer time period (5 weeks) and a
10-fold lower concentration of IL–1β stimulation
(5 ng ml−1) - which is more comparable to the
in vivo situation - we accordingly adapted the in silico
model. We observed a full penetration of IL–1β and
MMP–1/–3/–13, a fast decline in the cell number,
but a rather slower Col–2 degradation when com-
pared to the 3 weeks simulation which had higher
IL–1β concentrations (supplementary video (avail-
able online at stacks.iop.org/BF/12/045016/mmedia)
Appendix A).

3.5. MMP staining in the SFCCs verifies in silico
simulations
In order to verify the mathematical model, MMP–1
and MMP–13 were stained via immunofluorescence
for CTL, STIM and REG sections and analyzed for
their spatial distribution and displayed as a sum of
that. Therefore, MMP coverage normalized to the cell
number was slightly higher in the STIM group (figure
4(D)). The relative MMP coverage was lower in the
inner core area (In.C.A.) than it was in that of the
Ot.C.A. (figures 4(E) and (F)). This also matches the
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Figure 4. Results from the in silicomodel. (A) Explanation of the dimensions and axes. (B) Spatial-temporal development of Cell
[1 m−3] (first row), Col–2 [%] (second row), IL–1β [mol m−3] (last row) and (C) MMP–1/–3/–13 [mol m−3] (third row) over
3 weeks. The PDE model described in Table 3 was solved with the adaptive finite element toolbox KARDOS [24, 25] and
MATLAB. (D) MMP–1/–13 were stained in CTL, STIM and REG and normalized to the cell count (total area= Tt.A.). (E)
Quantitative analysis was performed for inner core (In.C.A.) and outer core area (Ot.C.A.) for CTL and STIM are only to be
compared to the results from the in silicomodel. Graphs show box and whiskers plots (Min-Max). (F) Exemplary images for
MMP–1 staining of CTL vs. STIM. The scale bar indicates 200 µm.
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results gained from the in silicomodel and nicely veri-
fies our approach.

4. Discussion

Since multiple approaches and a variety of OA
model systems are necessary to fully understand the
complexity of this disease, we here report on a suc-
cessful combination of in vitro and in silicomodeling
to simulate the main features of OA, matrix degrad-
ation and the upregulation of proinflammatory
cytokines induced by stimulating scaffold-free
cartilage-like constructs with IL–1β and TNFα.

Inmost cases, cartilage explants or monolayer cell
cultures are used as an in vitro model to study OA
and its underlying mechanism or to test potential
therapeutic options. However, there are some stud-
ies using tissue-engineered cartilage for their experi-
ments such as those ofMohanraj et al reported similar
outcomes using tissue-engineered cartilage compared
to cartilage explants in a model of post-traumatic OA
[10, 38] However, most studies on tissue engineered
cartilage still focus on the development of regenerat-
ive approaches for cartilage repair and do not con-
sider using their tissues as in vitro models for the
study of cartilage and OA pathophysiology [12, 14,
15, 39, 40]. SFCCs revealed a cartilage-like phenotype
detected by gene expression and histological analysis
(figure 2); however, significant differences do remain
when comparing the results to native human cartilage
(figure A3(B)). Thus, the gene expression of COL1A1
and the presence of Col–1 on a protein level were still
visible in all SFCCs examined. hMSCs have the poten-
tial to differentiate into different lineages including
the chondrogenic, osteogenic and adipogenic lineage,
although it has not been yet described that MSCs can
fully formhuman articular cartilage in vitro or in vivo.
The major challenges to achieve full phenotypic con-
version are the profound induction of chondrogenesis
as indicated by e.g. upregulated COL2A1 expression
(figure A3(A)) and the maintenance of the chondro-
genic phenotype over a longer time period (figures
2(C)–(E)). The 3D structure of the SFCCs was gained
through biomechanical loading [41, 42]. However, it
is clear that further improvements can be achieved by
e.g. adding transforming growth factor beta (TGFβ)
[13, 15, 41], using culture regimes that are specifically
adapted to the timepoint of chondrogenesis [18, 43]
or using iPSCs as cell source [44, 45]. Of note, we
could not observe hypertrophic cells or mineraliza-
tion which has been described for mesenchymal con-
densation in vitro [16, 46]. By using a macroscale
approach (constructs app. 0.5 cm diameter), we avoid
the disadvantages of pellets regarding their physiolo-
gically irrelevant size, geometry, high cell number
and density compared to the matrix and mechanical
properties [15].

The in vitro simulation of the inflammatory
environment in OA through a cytokine treatment

with IL–1β at 50 ng ml−1 and TNFα at 100 ng ml−1

allowed us to observe significant changes in the
SFCCs with regard to a decrease in cell density and
matrix degradation (figure 3) [47, 48]. Although
the in vivo concentrations for IL–1β and TNFα are
known to be much lower as demonstrated in syn-
ovial fluid of patients suffering from knee OA [49],
cytokine concentrations of 1–100 ngml−1 are usually
applied when mimicking the proinflammatory envir-
onment in early OA in vitro. The latter situation is
necessary in order to shorten the length for treatment
by adapting the in vitro experiments, because the
chronic degenerative joint diseaseOA in humans usu-
ally evolves over decades. IL–1β and TNFα do not
only contribute to the upregulation of proteases but
also inhibit the synthesis of ECM molecules, mainly
Col–2 and aggrecan [50, 51]. MMPs are one pre-
dominant group of enzymatic proteins which plays
an important role in the pathogenesis of OA [3, 52].
In both our in vitro studies and in the in silico
model, we focused onMMP–1,−3, and−13 as main
Col I and II degrading enzymes [53] since MMP–2
(gelatinase A) and MMP–9 (gelatinase B) are known
to interact with Col IV (MMP–2) and are mainly
involved in wound healing (both) or bone develop-
ment (MMP–9) [54–56]. Furthermore, MMP–9 is
induced by MMP–3 and−13 [57].

Mathematical models are very flexible, enabling
adjustments and testing of various hypotheses in par-
allel. However, biological experiments are most often
complex, expensive and resource-demanding, leading
to a gain of less experimental data than model para-
meters can provide [58]. Thus, problems with model
non-identifiability can occur, sincemodel parameters
cannot be estimated properly. Experimental design
approaches aim to resolve these problems by identi-
fying the data gap and proposing the required addi-
tional experimental data. The flexibility of mathem-
atical models including experimental design can be
used to structure future in vitro or in vivo mod-
els efficiently. However, the first considered math-
ematical model, which takes most of the prominent
mechanisms of OA pathogenesis into account, has
unidentifiable parameters (table A2). Its applicability
is nevertheless limited, since neither enough exper-
imental human data nor reliable literature-based
parameters are available for model calibration and
validation. This means that more quantitative meas-
urements of the components at different time and
spatial points are needed. The reduced model, how-
ever, does allow us to reproduce the experimental
data with significantly fewer parameters (table 3).
Validation concerning MMP–1/−13 measurements
which were not used to calibrate the model indic-
ates that the reduced in silico model is suited to
investigate the influence of different targets for mat-
rix degradation (figure 4). In addition, the Supple-
mentary video in this article shows the feasibility of
the in silico model as a prediction tool for further in
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vitro experiments. The observed fast decline in the
cell number accompanied by a slower Col–2 degrad-
ation is in accordance with a previously published
study indicating a high chondrocyte death before
matrix changes occur [59]. In comparison to the
model described by Kar et al [23], our model still
considers changes of the cell concentration in space
as well as over time. A more detailed analysis of the
model proposed by Kar et al revealed IL–1α as the
driving force in the model, while MMP–1/−3/−13,
Col–2 and degraded Col–2 only have a small influ-
ence on the remaining components. Thus, the sim-
plified model in our study displays the same fea-
tures but at the same time involves a smaller number
of parameters and uncertainties. Other mathemat-
ical simulation approaches for OA cartilage degrad-
ation and cartilage focus on e.g. poroelastic mod-
els or coupling cellular phenotype and mechanics
[26, 60, 61].

Nevertheless, there are many ways to foster the
current approach. The proposed in vitro model dis-
plays only one specific part of the disease and includes
only one tissue type, although OA has been described
as a whole organ disease including several tissues
such as the synovial membrane and the subchond-
ral bone. Thus, we are currently working on a more
complex whole joint model for both in vitro and
in silico aspects. Furthermore, biomechanical loading
has not yet been addressed within the first in vitro
and in silico models presented here, although one’s
awareness of its tremendous impact has already been
published [62]. Moreover, we shortened the exper-
imental time window by using high concentrations
of the proinflammatory cytokines IL–1β and TNFα
in our experiments. That bridges the long-lasting
cumulative effect of these cytokines over years and
decades in the course of OA pathogenesis. Finally,
an extension of the in silico model should include
the treatment with TNFα due to its important role
in OA. For a profound model validation and para-
meter fitting, more quantitative in vitro data will
be necessary.

5. Conclusion

In this study, we describe a human 3D in vitro
model based on SFCC (mesenchymal condensa-
tion) which simulates the main features of cartil-
age degradation—inflammation and upregulation of
matrix degrading enzymes. Advantages of such a
model include the 3D environment, the possibil-
ity for mid-throughput analysis, a sufficient sample
volume (macroscale) for several analyses and a
wide availability of tissue-engineered cartilage with
more scaffold-free approaches emerging. With the

combination of in vitro and in silico modeling, we
aim to allow the immediate adaptation and modi-
fications of different models. We strived to develop
a mathematical model to refine and optimize the
in vitro model and vice versa, especially regarding
the development of a whole joint in vitro/in silico
model.
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Figure A1. Pipeline for histomorphometric analysis. (A) Histomorphometric analysis for cell count per area using a modified
color deconvolution method. A 50×magnification overview image of an H&E stained section was taken. The section outline was
defined using the Polygonal Selection tool in ImageJ (1). In order to subtract the background (or gap area) the Color Threshold
tool was utilized (2). Next, the Color Deconvolution plugin (3) was used to obtain the hematoxylin color channel only in which
the cell nuclei could be identified using a threshold for brightness (4). Particle analysis could then be performed based on the
binary image attained in the previous step to obtain the cell count per area [cells mm−2]. (B) For further analysis, the ‘Total Area’
was further divided into an ‘Outer Area’ by scaling the region of interest (ROI) for ‘Total Area’ to 0.95 for X- and Y-axes. The
remaining ‘Core Area’ was then divided into an ‘Outer Core Area’ and an ‘Inner Core Area’ by scaling the ROI for the ‘Core Area’
by 0.5 for the X-and Y-axes.

Figure A2. Comparison of the wet weight after stimulation for 3 weeks. The increase in the wet weight indicates water
retention induced by matrix degradation. Graph bar show with mean± SEM. Statistical differences between groups were
tested with the Kruskal-Wallis test and Dunn’s multiple comparisons test.
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Figure A3. RNA expression of COL1A1, COL2A1 in italic and ACAN in SFCCs compared to undifferentiated monoloayer hMSCs
and native human cartilage. (A) Relative mRNA expression (2−∆∆Ct) normalized to the housekeeper EF1A and MSCs and
COL2/COL1 and COL2/COL10 ratio; (B) Relative mRNA expression (2−∆Ct) normalized to the housekeeper EF1A graph bar
with mean± SEM. For SFCCs all data from d0-21 were grouped together (figure 2(D)). Cartilage was collected from three
different donors from almost unaffected sites (femoral condyles). Statistical differences between groups were tested with the
Mann-Whitney test. ∗∗p < 0.01. Graph bars with mean± SEM and individual data points.

Figure A4. Exemplary von Kossa and Alizarin red staining of SFCCs at day 21 compared to a control which was treated during
SFCC generation with osteogenic induction medium. Scale bars= 200 µm at 100×magnification.

Figure A5. Exemplary TUNEL staining of SFCCs at day 21 comparing CTL and STIM. Scale bars= 200 µm. Positive control was
treated with DNase I prior to staining.
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Figure A6. Initial cell distribution [1 m−3], see figure 4(A) for an explanation of the dimensions and axes.

Table A2. PDE model of the in vitromodel resembling the onset of OA modified from Kar et al [23].

No. Equation Biological reference

(1) ∂Cell
∂t = −p1Cell− p9IL Cell Cell apoptosis stimulated by IL–1β

(1.1) −p1Cell Normal decrease due to ECM formation
(1.2) −p9IL Cell Cell apoptosis due to IL–1β
(2) ∂Col

∂t = p2Cell− p3MMP Col Increase of Col–2 over time depending on
cell concentration and decrease of Col–2 by
MMP-induced degradation

(2.1) +p2Cell Production by cells
(2.2) −p3 MMP Col Degradation by MMPs

(3) ∂ degCol
∂t = DdegCol∇

2 degCol+ p3MMP Col Change of degraded Col–2 due to diffusion,
and its source—degradation of Col–2 caused
by MMPs

(3.1) +DdegCol∇
2 degCol Diffusion of degCol–2

(3.2) +p3 MMP Col Production by MMP-based Col–2 degradation
(4) ∂MMP

∂t = DMMP∇
2MMP− p4MMP degCol+ p5Cell IL+ p6 Change of MMP due to diffusion, and its

source—increased MMP release by IL–1β
stimulated cells

(4.1) +DMMP∇
2MMP Diffusion of MMP

(4.2) −p4 MMP degCol MMP activity decreases by degradation of
Col–2

(4.3) +p5Cell IL Production by IL–1 β stimulated cells
(4.4) +p6 Basal MMP activity
(5) ∂IL

∂t = DIL∇
2IL− p5Cell IL− p7IL+ p8Cell IL Change of IL–1β due to diffusion, and its

source—increased by stimulated cells
(5.1) +DIL∇

2IL Diffusion of IL–1β
(5.2) −p5Cell IL Decrease by IL–1β induced cell apoptosis
(5.3) −p7IL Natural decrease of IL–1β—consumption
(5.4) +p8Cell IL Production by stimulated cells

Cell in 1 m−3
= chondrocytes/differentiated hMSCs; Col= Col–2 volume fraction; degCol= degraded Col–2 volume fraction;

MMP=Matrix-metalloproteinases; IL= Interleukin–1β

Table A3. Results from the Kruskal-Wallis test for figure 2.

Kruskal-Wallis test

Figure 2 Specification H p-value

Cells - Tt.A. 95% 6.39 0.79B
Cells - Ot.A. 5% 0.15 0.99
Col–1 5.77 0.12C
Col–2 1.97 0.63
COL1A1 2.93 0.62
COL2A1 7.45 0.09
ACAN 2.23 0.74

D

COL10A1 4.57 0.37
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Table A4. Results from the Kruskal-Wallis test for figure 3.

Kruskal-Wallis test

Figure 3 Specification H p-value

Col–1 2.68 0.27C
Col–2 8.59 0.006
Tt.A. 95% 10.71 0.001
Ot.A. 5% 9.36 0.004
Ot.C.A. 50% 10.33 0.002

D

In.C.A. 50% 5.07 0.075
COL1A1 6.49 0.012
COL2A1 4.62 0.1
ACAN 5.60 0.05

E

COL10A1 5.96 0.03
IL1 7.2 0.004
IL6 7.2 0.004
IL8 6.49 0.01

F

TNF 0.36 0.88
MMP1 6.49 0.01
MMP3 7.2 0.004

G

MMP13 1.16 0.63

Table A5. Results from the Dunn’s multiple comparisons
test—figure 3.

Dunn’s multiple
comparisons test

Specification Comparison Adjusted p-value

CTL vs. STIM 0.20
STIM vs. REG 0.68

Figure 3(C) Col–2

CTL vs. REG 0.01
CTL vs. STIM 0.005
STIM vs. REG 0.99

Figure 3(D) Tt.A. 95%

CTL vs. REG 0.05
CTL vs. STIM 0.007
STIM vs. REG 0.48

Figure 3(D) Ot.A. 5%

CTL vs. REG 0.30
CTL vs. STIM 0.008
STIM vs. REG 0.99

Figure 3(D) Ot.C.A. 50%

CTL vs. REG 0.03
CTL vs. STIM 0.03
STIM vs. REG 0.41

Figure 3(E) COL1A1

CTL vs. REG 0.89
CTL vs. STIM 0.02
STIM vs. REG 0.54

Figure 3(F) IL1

CTL vs. REG 0.54
CTL vs. STIM 0.02
STIM vs. REG 0.54

Figure 3(F) IL6

CTL vs. REG 0.54
CTL vs. STIM 0.03
STIM vs. REG 0.41

Figure 3(F) IL8

CTL vs. REG 0.89
CTL vs. STIM 0.03
STIM vs. REG 0.41

Figure 3(G)MMP1

CTL vs. REG 0.89
CTL vs. STIM 0.02
STIM vs. REG 0.54

Figure 3(G)MMP3

CTL vs. REG 0.54
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Abstract: Adequate tissue engineered models are required to further understand the (patho)physiol-

ogical mechanism involved in the destructive processes of cartilage and subchondral bone during

rheumatoid arthritis (RA). Therefore, we developed a human in vitro 3D osteochondral tissue model

(OTM), mimicking cytokine-induced cellular and matrix-related changes leading to cartilage degra-

dation and bone destruction in order to ultimately provide a preclinical drug screening tool. To

this end, the OTM was engineered by co-cultivation of mesenchymal stromal cell (MSC)-derived

bone and cartilage components in a 3D environment. It was comprehensively characterized on cell,

protein, and mRNA level. Stimulating the OTM with pro-inflammatory cytokines, relevant in RA

(tumor necrosis factor α, interleukin-6, macrophage migration inhibitory factor), caused cell- and

matrix-related changes, resulting in a significantly induced gene expression of lactate dehydrogenase

A, interleukin-8 and tumor necrosis factor α in both, cartilage and bone, while the matrix metallopro-

teases 1 and 3 were only induced in cartilage. Finally, application of target-specific drugs prevented

the induction of inflammation and matrix-degradation. Thus, we here provide evidence that our

human in vitro 3D OTM mimics cytokine-induced cell- and matrix-related changes—key features of

RA—and may serve as a preclinical tool for the evaluation of both new targets and potential drugs in

a more translational setup.

Keywords: mesenchymal stem cells; tissue engineering; osteochondral unit; in vitro model; rheuma-

toid arthritis

1. Introduction

The osteochondral unit is an essential part of the joint and commits the functional
association of the articular cartilage, calcified cartilage and the subchondral bone. Its
main function is to transfer mechanical strain during weight-bearing and to ensure the
mechanical and metabolic homeostasis as well as the overall joint integrity. Articular
cartilage is surfacing the subchondral bone, adsorbing mechanical loading and distributing
forces within the joint, while the subchondral bone provides mechanical stability, maintains
the joint shape and supplies nutrient and oxygen for the deeper layers of the avascular
cartilage [1].

Several pathologies have been demonstrated to affect the osteochondral unit e.g.,
microcracks, microedema, microbleeding, the development of subchondral bone cysts
and osteophytes co-localizing with regions of articular cartilage damage [2–4]. All these
changes are also attributed to the degenerative joint disease osteoarthritis (OA) or chronic
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autoimmune-mediated joint inflammation such as found in rheumatoid arthritis (RA),
which is a systemic autoimmune disease. OA is principally characterized by articular
cartilage degeneration often accompanied with subchondral bone erosions due to a higher
load impact and the presence of certain mediators and growth factors [5,6]. On the other
hand, the progressive, destructive processes in RA are driven by a persistent inflammation
of the joint. The complex pathogenesis of RA involves a diverse interplay between various
humoral factors, cell types and tissues, though many underlying triggers and mechanism
are still unclear. Beside the production of autoantibodies, the release of pro-inflammatory
cytokines, such as tumor necrosis factor (TNF)α, interleukin (IL)-1, -6, -17 and macrophage
migration inhibitory factor (MIF) and the induction of matrix degrading enzymes such
as matrix metalloproteases (MMPs) drives both inflammation and destructive processes
within cartilage and subchondral bone leading to an imbalance in metabolic processes [7].
During RA, MMP1, MMP3, MMP8, and MMP13 are predominantly involved in the extra-
cellular matrix remodeling and degradation of cartilage collagens and proteoglycans but
may also affect bone (e.g., MMP3, MMP13) [8,9].

As long as the causes of the disease are unknown, current therapies in clinical appli-
cation aim to reduce the inflammatory mechanisms in the pathogenesis of RA, whereby
their unwanted effects with regard to joint and bone homeostasis are often neglected or
accepted, as exemplified by the use of glucocorticoids and their pro-osteoporotic effects [10].
According to current recommendations, today’s treatment goal is to achieve remission or
at least low disease activity [11]. Despite major progress in the treatment of RA, a strong
unmet medical need remains, as not all patients reach the treat-to-target goal, i.e., sustained
clinical remission or low disease activity; about 25% still suffer from moderate or even
high disease activity [11]. Therefore, preclinical models which reflect the complexity of the
functional unit of the joint are essential to improve our understanding of pathophysiologi-
cal mechanisms, to increase our knowledge on adverse drug effects in clinical use, and to
develop and verify new therapeutic approaches.

Until today, animal models represent an integral part of the preclinical drug dis-
covery process. While animals do not develop spontaneously autoimmune conditions
such as RA—which constitutes an inherent limitation of these models—arthritis can be
induced in these animals by a single agent or by genetic manipulations [12–14]. Finally,
non-humanized rodent models are not suitable to test treatment strategies which are highly
specific for human target proteins [12]. Understanding the homeostasis within the osteo-
chondral unit as well as RA-related mechanisms is essential for determining treatment
strategies. Therefore, different in vitro models have been developed and evaluated during
the last years ranging from tissue explants, simplified (co)culture systems and complex tis-
sue engineered three-dimensional (3D) (multi)component systems to chip approaches [14].
Most of the current in vitro cell culture systems in monolayer are used to study the effect of
e.g., humoral factors or therapeutics on chondrocytes [15,16], aggregate-cell interactions or
cell-cell interplay [14,17], lacking the complexity of (patho)physiologically relevant cell-cell
and cell-matrix interactions and nutrient gradients [14,18]. Today, complex 3D in vitro
systems include the co-cultivation of e.g., bovine cartilage discs with human synovial
fibroblasts mimicking early cartilage destructive processes [19], porcine chondrocytes with
an RA-derived cell line [20], RA synovium with bone explants [21] or cartilage explants
from either humans or animals [22]. Cartilage and bone differ in matrix characteristics and
microenvironmental and mechanical cues. Therefore, osteochondral tissue engineering
requires (i) a unique cell and matrix composition, (ii) a certain organization of the artificial
tissue with or without scaffold and (iii) specific biological properties. To date, promising
in vitro tissue engineering approaches have been developed using (i) scaffold-based bone
and scaffold-free cartilage [23], (ii) different scaffolds for both bone and cartilage [24], (iii)
a single heterogeneous scaffold [25] or (iv) a single homogenous scaffold for both [26]. A
major challenge is the restriction to obtain human primary cells or explants, the limited
lifespan of explants [27] and the unstable phenotype of chondrocytes during monolayer
expansion [28]. Therefore, mesenchymal stromal cells (MSCs) are often used to engineer



Int. J. Mol. Sci. 2021, 22, 128 3 of 25

cartilage and bone equivalents [14]. Despite major progress especially due to emerging
techniques such as 3D bioprinting, so far, there is no appropriate in vitro model which
is able to mimic an inflamed joint with respect to the osteochondral unit allowing the
preclinical testing of a variety of specific therapeutic approaches.

Here, we describe a human in vitro 3D osteochondral tissue model (OTM) as poten-
tial part of an artificial joint, comprising a scaffold-free cartilage-like component and a
tricalcium phosphate (TCP)-based bone-like component (TBBC). In addition, we aimed at
demonstrating that this engineered human OTM can be used as in vitro model to study
cytokine-driven cell- and matrix-related changes during osteochondral degradation—key
feature of RA. Moreover, we evaluated the feasibility of our OTM by using approved bio-
logics, which prevented these cytokine-related changes. An overview on the experimental
setup is given in Figure 1.

α

Figure 1. Schematic overview of the timely interlocked processes to generate the human in vitro 3D osteochondral tissue
model of arthritis. Based on human bone marrow-derived mesenchymal stromal cells (MSCs), the in vitro 3D TCP-based
bone components (TBBCs) and scaffold-free cartilage components (SFCCs) were developed. The osteochondral tissue model
(OTM) was engineered by co-cultivation of both tissue components for 21 days. To replicate cytokine-mediated features of
rheumatoid arthritis (RA), the osteochondral tissue model was stimulated with typical RA-related cytokines (tumor necrosis
factor α, interleukin-6, and macrophage migration inhibitory factor) and finally treated with approved drugs (Proof of
OTM). oMSC, one-week osteogenic pre-differentiated MSCs; OM, osteogenic medium; TCP, tricalcium phosphate; LDH,
lactate dehydrogenase.
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2. Results

2.1. Optimization of the TCP-Based Bone Component Results in a Valid and Sustainable
Osteogenic Phenotype Replicating the Subchondral Bone Compartment

Firstly, we determined a cell/TCP ratio of approximately 1 × 106 cells/12 mg
(0.8 × 105 cells/mg) as being optimal for the in vitro 3D TCP-based bone component
(TBBC) since higher initial cell densities led to increased cell death (Appendix A Figure A1).
To test whether osteogenic pre-differentiation of seeded MSCs influences the TBBC forma-
tion, we pre-differentiated MSCs using osteogenic differentiation medium for one week
(oMSCs) and colonized TCP particles with either MSCs or oMSCs (Figure 2A). Scanning
electron microscopy revealed that both MSCs and oMSCs became adherent to the TCP
scaffold and invaded the TCP scaffold within 21 days (Figure 2B). Both, MSCs and oMSCs
colonized the TCP scaffold within 21 days without any sign of cytotoxicity as demonstrated
by the lack of differences in LDH release when compared to the spontaneous release of a
TCP-free monolayer (ML), but a significant lower release compared to the positive control
(Figure 2C). Analyzing cell viability after 21 days of incubation using LIVE/DEAD staining,
we observed a significant lower amount of viable oMSCs (Calcein AM+; green) and an
increase in EthD1+ oMSCs (dead, red) when compared to the corresponding MSCs and the
respective ML (Figure 2D,E). Analyzing cellular metabolic activity using the WST-1 assay,
we detected a significantly reduced metabolic activity in oMSCs compared to MSCs after
21 days (Figure 2F). Interestingly, co-cultivation of MSCs or oMSCs with osteoconductive
TCP significantly increased calcium deposition after 7 and 21 days when compared to
the monolayer incubated in osteogenic medium but without TCP. Calcification was more
pronounced in MSCs than oMSCs (Figure 2G).

Taken together, MSCs and oMSCs colonized the TCP scaffold within 21 days without
any sign of cytotoxicity while cell viability, metabolic activity, and calcification were more
pronounced in MSCs than oMSCs (Figure 2C–G).

To investigate the spatial distribution, matrix formation and the osteogenic pheno-
type of either MSCs or oMSCs on the TCP scaffold, we quantified TBBC sections for the
expression of actin, laminin and osteopontin (OPN) normalized to the cell nuclei (DAPI)
using immunofluorescence staining (Figure 3A). To assess the spatial distribution, the total
area of TBBC section was sub-divided into an outer, middle, and inner area and analyzed
for the expression of actin. At day 21, seeded MSCs demonstrate a more pronounced and
distributed staining for actin throughout the total area of TBBC section than oMSCs as indi-
cated by significantly more actin staining in the total, middle, and inner area (Figure 3A).
To assess the matrix formation, we normalized the relative expression of the extracellular
protein laminin as quantified at day 21 to day 1. We found an up to 2-fold increase of
matrix production in MSCs and oMSCs over time without observing differences between
the two groups (Figure 3B). When focusing on the OPN expression as a measure of os-
teogenic phenotype, we observed significantly more OPN expression per cell in the TBBCs
populated with MSCs than those with oMSCs both in the total area and in the middle and
inner area (Figure 3C). Together with the observed actin distribution within the TCP, the
OPN results indicate that the invading cells differentiate towards the osteogenic lineage. In
this line of observation, the upregulation of runt-related transcription factor 2 (RUNX2),
secreted phosphoprotein 1 (SPP1), osteonectin (ON), and collagen type 1 alpha 1 (COL1A1),
respectively, where superior over time in MSCs as compared to oMSCs (Figure 3D). Based
on these findings, we proceeded with the use of MSCs for the generation of TBBCs.
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Figure 2. In vitro studies on β-TCP biocompatibility and cell survival comparing the suitability of human mesenchymal
stromal cells (MSCs) and osteogenic pre-differentiated MSCs (oMSCs). (A) Experimental design of the in vitro TCP-based
bone component (TBBC). (B) Structural evaluation of β-TCP using scanning electron microscopy. Exemplary images of n

= 6. Scale bars show 500 µm and 50 µm as indicated in the images. (C) LDH-assay was conducted after 24 h to confirm
the biocompatibility of β-TCP. Ctrl = 2% of Triton X-100. Data are shown as mean ± SEM for n = 10–12. Gene expression
of lactate dehydrogenase A (LDHA) was determined by qPCR and normalized to the housekeeper gene EF1A. Data are
shown as mean ± SEM for n = 4. Mann-Whitney U-test was used to determine the statistical significance between groups
and Wilcoxon signed-ranked test for the spontaneous LDH release control. (D) LIVE/DEAD staining was performed
after 21 days and (E) quantified using ImageJ. As control MSCs in monolayer (ML) were stained. Green and red colors
discriminated between living and dead cells (scale bar = 100 µm). Representative images are shown accordingly for n = 4–6.
Data are shown as mean ± SEM. (F) WST-1 assay was conducted to confirm metabolically active cells after 21 days of 3D
cultivation. Ctrl = 2% of Triton X-100. Data are shown as mean ± SEM for n = 6. Mann-Whitney U-test was used. (G) MSCs
and oMSCs were cultivated for 7 and 21 days in normal medium (NM control), in osteogenic medium without β-TCP (ML)
and with β-TCP populated with MSCs (MSC) or pre-differentiated MSCs (oMSC). Alizarin Red staining was quantified
(562 nm). Data are shown as mean ± SEM for n = 5. Wilcoxon matched-pairs signed rank test was used to determine the
statistical significance. p-values are indicated in the graphs with * p < 0.05, ** p < 0.01 and *** p < 0.001 (ns = not significant).
TCP, tricalcium phosphate; LDH, lactate dehydrogenase; EF1A, eukaryotic translation elongation factor 1 alpha.
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Figure 3. Characterization of the human in vitro tricalcium phosphate-based bone component (TBBC) using both MSCs and
oMSCs. (A) The amount of actin (in pixels) per cell nuclei (DAPI+) after 21 days within total area (t.a.), outer area (o.a.; outer
border determined by a reduction of the diameter by 0.95 for X- and Y-axes), middle area (m.a.; outer area subtracted from
total area, diameter reduced by 0.5 for X- and Y-axes) and inner area (i.a.; remaining inner part of the outer area subtracted
from total area, diameter reduced by 0.5 for X- and Y-axes) were quantified via ImageJ. Data are shown as Box and Whiskers
plot with median ± min/max for n = 4. Scale bar indicates 100 µm. (B) Laminin and DAPI were stained after day 1 and
21 and quantified via ImageJ. Data are shown as mean ± SEM for n = 3. Scale bar indicates 100 µm. (C) Osteopontin (OPN)
and DAPI were stained after 21 days. The amount of OPN (in pixels) per cell within t.a., o.a., m.a., and i.a. were quantified
via ImageJ. Data are shown as Box and Whiskers plot with median ± min/max for n = 4. Representative images are shown
accordingly (scale bar = 100 µm). (D) Total RNA extraction was performed from MSC monolayer (ML) and 3D cultures
with MSCs and oMSCs after 1, 7, 14 and 21 days. Gene expression was normalized to the housekeeper gene EF1A. Data
are shown as mean ± SEM for n = 4–6. Mann-Whitney U-test was used to determine the statistical significance; * p < 0.05,
** p < 0.01 (ns = not significant). MSC, mesenchymal stromal cell; oMSC, one-week osteogenic pre-differentiated MSC; EF1A,
eukaryotic translation elongation factor 1 alpha.
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The final TBBCs were produced in sizes with a diameter up to 0.5 cm and cultivated
for 21 days (Figure 4A). Exemplary images of actin and DAPI immunofluorescence staining
over time (day 1, 7, 14, 21) further supported prior endpoint analyses demonstrating the
invasion of cells into the TCP scaffold (Figure 4B). Furthermore, TBBCs cultivated for
21 days displayed a cell and matrix formation comparable to native bone as analyzed by
scanning electron microscopy (Figure 4C). H&E staining clearly indicated a matrix forma-
tion, the interconnection between cells and the TCP particles, and the beginning of osteoid
formation at day 21 (Figure 4D). Additionally, seeded MSCs maintained their metabolic
activity over 21 days when compared to day 1 and the respective monolayer control (ML;
Figure 4E). Analyzing bone formation using µCT, we observed a numerical increase in
bone volume at day 21 compared to day 0 (TCP only) and day 14 (Figure 4F). Finally,
gene expression of bone specific markers revealed a significant upregulation of RUNX2,
SPP1, ON, COL1A1 and osteocalcin (OC) as compared to the osteogenic differentiated ML
(Figure 4G). In summary, using MSCs to produce TBBCs is valid to achieve a sustainable
osteogenic phenotype and to recapitulate the subchondral bone compartment in our OTM
approach.

β

Figure 4. Human in vitro 3D TCP-based bone component (TBBC) based on MSCs. (A) Macroscopic overview of the in vitro 3D
TBBC. (B) Exemplary images to highlight cell localization and extracellular matrix formation as shown by immunofluorescence
staining for actin (red) and DAPI (blue) after day 1, 7, 14 and 21. Bright field (BF) shows the β-TCP scaffold. Exemplary images of n

= 4 (scale bar = 100 µm). (C) Structural examination of the TBBC in comparison to native bone using scanning electron microscopy.
Exemplary images of n = 8 TBBC and n = 2 human native bone. (D) Histological evaluation of the morphology via H&E staining.
Exemplary images for n = 8. Scale bars indicate 100 µm. (E) WST-1 assay was conducted to confirm metabolically active cells
after 21 days of cultivation compared to day 1 and monolayer control (ML). Data are shown as mean ± SEM (duplicates per
donor in two independent experiments) for n = 6. Mann-Whitney U-test was used to determine the statistical significance. (F)
In vitro 3D µCT reconstruction and quantitative results. Data are shown as mean ± SEM for n = 3. (G) Total RNA extraction
was performed from ML and TBBCs after 21 days of osteogenic differentiation. The relative gene expression was normalized to
the housekeeper gene EF1A and osteogenic differentiated ML. Data are shown as mean ± SEM (duplicates per gene) for n = 6.
Wilcoxon Signed Rank Test was used to determine the statistical significance; p-values are indicated in the graphs with * p < 0.05.
MSC, mesenchymal stromal cell; TCP, tricalcium phosphate; EF1A, eukaryotic translation elongation factor 1 alpha.
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2.2. Characterization of the Scaffold-Free Cartilage Component Demonstrates a Valid
Cartilage-Like Phenotype Including Zonal Organization

The cartilage-like component was produced as described previously. In short, the
procedure is based on mesenchymal condensation and the cyclic application of biomechan-
ical force which finally leads to the self-organized 3D scaffold-free cartilage component
(SFCC) [18]. Thus, we were asking the question whether we can maintain a cartilage-
like phenotype of the SFCCs for 21 days, which is the time point that coincides with the
start of co-cultivation with TBBCs (Figure 1). SFCCs were produced in a diameter sized
up to 0.5 cm (Figure 5A). H&E staining of histological sections demonstrated an almost
homogenous cell matrix distribution with a higher cell density and more flattened cells
in the outer surface area similar to the superficial zone of native cartilage (Figure 5B).
Additionally, the inner area was characterized by spherical and randomly oriented cells
reflecting characteristics of the middle zone of native cartilage. Using TUNEL staining at
day 21, we observed only a low number of apoptotic cells within the SFCC (Figure 5C).
Histochemistry and immunohistochemistry revealed the presence of glycosaminoglycans
(Alcian blue staining) and collagen type 2 (Figure 5D). We also found collagen type 1 ex-
pressed in the tissue, although its extent of expression was clearly lower as compared to
the TBBC control. However, mineralization was not present as shown by Alizarin and
von Kossa staining (Figure 5D). Comparing the gene expression of SFCCs to undifferenti-
ated MSCs in ML at day 21, we observed an up-regulation of cartilage specific markers
such as collagen type 2 alpha 1 (COL2A1), aggrecan (ACAN) and collagen type 10 alpha 1
(COL10A1), while the expression of the bone specific markers COL1A1 and RUNX2 was
downregulated as compared to the monolayer control (Figure 5E). In addition, the cartilage
specific transcription factor SOX9, which is an early marker of chondrogenesis during
cartilage development, was also downregulated (Figure 5E). However, the temporal course
of the analyzed marker gene expression revealed no significant changes over 21 days as
assessed weekly (Appendix A Figure A2). Based on our findings, we continued with the
in vitro generated SFCCs displaying a stable chondrogenic phenotype and characteristics
of native cartilage.
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Figure 5. In vitro studies on the 3D scaffold-free cartilage constructs (SFCC) based on human MSCs. (A) Macroscopic
overview of the in vitro 3D SFCCs. (B) Histological evaluation of the morphology via H&E staining. Exemplary images
for n = 6. Scale bars indicate 200 µm. (C) Detecting apoptotic cells (green) using TUNEL staining after 21 days without
mechanical force. Exemplary image for n = 4. Scale bars indicate 200 µm. Pos. ctrl = incubation with DNase I for 10 min.
(D) Histological (Alcian Blue, Alizarin Red, von Kossa) and immunohistochemistry staining (collagen type 1 and collagen
type 2) of the SFCC in comparison with the tricalcium phosphate-based bone component (TBBC) control. Exemplary images
for n = 4. Scale bars indicate 200 µm. (E) Total RNA extraction was performed from 3D cultures after 21 days. Gene
expression was normalized to the housekeeper gene EF1A. Data are shown as mean ± SEM (duplicates per gene) for n = 3–6.
Mann-Whitney U-test was used to determine the statistical significance; p-values are indicated in the graphs with * p < 0.05,
** p < 0.01 (ns = not significant). MSC, mesenchymal stromal cell; EF1A, eukaryotic translation elongation factor 1 alpha.

2.3. Co-Cultivation of Scaffold-Free Cartilage Components and In Vitro 3D Tricalcium
Phosphate-Based Bone Components Lead to Formation of a Subchondral Bone-Like Zone

Since we aimed to develop a complex human in vitro 3D OTM to mimic the part of a
joint which is affected during the late stages of RA, we cultivated the SFCC on top of the
TBBC. Therefore, TBBCs and SFCCs were produced as outlined before (Figures 1 and 6A)
and cultivated for 21 days before analysis (day 42). H&E staining of OTMs showed that
SFCC and TBBC were sticking together without any gap formation (Figure 6B). Although
both parts could still be discriminated morphologically by H&E staining, we additionally
phenotypically discriminated the SFCC from the TBBC part using Toluidine blue combined
with von Kossa staining visualizing the chondrogenic phenotype by Toluidine blue dye
attaching to the negative charges of the proteoglycans while calcified tissue phenotype
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was confirmed by von Kossa (Figure 6C). Moreover, we observed a rearrangement of the
cytoskeleton after 21 days of co-cultivation in the bridging area between both components
reflecting a subchondral bone-like zone of the osteochondral tissue as visualized by actin
and DAPI (cytoskeleton, nucleus) staining (Figure 6D). To confirm cellular viability after
21 days of co-cultivation, we conducted a TUNEL staining (green: apoptotic cells) showing
only a few apoptotic cells compared to the positive control with induced apoptosis by
DNase I treatment (Figure 6E). Taken together, co-cultivation of SFCC and TBBC led to the
formation of a connecting OTM with cellular rearrangements in the bridging area.

 

Figure 6. Human in vitro 3D osteochondral tissue model (OTM). Both components were developed independently and
subsequently co-cultured in a cell culture insert for 21 days. (A) Experimental design of the in vitro 3D OTM. (B) Histological
evaluation via H&E and (C) Toluidine blue combined with von Kossa staining. Exemplary image for n = 4. Scale bars
indicate 500 µm. White asterisks highlight initial mineralization. (D) Actin and DAPI staining were performed to
visualize the transitional bridging area between both components. Neg. ctrl = co-cultivation for 1 day, simulating a not
unified OTM. Exemplary image for n = 4. Scale bars indicate 200 µm. (E) The number of apoptotic cells (green; TUNEL
staining) normalized to cell nuclei (DAPI+) in both TBBC and SFCC after 21 days of co-cultivation was quantified via
ImageJ. Exemplary images for n = 5. Scale bars indicate 200 µm. Pos. ctrl = incubation with DNase I for 10 min to induce
apoptosis. Mann-Whitney U-test was used to determine the statistical significance compared to the control, p-values
are indicated in the graphs with ** p < 0.01. TBBC, tricalcium phosphate-based bone component; SFCC, scaffold-free
cartilage component.
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2.4. The Osteochondral Tissue Model Shows Cell- and Matrix-Related Changes after Cytokine
Stimulation Which Were Prevented by Application of Anti-Rheumatic Drugs

To mimic the chronic inflammatory environment of RA, our osteochondral tissue
model was treated for a prolonged period of 21 days repetitively (every 3 days) using a
cocktail of three major RA-related cytokines, namely TNFα (10 ng/mL), IL-6 (30 ng/mL)
and MIF (10 ng/mL) at pathophysiological, non-cytotoxic concentrations (Figure 7A–C).
Cytokine concentrations were used as reported from synovial fluid of patients with RA
(STIM) or left untreated (CTRL). The cytokine cocktail was applied with or without drugs
to quantify both the effects of the cytokines and the preventive potential of the drugs under
investigation. To this end, we added a combination of clinically available drugs in their
therapeutic dosage (10 µg/mL adalimumab, 8 µg/mL tocilizumab, 5 µg/mL milatuzumab;
TREAT). After sustained repetitive treatment for 21 days mimicking chronic inflammation,
we analyzed the transcriptional response of our model and identified a significant cytokine-
mediated upregulation of the metabolic marker lactate dehydrogenase A (LDHA) in the
STIM group compared to CTRL which was significantly reduced in both SFCC and TBBC
when treated with the combination of chosen drugs (TREAT; Figure 7D,E). Additionally,
a cytokine-induced upregulation of the angiogenic marker vascular endothelial growth
factor A (VEGFA) was observed, which was prevented in the TREAT group. The expression
of IL6 was numerically reduced after both cytokine stimulation (STIM) and therapeutic
treatment (TREAT) as compared to CTRL in SFCCs (Figure 7D) but was significantly
reduced in TBBCs (Figure 7E). Conversely, IL8 and TNF were significantly upregulated
after stimulation, while this effect was prevented by the drugs. In the SFCC model, MMP1
and MMP3 were significantly upregulated in the cytokine-treated group compared to the
CTRL group (Figure 7D). This effect was reversed in the drug-treated group compared
to the STIM group. There were no significant differences in gene expression for MMP13
within the experimental groups. However, in the bone-like model, MMP1 expression
was numerically diminished in both the STIM and TREAT group compared to the CTRL
group (Figure 7E). There was no significant difference in gene expression of MMP3 within
CTRL and STIM, while we observed a significant downregulation in the TREAT group.
Moreover, there were no significant differences in gene expression for MMP13 within the
experimental groups. Of note, cartilage and bone component differentially responded to
cytokine-mediated stimulation with respect to the significantly upregulated expression of
MMP1 and MMP3.

In summary, stimulation with TNFα, IL-6 and MIF lead to cytokine-mediated cartilage
degradation, a key feature of arthritis. These findings are in accordance with in vivo data
from animal studies and with observations made in human pathophysiology. Cultivation in
the presence of immunomodulatory drugs did sufficiently prevent these cytokine-induced
changes.
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Figure 7. Experimental results of our osteochondral tissue model incubated for 21 days under non-inflammatory conditions
(CTRL), repetitive cytokine stimulation with a cocktail of TNFα, IL-6 and MIF (STIM) and under treatment conditions
(TREAT). (A) Schematic overview of the experimental design. (B) LDH-assay was performed after 1 day to cover any
cytotoxic effects using supernatant from the OTM treated with cytokines (STIM—10 ng/mL TNFα, 30 ng/mL IL-6,
10 ng/mL MIF) and in combination with clinically available drugs (TREAT—10 µg/mL adalimumab, 8 µg/mL tocilizumab,
5 µg/mL milatuzumab). CTRL = untreated control; HIGH = 2% of Triton X-100 to induce LDH release. Data are shown
as mean ± SEM for n = 5. Wilcoxon matched-pairs signed rank test was used to determine the statistical significance
between groups and One sample t test for the spontaneous LDH release control (CTRL). (C) Percentage of cytotoxicity
was determined by the following equation [%] = (exp. value − CTRL)/(HIGH − CTRL) × 100 for n = 5. Data are shown
as mean ± SEM. One sample t test was used with a cytotoxicity cut off of 20% [29]. (D) Gene expression studied via
qPCR for LDHA, VEGFA, IL6, TNF, IL8, MMP1, MMP3 and MMP13 for scaffold-free cartilage components (SFCCs) and (E)
tricalcium phosphate-based bone components (TBBCs). Data were normalized to the housekeeper gene EF1A and are shown
as mean ± SEM (duplicates per gene) for n = 5. Mann-Whitney U-test was used to determine the statistical significance,
p-values are indicated in the graphs with * p < 0.05, ** p < 0.01, *** p < 0.001. LDH, lactate dehydrogenase; TNF, tumor
necrosis factor; IL, interleukin; MIF, macrophage migration inhibitory factor; LDHA, lactate dehydrogenase A; VEGFA,
vascular endothelial growth factor A; MMP, matrix metalloproteases; EF1A, eukaryotic translation elongation factor 1 alpha.
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3. Discussion

Until today, no appropriate human in vitro model exists so far, which can appropri-
ately mimic the (patho)physiological relevant environment of a healthy or an inflamed joint
specifically focusing on the later stage of disease involving cartilage matrix degradation and
subchondral bone erosion with the need for a crosstalk between bone and cartilage within
the osteochondral unit. Simulating such features in a preclinical drug screening tool would
be transformative for the translational process necessary for optimizing rheumatological
care. Here, we have developed a human MSC-derived OTM and described its capacity
to create a RA-like phenotype, which replicated in part the immunomodulatory effect of
well-known anti-rheumatic drugs such as adalimumab [30,31] and tocilizumab [32,33], but
also the antineoplastic agent milatuzumab [34].

As in our current study, MSCs are widely used as suitable cell source to engineer
in vitro tissue owing to their availability, isolation simplicity, high proliferation rate and
differentiation capacity towards individual resident cell types of bone and cartilage [35,36].
Since there has been evidence that high-density scaffold-free chondrogenic cultures and
ceramic bone scaffolds might lead to the formation of well-integrated OTMs [37], we
firstly engineered bone components by using TCP ceramic particles, which mimic the
mineral bony part. Comparable in vitro and in vivo approaches to promote osteogenesis
and bone regeneration have been published during the last decade [38,39]. With respect
to the biocompatibility and prominent osteoconductive activity of TCP [40], our results
(Figures 2 and 3) are in line with a study conducted by Herten et al. where both MSCs
and osteoblasts were cultivated on TCP particles [41]. Additionally, we confirmed the
osteogenic phenotype based on upregulated expressions of early osteoblast-specific genes,
including RUNX2, SPP1 and COL1A1 and enhanced expression of mature osteoblast mark-
ers (SPP1, ON), indicating the mineralization capacity of MSCs within the tissue models
(Figure 4) [42,43]. Secondly, in order to generate cartilage-like tissue components, emerg-
ing tissue engineering approaches use mesenchymal condensation based on cell-sheet
formation, self-assembly or self-organization to engineer scaffold-free constructs [44–47].
Although MSCs are well-known to differentiate into various lineages, their capacity to
form mature chondrocytes and full articular cartilage is limited. However, chondrogenic
differentiated MSCs still provide sufficient similarities to articular cartilage which ren-
ders them eligible to serve as therapeutic option for e.g., cartilage defects [48] or in vitro
models [18,49]. Furthermore, Li et al. showed that adding mechanical load additionally
promotes chondrogenesis of MSCs by up-regulating TGF-β. An approach which is identi-
cal to the procedure we applied here. As a result, chondroblastic cells form a functional
network, embedded into their self-synthesized matrix comprising both superficial and
middle zone and abundant expression of collagen type 2 but also collagen type 1 (Figure
5). The latter is a prerequisite for chondrogenic MSC differentiation, because MSCs firstly
reside within the pre-cartilaginous matrix rich in collagen type 1 inducing cell-cell contact,
which finally results in an increased expression of SOX9 and differentiation [50–52].

The crosstalk between bone and cartilage within the osteochondral unit is supposed to
play an important role in the etiopathogenesis of cartilage matrix degradation and subchon-
dral bone erosion and needs, therefore, to be considered in emerging therapeutic strategies
and preclinical testing tools. To mimic the osteochondral unit, common in vitro approaches
use a bi-layered scaffold where chondrocytes or MSCs are embedded in polymers and the
bone layer is based on e.g., ceramics [53]. Both layers are most often fixed by adhesives
such as fibrin resulting in a barrier for cell-cell contacts. Conversely, Lin et al. encapsulated
iPSCs-derived MSCs in a gelatin scaffold and cultivated these scaffolds in a dual-flow
bioreactor [54]. In contrast to our approach, they directly generated a stable bridging zone
between the components but neglected the different cellular demands on the given ECM
(stiffness, matrix composition) and microenvironment (oxygen supply) [53]. As shown
in our study, co-cultivation for 21 days in a static culture system led to the formation of
a bridging zone, suggesting a functional interplay between the two tissue components
(subchondral bone-like zone; Figure 6).
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Studies have shown that synovial fibroblasts and different immune cells (e.g., neu-
trophils, macrophages, T-cells) are a major source of pro-inflammatory cytokines in RA.
For example, TNFα, IL-6 and MIF activate resident chondrocytes to produce TNFα, IL-8,
IL-6 and matrix metalloproteases (MMP1, MMP3, MMP13) promoting cartilage degen-
eration and subsequent bone erosion. In line with our results, Pretzel et al. analyzed
cartilage degradation of bovine cartilage discs co-cultivated with human synovial fibrob-
lasts and supplemented IL-1β and TNFα. They were able to demonstrate an upregulation
of tissue-degrading enzymes (MMP1, MMP3) and pro-inflammatory cytokines (IL-6, IL-8).
In addition, several studies report an increased production of matrix metalloproteinases
(MMP3, MMP13) in chondrocytes and cartilage explants after IL-6 treatment, which is in
accordance with our results (Figure 7) [55–57]. Moreover, TNFα and IL-6 have been recently
shown to have overlapping and synergistic effects, even though some of these effects are
regulated by separate mechanisms [58]. Interestingly, Honorati et al. analyzed chondro-
cytes from non-inflammatory pathology in comparison with RA chondrocytes showing that
inflammation seems to play an important role in inducing the chondrocyte-related VEGF
secretion [59]. Here, we demonstrate that exposure to TNFα, IL-6 and MIF [60–62] does
induce arthritic transformation followed by activation of the angiogenic marker VEGFA in
the SFCC (Figure 7) [63]. In contrast, we did not observe a cytokine-related upregulation
of IL6 which has been already described after TNFα exposure. It was shown that the
self-activation of pY-STAT3 by newly synthesized IL-6 leads to a transient auto-inhibition
of further IL-6 transcription [64]. Thus, the supplementation of IL-6 may be responsible for
the absence of induced IL-6 expression in our study.

Finally, we provide first evidence that effects of immunomodulatory drug candidates
can be demonstrated in our MSC-derived OTM on mRNA level (Figure 7). We used
adalimumab [30,31], tocilizumab [32,33] and milatuzumab [34] for proof of concept, as
these are clinically used monoclonal antibodies directed against TNFα, IL-6 and MIF.
Recent work has indicated that TNFα may mediate its angiogenic effect in RA via IL-8 and
VEGF [65]. In fact, treatment strategies aimed at decreasing TNFα resulted in decreased
angiogenic IL-8 production in vitro and decreased serum levels of angiogenic VEGF in
RA patients [66,67]. We reported that treatment in a pharmacologically relevant dose
does prevent pro-inflammatory effects, attenuating the TNF and IL-6 signaling pathway.
Preclinical testing of therapeutics towards RA is a major challenge, since current therapeutic
approaches target specific molecules or pathways by e.g., antibodies or small molecules
which are unique in humans. Nevertheless, recent studies have indicated that there
are differences in functionality and binding capacity between the human and murine
system leading to the potential failure of promising antibodies during clinical trials as
exemplified by anti-IL-17 antibodies (e.g., secukinumab) [68] as an biological disease-
modifying antirheumatic drugs or the phosphodiesterase 4 inhibitor apremilast [69] which
were both tested successfully in mice but failed to provide clinical efficacy in patients
suffering from RA [70–72].

Nevertheless, the model has still some limitations that need to be addressed in the
future. So far, the TBBC does not include bone remodeling processes and our current ver-
sion of the OTM omits circulating cells such as leukocytes and endothelial cells. However,
there is the opportunity to expand our model by including e.g., osteoblasts/osteoclasts, se-
lected RA-related leukocyte populations or human umbilical vein endothelial cells. Finally,
an approach that offers possibilities to investigate the cellular behavior and intercellular
interactions in a perfused 3D context is given by the organ-on-a-chip technology [73].

4. Materials and Methods

4.1. MSC Isolation, Cultivation and Characterization

Primary human mesenchymal stromal cells (MSCs) were isolated from bone mar-
row obtained from patients undergoing total hip replacement (provided by the Center of
Musculoskeletal Surgery, Charité-Universitätsmedizin Berlin, donor list in Table 1). Study
design and protocols were approved by the Charité-Universitätsmedizin Ethics Commit-
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tee and performed according to the Helsinki Declaration (ethical approval EA1/012/13,
31 January 2013). Briefly, bone marrow was transferred into a T-175 flasks (Greiner Bio-one
International GmbH, Kremsmünster, Austria) with Dulbecco’s Modified eagle minimal
Essential Medium (DMEM) GlutaMAX™ (Gibco, Waltham, MA, USA) supplemented with
10% fetal calf serum (FCS, Biowest, Nuaillé, France), 100 U/mL penicillin (Gibco, Waltham,
MA, USA), 100 µg/mL streptomycin (Gibco, Waltham, MA, USA) and 20% StemMACSTM

MSC Expansion Media Kit XF (Miltenyi Biotech, Bergisch Gladbach, Germany). After
incubation for two days (37 ◦C, 5% CO2), medium was changed, remaining tissue parts
were removed, and the adherent cells were washed with phosphate-buffered saline (PBS;
pH 7.4). Reaching 90% confluency, cells were passaged. MSCs were characterized after
three passages using differentiation assays (adipogenic, osteogenic, chondrogenic) and
flow cytometry (MSC Phenotyping Kit; Miltenyi Biotech, Bergisch Gladbach, Germany;
CD90+, CD105+, CD73+, CD14−, CD20−, CD34−, CD45−, and HLA-DR−, Appendix A
Figure A3). Only MSCs successfully passing the characterization were further used for
experiments until passage 3–8.

Table 1. Human MSCs donor information and conducted experiments.

Donor Age Sex Type of Experiments Used Methods

MSC 1 62 m

Characterization of TBBCs

LDH, WST-1, gene expression analysis, histology,
immunofluorescence

MSC 2 78 m
MSC 3 56 w
MSC 4 69 w
MSC 5 57 m
MSC 6 74 w

MSC 7 75 w

LDH, µCT, SEM, Alizarin Red, histology,
immunofluorescence

MSC 8 76 w
MSC 9 77 m

MSC 10 77 w
MSC 11 66 m
MSC 12 53 m
MSC 13 63 m

MSC 14 84 w

Characterization of SFCCs Gene expression analysis, histology

MSC 15 71 w
MSC 16 66 m
MSC 17 59 w
MSC 18 79 m
MSC 19 78 m

MSC 20 64 m

Co-cultivation (OTM),
proof of OTM experiments

Gene expression analysis, histology
MSC 21 67 w
MSC 22 72 w
MSC 23 76 w
MSC 24 57 m

For differentiation, MSCs were seeded at a density of 1 × 104 cells per well in a 96-well
plate (Greiner Bio-one International GmbH, Kremsmünster, Austria) and cultivated in
appropriate differentiation medium for three weeks (37 ◦C, 5% CO2). For adipogenic dif-
ferentiation, MSCs were incubated in StemMACSTM AdipoDiff medium (Miltenyi Biotech,
Bergisch Gladbach, Germany). After 3 weeks, cells were fixed in 4% paraformaldehyde
(PFA; Electron Microscopy Sciences, Hatfield, PA, USA) for 15 min. After washing with
60% isopropanol, cells were stained with 60% Oil Red O solution dissolved in ddH2O
(Sigma-Aldrich Chemie GmbH, Munich, Germany: freshly prepared and passed through a
0.45 µm filter; stock solution: 0.3% Oil Red O dissolved in 100% isopropanol) for 15 min,
washed with 60% isopropanol. Finally, ddH2O was added and intracellular lipid droplets
were analyzed microscopically.
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For osteogenic differentiation, MSCs were cultivated in StemMACSTM OsteoDiff
medium (Miltenyi Biotech, Bergisch Gladbach, Germany) for three weeks. Alizarin Red
staining was performed according to the following protocol: cells were washed with PBS,
fixed with 4% PFA for 15 min, washed with PBS and stained using a 0.5% Alizarin Red
S staining solution (pH 4; Sigma-Aldrich Chemie GmbH, Munich, Germany) dissolved
in ddH2O for 15 min. After the final washing step with ddH2O, calcium deposition was
analyzed microscopically.

For chondrogenic differentiation MSCs were transferred in a 3D state (pellet cultiva-
tion) via centrifugation for 10 min at 400× g and cultivated in StemMACSTM ChondroDiff
medium (Miltenyi Biotech, Bergisch Gladbach, Germany). Slices were prepared and Al-
cian Blue staining was performed to analyze the presence of acidic mucopolysaccharides
microscopically.

4.2. Generation of the Osteogenic Component—TCP-Based Bone Component (TBBC)

The 3D cultivation was performed in cell culture inserts (Sarstedt AG, Nümbrecht, Ger-
many) with a 0.3 cm2 growth area and a polyethylene terephthalate (PET) membrane (8 µm
pore size). Approximately 12 mg of β-tricalcium phosphate (TCP) granules (Cerasorb®M,
Curasan AG, Kleinostheim, Germany) were preincubated with 1 mL of DMEM Gluta-
MAX™ supplemented with 10% FCS, 100 U/mL penicillin, 100 µg/mL streptomycin, in
the following referred to as normal medium (NM) for one day. To optimize the 3D TCP-
based bone component (TBBC), 1 × 106 MSCs or pre-differentiated MSCs (pre-incubated
in osteogenic differentiation medium for one week, oMSCs) were seeded onto TCP gran-
ules. Cell suspension and TCP particles were gently mixed and cultured in osteogenic
medium (OM, NM supplemented with 0.5 mM ascorbic acid, 10−8 M dexamethasone,
10 mM L-glycerophosphate). Medium was changed twice a week.

4.3. Generation of the Scaffold-Free Cartilage Component (SFCC)

The 3D scaffold-free cartilage components (SFCCs) were generated based on a patented
method (No. 10 2004 001 225, German Patent and Trade Mark Office, 2004) purchased from
the Research Center of Medical Technology and Biotechnology (fzmb GmbH), Bad Langen-
salza, Germany. Briefly, approximately 6 × 106 MSCs were detached and transferred into a
3D state via centrifugation for 10 min at 400× g. After 5 to 7 days, biomechanical forces
were applied for 3 to 4 weeks to the self-assembled 3D component. SFCCs were then culti-
vated for up to 21 days without biomechanical forces (resting phase) in NM supplemented
with 9.39 mg/L ascorbic acid (Sigma-Aldrich Chemie GmbH, Munich, Germany), in the
following referred to as chondrogenic medium (CM).

4.4. Generation of the Osteochondral Tissue Model and Experimental Setup

An overview on the experimental setup is given Figure 1. Co-cultivation of both
SFCC and TBBC was performed in cell culture inserts by placing the SFCC on top of
the TBBC. Chondrogenic medium was added and both components were cultured for
21 days at 37 ◦C, 5% CO2 to develop the osteochondral tissue model by allowing cell-
cell interaction. To mimic chronic cytokine-mediated joint inflammation, stimulation
was performed using CM (CTRL) supplemented with 10 ng/mL recombinant human
macrophage migration inhibitory factor (MIF) [60], 30 ng/mL recombinant human IL-6 [62],
10 ng/mL recombinant human tumor necrosis factor alpha (TNFα; all ImmunoTools GmbH,
Friesoythe; Germany) [61] using concentrations as reported from synovial fluid of patients
with RA and 23 µg/mL Flebogamma (Grifols, Barcelona, Spain) in the following referred
as STIM. To evaluate the impact of specific therapeutic approaches, CM was supplemented
with cytokines and well-known clinically available drugs in their therapeutic dosage:
10 µg/mL adalimumab (Amgen, Thousand Oaks, CA, USA) [30,31], 8 µg/mL tocilizumab
(Roche, Basel, Switzerland) [32,33] and 5 µg/mL milatuzumab (Immunomedics, Morris
Plains, NJ, USA) [34], in the following referred to as TREAT. Medium was changed every



Int. J. Mol. Sci. 2021, 22, 128 17 of 25

3 days including the respective supplements resulting in a repetitive chronic cytokine
stimulation in case of STIM and a repeated counter-treatment in case of TREAT.

4.5. Viability and Cytotoxicity Assay

Cell Proliferation Reagent WST-1 Kit (Sigma-Aldrich Chemie GmbH, Munich, Ger-
many) was used according to the manufacturer’s instructions. Samples were mixed with
WST-1 solution and incubated for 30 min at 37 ◦C, 5% CO2. Supernatants were measured
photometrically using a standard 96-well plate reader (SynergyTM HT Reader, BioTek In-
struments, Bad Friedrichshall, Germany) at a wavelength of 450 nm (reference wavelength
630 nm). To induce cell death, a control group of cells was incubated with 2% Triton X-100
(Sigma-Aldrich Chemie GmbH, Munich, Germany) for one day (Ctrl). The assay was
performed in two independent experiments with duplicates.

Cytotoxicity Detection LDH Kit (Sigma-Aldrich Chemie GmbH, Munich, Germany)
was used to detect cytotoxic effects of TCP particles, cell/TCP ratio, cytokine and treatment
concentrations. According to the manufacturer’s instructions the OD-values were measured
at a wavelength of 490 nm (reference wavelength 630 nm). Additionally, to induce LDH
release via cell death, cells were incubated with 2% Triton X-100 for one day, in the following
referred as high control (Ctrl). The LDH assay was performed in duplicates.

LIVE/DEAD® Viability/Cytotoxicity Kit (Invitrogen AG, Carlsbad, CA, USA) was
used to determine cell viability and to visualize 3D cell colonization. Samples were first
washed with PBS, transferred to a slide and subsequently incubated with LIVE/DEAD®

staining solution (established concentration: 2 µM Calcein AM, 4 µM EthD-1) for 35 min
at RT in the dark. Evaluation was performed with the fluorescence microscope BZ-9000
(Keyence, Itasca, IL, USA).

4.6. Alizarin Red Assay

For calcium quantification, Alizarin Red assay was performed. MSCs were seeded at a
density of 1 × 104 cells per well in a 96-well plate and cultivated in NM (NM control), in OM
without TCP (ML) and in OM with TCP co-cultivating MSCs (MSC) or pre-differentiated
MSCs (oMSC). To exclude TCP-related staining, the OD value of TCP cultivated in OM
without cells was subtracted from the TCP OD value. Medium was removed and cells were
fixed in 4% PFA (10 min) and stained with Alizarin Red S staining solution (10 min), washed
with ddH2O, staining was dissolved with 10% cetylpyridiniumchlorid and OD-values were
measured with a plate reader at a wavelength of 562 nm (reference wavelength 630 nm).
Data were normalized to the NM OD-values. The assay was performed in duplicates.

4.7. Scanning Electron Microscopy

First, samples were washed twice with PBS and then fixed with 2.5% glutaralde-
hyde (Sigma-Aldrich Chemie GmbH, Munich, Germany) solved in PBS (10 min, room
temperature—RT). After washing with PBS, samples were dewatered using ascending
ethanol concentrations 30%, 50%, 70%, 80%, 90%, 95% and twice 100% for 5 min each. After-
wards samples were incubated with hexamethyldisilazane (1 × 5 min, 2 × 10 min; Sigma-
Aldrich Chemie GmbH, Munich, Germany). Finally, samples were air dried overnight
and coated with gold using a Fine Coater JFC-1200 (Jeol GmbH, Freising, Germany). The
imaging with the scanning electron microscope JCM-6000 Plus Neo ScopeTM (Jeol GmbH,
Freising, Germany) was performed under high vacuum.

4.8. Histochemistry

Slices were prepared using the Kawamoto method to allow the embedding of samples
without decalcification [74]. Samples were first fixed in 4% PFA for 3 h followed by
an ascending sucrose solution treatment (10%, 20% and 30%) for one day each at 4 ◦C.
Afterwards, the samples were embedded with SCEM embedding medium (Sectionlab,
Hiroshima, Japan) and stored at −80 ◦C. We prepared cryo-sections of 7 µm thickness
using Kawamoto cryofilm type 2C (Sectionlab, Hiroshima, Japan). Prior to each staining
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procedure, slices were dried for 20 min at RT and at the final step covered with DPX
Mountant (Sigma-Aldrich Chemie GmbH, Munich, Germany).

Hematoxylin and Eosin (H&E) staining was conducted using the following protocol:
fixing with 4% PFA for 10 min, washing with ddH2O for 5 min, first staining with Harris’s
hematoxylin for 7 min (Merck, Darmstadt, Germany), washing twice with ddH2O, differen-
tiating in 0.25 mL HCl solution (37% HCl, Merck, Darmstadt, Germany) in 100 mL of 70%
ethanol. After washing with tap water for 10 min, second staining with Eosin (0.2%, 2 min;
Chroma Waldeck GmbH & Co KG, Münster, Germany) was performed, differentiation step
in 96% ethanol, followed by 100% ethanol (2 × 2 min) and xylol (2 × 2 min) treatments.

Von Kossa Toluidine blue staining was performed according to the following protocol:
fixing with 4% PFA (10 min), washing with ddH2O (5 min), staining in silver nitrate solution
(3% in ddH2O, 10 min), washing with ddH2O, staining in sodium carbonate/formaldehyde
solution (2 min), washing with ddH2O, followed by a staining step in sodium thiosulfate
solution (5% in ddH2O, 5 min). After washing with tap water for 10 min, slices were
washed with ddH2O, counter stained in Toluidine blue solution for 8 min, washed with
ddH2O, differentiated in 70% ethanol, 100% ethanol and fixed in xylol (each 2 × 2 min).

Alcian Blue staining was performed according to the following protocol: fixing with
4% PFA (10 min), washing with ddH2O (5 min), treating with 3% acetic acid (3 min), staining
step in 1% Alcian Blue for 30 min (Sigma-Aldrich Chemie GmbH, Munich, Germany),
washing in 3% acetic acid (pH 2.5), washing with ddH2O, staining step in nuclear fast
red aluminum sulfate for 4 min, washing with ddH2O, followed by 80%, 96% and 100%
ethanol (2 min each) and fixing with xylol (2 × 2 min).

4.9. Immunohistochemistry

Immunohistochemistry was performed according to the following protocol: rehy-
drating with PBS (10 min), blocking with 3% H2O2 (30 min), washing with PBS (5 min),
blocking with 5% normal horse serum (Vector Laboratories, Burlingame, CA, USA) in 2%
bovine serum albumin (BSA, Sigma-Aldrich Chemie GmbH, Munich, Germany)/PBS, first
incubation step with primary antibody for collagen type I (1:500, Abcam plc, Cambridge,
UK) or collagen type II (1:10, Quartett GmbH, Berlin, Germany) at 4 ◦C overnight, washing
in PBS (2 × 5 min), second incubation step with 2% biotinylated horse anti-mouse IgG
antibody (secondary antibody, Vector Laboratories, Burlingame, CA, USA) diluted in 5%
normal horse serum/2% BSA/PBS for 30 min and washing in PBS (2 × 5 min). After
incubation with Vecastain® Elite® ABC HRP Kit (Vector Laboratories, Burlingame, CA,
USA) for 50 min, slices were washed with PBS (2 × 5 min), incubated with DAB Peroxidase
HRP Substrate Kit (microscopic control, Vector Laboratories, Burlingame, CA, USA), thus
the reaction was stopped with PBS, followed by washing with ddH2O, counter staining
step in Mayer’s hematoxylin (2 min, Sigma-Aldrich Chemie GmbH, Munich, Germany),
washing in tap water (10 min) and finally washing in ddH2O.

4.10. Immunofluorescence Staining

Immunofluorescence staining was performed in a dark, humid chamber at RT. First,
slices were air dried and then rehydrated with PBS for 10 min. Subsequently, unspecific
binding sites were blocked with PBS/5% FCS for 30 min. Afterwards, primary antibody was
diluted in PBS/5% FCS/0.1% Tween® 20 (Qbiogene Inc., Carlsbad, CA, USA) and incubated
according to the manufacturer’s instructions, followed by washing with PBS/0.1% Tween®

20 (3×). Secondary antibody was diluted in PBS/5% FCS/0.1% Tween® 20 and applied
for 2 h, washed with PBS/0.1% Tween® 20 (3×) and nuclei staining was performed using
4′,6-diamidino-2-phenylindole (DAPI; 1 µg/mL diluted in PBS/5% FCS/0.1% Tween® 20,
15 min). After bubble-free covering with FluoroMount (Sigma-Aldrich Chemie GmbH,
Munich, Germany) covering medium, imaging was performed with the fluorescence
microscope BZ-9000 (Keyence). Image analysis was performed using ImageJ. Primary and
secondary antibodies used for immunofluorescence staining are listed in Table 2.



Int. J. Mol. Sci. 2021, 22, 128 19 of 25

Table 2. Primary and secondary antibodies used for immunofluorescence staining.

Primary
Antibody

Dye Host ID
Concentration

[mg/mL]
Company

Phalloidin TRITC - P1951 1.5 Sigma-Aldrich
Laminin - rabbit NB300 0.8 Novus Biologicals LLC

Osteopontin A488 rabbit ab8448 1 Abcam
Collagen 1 - mouse ab6308 1.5 Abcam
Collagen 2 - mouse CO072 1 Quartett

Secondary
Antibody

Dye Host ID
Concentration

[mg/mL]
Company

Anti-mouse Biotin horse BA-2000 1.5 Vector Laboratories Inc.
Anti-rabbit A488 goat A32731 2 Thermo Fisher Scientific

TUNEL assay (Sigma-Aldrich Chemie GmbH, Munich, Germany) was performed to
detect apoptotic cells. As a positive control, slices were treated with desoxyribonuclease
(DNase) I (0.34 Kunitz units, Qiagen GmbH, Hilden, Germany) for 10 min and washed
twice with PBS. Staining was performed with TUNEL reaction mixture (5 µL TUNEL
enzyme + 45 µL TUNEL label) for 1 h at 37 ◦C and then washed twice with PBS. A negative
control was incubated with TUNEL label without TUNEL enzyme.

4.11. Image Analysis with ImageJ

Evaluation of immunofluorescence images was performed using FIJI ImageJ 1.52p
(National Institutes of Health, Bethesda, MD, USA). First, a free hand selection tool was
used to define the region of interest (ROI) representing the total area (t.a.). The outer area
(o.a.) was determined by a reduction of the diameter by 0.95 for X- and Y-axes. Another
reduction of the diameter by 0.5 for X- and Y-axes leads to the middle area (m.a.; outer area
subtracted from total area, diameter reduced by 0.5 for X- and Y-axes) and inner area (i.a.;
remaining inner part). The positive stained areas were defined using the color threshold
tool. Finally, the cell count was performed with a combination of the Find Maxima tool in
ImageJ and manual counting.

4.12. In Vitro µCT

TBBCs were scanned at a nominal resolution of 4–5 µm, with a Bruker SkyScan
1172 high-resolution microCT (Bruker, Kontich, Belgium). X-ray tube voltage was of 80 kV
and a 0.5 mm aluminum filter was employed. The scan orbit was 360 degrees with a
rotation step of 0.3 degree. For reconstruction the SkyScan NRecon software was used
and Gaussian smoothing, ring artifact reduction, misalignment compensation, and beam
hardening correction were applied. CTAn (Bruker MicroCT, Kontich, Belgium) software
was used to analyze the total VOI.

4.13. RNA Isolation, cDNA Synthesis and qPCR

Total RNA from the 3D components was isolated according to the manufacturer’s
instructions using the RNeasy® Fibrous Tissue Mini Kit (Qiagen GmbH, Hilden, Germany)
after homogenization with the TissueRuptor II (Qiagen GmbH, Hilden, Germany). Total
RNA from monolayer (ML) cultivations was isolated according to the manufacturer’s
instructions using the RNeasy® Mini Kit (Qiagen GmbH, Hilden, Germany). RNA con-
centrations were determined via NanoDrop®-ND-1000 Spectrophotometer (Thermo Fisher
Scientific, Waltham, MA, USA) and stored at −80 ◦C. TaqMan® Reverse Transcription
Reagents Kit (Applied Biosystems Inc., Foster City, CA, USA) was used for cDNA synthesis
with more than 50 ng per reaction whereas Sensiscript Reverse Transcriptase Kit (Qiagen
GmbH, Hilden, Germany) was used for cDNA synthesis with less than 50 ng per reaction.
Primer were designed using Primer Blast (NCBI, Bethesda, MD, USA). Sequence analyses
of qPCR products were confirmed by LGC Genomics GmbH (Berlin, Germany) and evalu-



Int. J. Mol. Sci. 2021, 22, 128 20 of 25

ated using the Chromas software 2.6.4 (Technelysium Pty Ltd., South Brisbane, Australia).
Quantitative PCR (qPCR) was carried out using the DyNAmo ColorFlash SYBR Green
qPCR Kit (Thermo Fisher Scientific, Waltham, MA, USA) in the Stratagene Mx3000PTM

(Agilent Technologies Inc., Santa Clara, CA, USA). The qPCR was conducted in duplicates
with a non-template control (NTC) for each mastermix using the following temperature
profile: 7 min initial denaturation at 95 ◦C, 45 to 60 cycles of 10 s denaturation at 95 ◦C, 7 s
annealing at 60 ◦C and 9 s elongation at 72 ◦C. After every run, a melting curve analysis
was performed to confirm primer specificity. In cases where the amplification curve did
not reach the threshold within the cycles, the value of the maximum cycle number was
used. All primers were purchased from TIB Molbiol Berlin, Germany (Table 3).

Table 3. Sequences of primers, fragment size and GenBank ID used for qPCR.

Gene Sequence of Forward Primer Sequence of Reverse Primer GenBank ID

EF1A GTTGATATGGTTCCTGGCAAGC TTGCCAGCTCCAGCAGCCT NM_001402.5
RUNX2 TTACTTACACCCCGCCAGTC TATGGAGTGCTGCTGGTCTG NM_001015051.3

SPP1 GCCGAGGTGATAGTGTGGTT TGAGGTGATGTCCTCGTCTG NM_001251830.1
COL1A1 CAGCCGCTTCACCTACAGC TTTTGTATTCAATCACTGTCTTGCC NM_000088.3

ON ACCAGCACCCCATTGACG AGGTCACAGGTCTCGAAAAAGC NM_001309443.1
SOX9 CGCCTTGAAGATGGCGTTG GCTCTGGAGACTTCTGAACGA NM_000346.3

PPARG2 CAAACCCCTATTCCATGCTGTT AATGGCATCTCTGTGTCAACC NM_015869.4
COL2A1 GTGGGGCAAGACTGTTATCG AGGTCAGGTCAGCCATTCAG NM_033150.3

COL10A1 CCAGCACGCAGAATCCATCT TATGCCTGTGGGCATTTGGT NM_000493.4
ACAN AACGCAGACTACAGAAGCGG GGCGGACAAATTAGATGCGG NM_001369268.1
MMP1 CTCTGGAGTAATGTCACACCTCT TGTTGGTCCACCTTTCATCTTC NM_001145938.2
MMP3 ATCCTACTGTTGCTGTGCGT CATCACCTCCAGAGTGTCGG NM_002422.5
MMP13 TCCTGATGTGGGTGAATACAATG GCCATCGTGAAGTCTGGTAAAAT NM_002427.4

TNF GTCTCCTACCAGACCAAG CAAAGTAGACCCTGCCCAGACTC NM_000594.4
IL6 TACCCCCAGGAGAAGATTCC TTTTCTGCCAGTGCCTCTTT NM_001371096.1
IL8 GAATGGGTTTGCTAGAATGTGATA CAGACTAGGGTTGCCAGATTTAAC NM_000584.4

LDHA ACCCAGTTTCCACCATGATT CCCAAAATGCAAGGAACACT NM_005566.4
VEGFA AGCCTTGCCTTGCTGCTCTA GTGCTGGCCTTGGTGAGG NM_001025366.3

4.14. Statistical Analysis

Statistical analysis was performed using the GraphPad® Prism V.8.4.1 software (Graph-
Pad Software, La Jolla/San Diego, CA, USA). All values are shown as the mean ± SEM if
not indicated otherwise. Mann-Whitney U test was applied for independent datasets while
dependent datasets were compared by means using the Wilcoxon-signed rank test. Values
of p < 0.05 were considered as statistically significant.

5. Conclusions

We herein describe a novel alternative approach simulating key features of RA in-
cluding cartilage destruction and subchondral bone erosion in late stages of disease to be
used as preclinical drug screening tool. The 3D osteochondral tissue model replicates the
interaction of cells within a physiological matrix and environment, the crosstalk between
the major resident cells of human cartilage and anabolic bone, and the option to further
expand cellular interactions by the application of e.g., leukocytes.
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Appendix A

  
Figure A1. Cell number/mg TCP. (A) LDH assay was performed after 1 day and different cell densities (0.1 × 105, 0.3 × 105,
0.8 × 105, 1.6 × 105, 3.3 × 105 cells/mg TCP). High Ctrl = 2% of Triton X-100 to induce LDH release. Data are shown as
mean ± SEM (duplicates per donor) for n = 4. For statistical analysis the Wilcoxon matched-pairs signed rank test was
used; * p < 0.05. (B) LIVE/DEAD staining was performed after 21 days and different cell densities (0.3 × 105, 0.8 × 105,
1.6 × 105 cells/mg TCP). Images were quantified using ImageJ. Green and grey colors discriminated between living and
dead cells (scale bars = 100 µm). Representative images are shown accordingly for n = 5. Data are shown as mean ± SEM.
For statistical analysis the Wilcoxon matched-pairs signed rank test was used; * p < 0.05. TCP, tricalcium phosphate; LDH,
lactate dehydrogenase.
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Figure A2. Gene expression analysis of scaffold-free cartilage components for SOX9, COL2A1, COL10A1 ACAN, RUNX2

and COL1A1 were performed after 0, 7, 14 and 21 days. The relative gene expression was normalized to the housekeeper
gene EF1A and day 0. Data are shown as mean ± SEM (duplicates per gene) for n = 3. Mann-Whitney U-test was used to
determine the statistical significance. SOX9, SRY-box transcription factor 9; COL2A1, collagen type II alpha 1; COL10A1,
collagen type X alpha 1; ACAN, aggrecan; RUNX2, runt-related transcription factor 2; COL1A1; collagen type I alpha 1;
EF1A, eukaryotic translation elongation factor 1 alpha.

 

 

 

 

 

 

 
 

 

Figure A3. Bone marrow-derived mesenchymal stromal cells are characterized (A) by plastic adherence, by their differentia-
tion capacity towards (B) adipogenesis using Oil Red O staining, (C) osteogenesis using Alizarin Red staining (scale bars =
100 µm), (D) chondrogenesis using Alcian Blue staining (scale bar = 200 µm), (E) the expression of surface marker CD90,
CD105, CD73 and (F) lack of CD14, CD20, CD34, CD45 and HLA-DR.
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3. DISCUSSION 

3.1 Pain management and assessment in mice – Fundamental challenges in 

the implementation of refinement measures 

Animal experiments are a fundamental part of biomedical preclinical research and therefore, 

refinement plays an integral role to ensure the maintenance of the highest degree of animal 

welfare and its continuous improvement. Besides the obvious contribution to increase ani-

mal welfare and enhance animal wellbeing, refinement also contains the potential to create 

awareness for the 3R topic itself. Being aware of one’s own handling of laboratory animals 

and conveying respect towards the fellow creature can stimulate the implementation of the 

3R principle and the development of new approaches to avoid the use of animal experi-

ments. This is in line with a current study reporting results from a survey among participants 

of laboratory animal science courses in different European countries [94]. Animal welfare, 

particularly appropriate pain management, was named as a major ethical issue with a re-

quirement for higher prioritization rather than reduction or replacement of animal experi-

ments [94]. This finding is in contrast to the original prioritization by Russell and Burch – 

stating that refinement should be implemented after replacement and reduction have been 

completely exhausted [1]. Thus, the above-mentioned study results suggest the occurrence 

of a prioritization shift, especially among those actively working with laboratory animals, who 

evidently prioritize refinement over reduction and replacement. However, it can be specu-

lated that a comparable survey under researchers working on non-animal based in vitro 

solutions would have the opposite priorities. This highlights the tension in the field of 3Rs 

and underlines the importance of my work to span and discuss the perspectives of those 

working with animal experiments and those developing and favouring non-animal methods.  

In their book, Russell and Burch specifically point out that refinement is the absolute mini-

mization of any distress and discomfort of animals used in research [1]. Therefore, they 

exclusively focus on methods to avoid distress during experimental procedures, such as 

adequate species-adapted anaesthesia and analgesia. Nevertheless, discussions during 

the last decades resulted in a reframing process of the term “refinement” to include the 

enhancement of the general wellbeing, e.g. by using enrichment and non-invasive handling 

tools to adapt housing and husbandry [19]. In general, pain is a negative affective state of 

the animal, like anxiety or distress, while wellbeing refers to a condition linked with a mainly 

positive affective state [95]. To refine or adapt current pain management protocols, it is 

essential to identify reliable and preferably non-invasive methods to assess and determine 

the duration and degree of pain, especially in rodents. Commonly used methods to monitor 

pain in rodents include body weight development, vocalization, pain grimace scale nest 

building or burrowing behaviour and model-specific scoring systems [96, 97]. However, 



  DISCUSSION   117  

most of these symptoms or measurements are not exclusive indicators for pain but can also 

indicate distress or a general reduction in wellbeing. Moreover, potent analgesics such as 

opioids or the anaesthesia itself can cause additional pronounced side effects, such as body 

weight loss, changes in nest-building behaviour or deviations in the pain grimace scale [98]. 

Thus, one of the major challenges in the field of laboratory animal science is the adequate 

pain assessment, specifically in rodents, and the precise allocation of the reason for the 

observed suffering and discomfort (e.g. pain, side effects of analgesics and anaesthesia). 

Hence, when assessing the effectiveness of an analgesic protocol in terms of adequate 

pain management, a distinction must be made between pain per se and distress or reduced 

wellbeing. Pain can be verified by analysing model-specific pain parameters, while general 

clinical signs and model-unspecific, behaviour-based parameters assess states of distress 

and the animal’s wellbeing. Recent advances in the field have shown that it is essential to 

combine these methods to achieve an overall improvement of welfare and to specifically 

refine experimental procedures in terms of pain management. Thus, many long-established 

pain management protocols have come under criticism in recent years [99-101]. In this con-

text, traditional clinical scoring systems of changes in the animal’s appearance, including 

an arched back, sunken eyes and decreased grooming, have proven to be reliable indica-

tors of a general reduced state, yet insufficient, as they lack specificity to indicate the precise 

affective state. More importantly, the absence of these signs has been reported to not ex-

clude states of pain or distress [99, 102, 103]. For example, in the past embryo transfer 

used to be performed without analgesia due to missing changes in the clinical appearance 

of the animals. However, behavioural and telemetry-based measurements showed that an-

imals undergoing embryo transfer experience reduced well-being and pain [102, 104]. Com-

bining model-specific, clinical pain parameters with model-unspecific, behavioural 

parameters allows the differentiation between clinically visible pain, clinically invisible dis-

tress and impairments in well-being.  

The detection of pain in mouse fracture models is based on different methods: subjective 

assessments of spontaneous behaviours directly related to the use of the affected limb, 

such as reduced loading or avoidance of loading of the limb and unusual posture of the 

limb, observations of behaviour and vocalization after palpation of the affected limb, or au-

tomated analyses of gait or stance (e.g., Catwalk (Noldus), capacity meter; [105]). In addi-

tion, hyperalgesia developing over time on the affected limb is investigated using classical 

analgesiometric methods such, as the hotplate test or Von-Frey test [106, 107]. In our study, 

we combined pain-specific parameters, such as limp score and guarding behaviour and 

combined it with model-unspecific parameters, such as body weight development, clinical 

appearance, nest building and explorative behaviour, to assess the effectiveness of tra-

madol and buprenorphine administered via the drinking water. As a result, we were able to 
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conclude that by using tramadol and buprenorphine sufficient pain relief can be achieved 

over 3 days post-surgical in mice undergoing femoral osteotomy. However, we were also 

able to provide evidence that a potential overdosing of tramadol impacts the general well-

being of the animals [30]. In a current study, we are including Catwalk analysis to determine 

the effectiveness of the pain management protocol more precisely and to correlate model-

specific and unspecific parameters to find the optimal strategy to assess different affective 

states in mouse femoral fracture models [108].  

In addition to the optimization of the assessment of affective states in rodents to verify pain 

management protocols, the route of administrating analgesics most effectively is contro-

versly discussed. In our study, we showed that application via the drinking water ensures a 

continuous and non-invasive uptake of the analgesics [30]. However, this administration 

route has its limitations with regard to potential under- or overdosing depending on the in-

dividual frequency of water uptake, the circadian life rhythms, the oral absorption of anal-

gesics and the potential impairment of the animal. Therefore, injections are often used, 

which require forced immobilization and potentially intensifying post-operative pain and pain 

in the musculoskeletal system due to defensive movements. Formulations of analgesics 

that achieve an adequately high effective level over a long period of time and simultaneously 

require less frequent manipulations could resolve this issue [40]. Currently these depot/sus-

tained-release formulations are only available in the US and several attempts to import 

these products to Europe have failed. Schreiner et al. recently published a study on the 

successful development and use of a newly developed poly-lactic-co-glycolic acid (PLGA) 

based microparticulate buprenorphine formulation for sustained drug release to provide an 

alternative product within Europe [109]. In a current study, we investigate the effectiveness 

of newly developed sustained-release buprenorphine, ensuring continuous and sufficient 

analgesia in mouse femoral fracture models, as a potent alternative to the application of 

tramadol via drinking water [108]. Overcoming the barrier of unavailability of analgesic depot 

formulations could be transformative for the field of laboratory animal science and ensure 

the more active implementation of refinement measures.  

Another fundamental challenge in including refinement approaches in science is the lack of 

evidence-based data on the improvement these approaches achieve and the potential ef-

fects on the studies outcomes. In terms of the reproducibility crisis and the existence of 

traditional protocols approved by the scientific community, many researchers hesitate to 

include further refinement measures to avoid uncontrollable side effects on the studies out-

comes. Therefore, we decided to i) analyse the differences in fracture healing parameters 

between the different analgesic groups and ii) integrate the study in an ongoing fundamental 

research study [30]. This study approach had the advantage that we were able to reduce 
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the number of used animals as one of the analgesic groups was part of the fundamental 

research study and we re-used unoperated control animals (anaesthesia and/or analgesia 

only). Nevertheless, it must be ensured that the validity and statistical power of both studies 

are adequately adapted. Although this study design holds great promises to convince more 

researchers of including comparable refinement studies in their ongoing animal experi-

ments, it should be stressed out that the collaboration with laboratory animal experts, espe-

cially with respect to behavioural assessment, is inevitable to ensure the appropriate use of 

methodology and adequate interpretation of data.  

Taken together, adequate pain management is highly dependent on precise pain assess-

ment and should always be combined with the examination of further affective states of the 

animals to monitor distress and wellbeing. Several challenges must be tackled in the future 

to continuously ensure the maximum possible degree of animal welfare is balanced towards 

the scientific merit and outcome. Refinement measures are, therefore, indispensable and 

must be integrated whenever possible. In my opinion, all 3Rs must be prioritized to change 

the traditional way and mindset in biomedical research – a fragmentation of the field is not 

efficient and only prevents the concentration of forces towards a common goal.   

3.2 Recapitulating the initial phase of fracture healing in vitro – Modelling the 

crosstalk between immune cells and bone 

Upon trauma, activation of the extrinsic coagulation pathway results in the formation of the 

fracture hematoma within the fracture gap. The degradation and resorption of the fracture 

hematoma begin within a short timeframe and have a similar importance as the proper for-

mation, since knockout of plasminogen or absence of fibrinolytic protease genes lead to 

disturbed fracture healing [110]. The pro- and anti-inflammatory processes during the initial 

phase of fracture healing are critical to activating the subsequent regeneration cascade [31, 

52]. Several studies have shown that the removal of the fracture hematoma within the first 

days results in delayed regeneration and decreased new bone formation [111-113]. In ad-

dition, transplantation experiments of the fracture hematoma to ectopic locations suggested 

that the hematoma itself contains all important cells and factors to induce bone formation 

independent from the surrounding tissue origin [114]. The fracture hematoma consists of 

peripheral-blood-derived immune cells and their progenitors from the bone marrow, hema-

topoietic and skeletal stem cells and mesenchymal stromal cells, as well as dead cells and 

debris, attracting e.g. neutrophils during the first hours after trauma [52, 115]. Besides clear-

ing the area from pathogens and debris, neutrophils produce reactive oxygen species 

(ROS), cytokines and chemokines such as monocyte chemotactic protein 1 (MCP-1), and 

chemokine (C-X-C motif) ligand (CXCL) 1, leading to recruitment and invasion of monocytes 

and macrophages [114, 116-118]. While inflammatory activated macrophages are crucial 
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for endochondral ossification [119, 120], anti-inflammatory macrophages have been shown 

to specifically support the revascularization process by close interaction with the endothe-

lium [56]. The role of the adaptive immune system has been more extensively studied during 

the last years and controversial results have been reported. RAG1(-/-) mice lacking mature 

T and B cells show enhanced fracture healing, while CD4+ T cells have been shown to 

support osteogenic differentiation and maturation [121, 122]. Moreover, the immune sys-

tem’s experience level was described to influence the healing outcome [123]. In addition, 

the local microenvironment in the fracture hematoma is characterized by high concentra-

tions of cytokines, chemokines, growth factors and enzymes as well as hypoxia and lack of 

nutrients [114, 115, 124].  

Several of the above-described findings were gathered in animal models allowing us to 

uncover numerous fundamental pathways and to study the complexity of a whole organism. 

Nevertheless, inter-species differences especially between distant species like humans and 

mice, have led to reconsidering companion animals as naturally occurring models and pa-

tients. The horse as a patient of considerable economic value offers the opportunity to serve 

as a naturally occurring model for a variety of musculoskeletal disorders, such as fracture 

healing and OA. Fractures in horses are often difficult to treat, very expensive, and in many 

cases a reason for euthanasia. Aside from the racing industry with fracture incidences of 1–

2% per race and start, leisure sport and free-range husbandries bear increased risk for 

contortions and injuries, especially in the fetlock area. Due to its size and anatomically com-

parable characteristics to humans with respect to bone macro- and microstructure, the 

horse represents an ideal but most often overlooked animal model for musculoskeletal re-

search. Unfortunately, there is limited knowledge on cellular and molecular processes dur-

ing fracture repair itself and the initial phase in the horses specifically. General knowledge 

considers this phase for cleaning to eliminate debris, dead cells and tissue) [125]. Interest-

ingly, due to the often insufficient and delayed healing of fractures in horses, it has been 

suggested that immunological processes in the initial phase are altered compared to hu-

mans [125]. In our study, we aimed at establishing an in vitro equine fracture hematoma 

model for profound characterization, to generate fundamental knowledge on the initial pro-

cesses during fracture healing in the equine patient [126]. Moreover, we wanted to use the 

gained knowledge for translation into a human fracture hematoma model [92]. Therefore, 

equine blood was mixed with equine MSC, clotted to generate an in vitro fracture hema-

toma, and cultivated under normoxic and hypoxic conditions for 6h, 12h, and 48h. As a 

result, we found striking similarities to the human system with respect to the cell composi-

tion, while the mRNA expression indicates clear differences in the fracture healing pro-

cesses. In addition, we demonstrated that hypoxia favours the survival of MSCs but not 

immune cells. Furthermore, gene expression of osteogenic and angiogenic markers was 
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highly elevated under hypoxic conditions [126]. However, further studies using ex vivo eq-

uine fracture hematoma are required to verify our in vitro approaches and to delineate the 

role of the single components more precisely within the initial phase of fracture healing in 

horses.   

Interaction between immune cells and bone metabolism plays a crucial role in the physiol-

ogy and pathology of bone regeneration. However, current in vitro approaches exclude the 

immune system due to its complexity. Therefore, in the next step, we specifically focused 

on the simulation of the crosstalk between immune cells and bone, to mimic the initial phase 

of fracture healing in vitro more closely [127]. For the bone part, we used a patented tissue 

engineering approach (fzmb GmbH; Ponomarev et al.[128]) to create scaffold-free bone-

like constructs (SFBCs) in a macroscale approach, based on mesenchymal condensation 

as natural form of 3D self-assembly or self-organization [129]. Although the generation re-

quires a large number of cells, it allows for the analysis of different aspects with one model 

due to sufficient material availability. After detailed characterization of the SFBCs and the 

proof of penetrating calcification and cell mineralization, we co-cultivated the SFBCs with in 

vitro human fracture hematoma models [92] to examine the ability of the SFBCs to induce 

osteogenic cues, recapitulating key processes of the hematoma-bone crosstalk [127]. Since 

we found that the hypoxic environment plays a crucial role during the onset of regenerative 

processes in the fracture gap, we performed the co-cultivation under hypoxic conditions [92, 

126]. The results from the co-cultivation indicated striking similarities to already published 

findings from an ex vivo study and an in vitro fracture hematoma model (Table 2) [92, 130]. 

Moreover, we showed that the SFBCs were able to induce regeneration-relevant gene ex-

pression indicating the adaptation to hypoxia and osteogenic induction within the fracture 

hematoma model. In order to verify our approach, we administered deferoxamine (DFO) an 

osteoinductive compound that stabilizes hypoxia-inducible factor 1 (HIF-1) [91]. In addition 

to an increased target gene expression, we found elevated pro-inflammatory processes un-

derlining the profound role of suitable cellular adaptation to the microenvironment.  

Although our first approach to recapitulate the initial processes during bone regeneration 

seems to be promising, there are several limitations that need to be addressed to increase 

the complexity, the stability and extend the investigation timeframe while allowing the mon-

itoring of potential phase-spanning developments. Therefore, current follow-up projects in-

volve the integration of the fracture hematoma models in a perfused bioreactor system to 

enable debridement and active remodelling of the hematoma tissue.  
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Table 2: Comparison of gene expression results collected in three different studies. Adapted and repro-
duced from [127]. Arrow directed upwards indicates an increase in the gene expression while an asterisk indi-
cates the degree of expression. 

Gene symbol 
ex vivo FHs 

(< 72 h) [130] 
in vitro human FHs 
(48 h hypoxia) [92] 

in vitro fracture gap 
model (48 h hypoxia) 

[127] 

RUNX2 ↑ ↑** ↑ 

SPP1  ↑*     ↑**** ↑ 

VEGFA  ↑*    ↑*** ↑ 

IL8    ↑***   ↑** ↑ 

IL6    ↑*** ↑ ↑ 

LDHA   ↑**     ↑*** ↑ 

MMP2 n.a.  ↑* ↑ 

FH – fracture hematoma; LDHA – lactate dehydrogenase A; RUNX2 – Runt-related transcription factor 2;  
SPP1 – secreted phosphoprotein 1 (osteopontin); VEGFA – vascular endothelial growth factor A 

To sum up, using different in vitro approaches (in vitro equine fracture hematoma model, 

3D in vitro fracture gap model), we were able to recapitulate key processes within the frac-

ture hematoma during the initiation of fracture repair. Therefore, these models can be used 

to i) investigate fundamental (immune-mediated) mechanisms leading to disturbances in 

fracture repair and ii) as a prediction tool to test and develop sophisticated therapeutic strat-

egies which specifically address the crosstalk between immune cells and bone. As of today, 

in vitro approaches still face major challenges including the maintenance and recapitulation 

of complex immunological processes. Thus, the simulation of the immune component in 

different physiological and pathophysiological contexts has so far been impossible to study. 

Solving this problem will be transformative for the field to provide a sophisticated preclinical 

tool for basic research, uncover fundamental mechanisms, and enable the development of 

new therapies without animal experiments. 

3.3 Mimicking key features of joint disorders in vitro – Technical considera-

tions on complexity and its limitations 

A variety of in vitro models have been developed to study joint disorders such as OA. The 

models range from simple 2D chondrocyte monolayer cultures to perform target and sub-

stance screening to complex 3D co-cultures and organ-on-a-chip technologies which aim 

to replicate the whole joint physiology or pathology [6, 7]. However, primary chondrocytes, 

the sole cell type of cartilage, rapidly dedifferentiate towards a fibroblast-like morphology 

under monolayer conditions and shift their expression profile from collagen type II (COL2A1) 

to collagen type I (COL1A1) [77, 131, 132]. The 3D cultivation of chondrocytes prevents the 

dedifferentiation and allows the cells to interact with the surrounding extracellular matrix, 

thereby promoting a spheroidal cell morphology [79]. To achieve three-dimensionality, dif-

ferent approaches are used: scaffold-free or scaffold-based constructs, explant cultures, 
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co-cultures and microfluidic models based on pellet cultures or hydrogels. Different cell and 

tissue resources help to emulate in vivo conditions, including cartilage explants, primary 

chondrocytes, stem cells (mesenchymal, induced pluripotent) and cell lines. However, bal-

anced considerations should include the availability and quantity of the cell and tissue re-

source e.g. as primary chondrocytes are isolated from residual material collected during 

whole joint replacements during which cartilage is removed over a larger area. Thus, MSCs 

represent a promising cell resource as they are easy to isolate from bone marrow cells, 

expandable in higher numbers and are able to differentiate into the chondrogenic lineage. 

In our study, we used human MSCs to develop a 3D macroscale cartilage construct con-

sisting of cells and their self-produced matrix (scaffold-free; SFCC). These SFCCs exhibit 

cartilage-like features, including glycosaminoglycan and collagen type II abundance, layer-

ing of cells and cartilage marker mRNA expression. However, the continued presence of 

collagen type I indicates an insufficient maturation of the constructs towards hyaline carti-

lage, which is in line with observations from other studies [133, 134]. Future directions points 

towards using induced pluripotent stem cells (iPSC; [135, 136]) or artificially created cell 

lines [137]. However, since chondrocytes are fully mature cells, the usability and compara-

bility of using rather juvenile cells to simulate a disease complex which evolves through 

aging is highly questionable and should be considered carefully. Nevertheless, as alterna-

tive cell resources are required, sophisticated cell engineering technologies such as 

CRISPR-Cas9 are promising to create stable, in vivo-like cell lines that exhibit the classical 

features of primary chondrocytes. Macroscale mesenchymal condensation and biomechan-

ical loading during maturation resulted in the 3D shape of the SFCCs without signs of ele-

vated cell death in the inner core of the constructs [138]. Moreover, the macroscale 

approach (diameter up to 0.5 cm) has the advantage of providing a physiologically relevant 

size, geometry, lower cell to matrix ratio and adequate mechanical properties compared to 

pellet cultures [139].  

In vitro simulation of an osteoarthritic environment can be induced by either biochemical or 

mechanicals effectors. Commonly, cytokines such as IL-1 and TNFα are used to mimic 

the inflammatory response of synovial cells. The selected IL-1 and TNFα concentrations 

in our study were higher than in other studies (normal range between 1–100 ng/ml) and 

exceed the concentration measured in the synovial fluid of patients [140]. However, such 

an approach is not unusual as it enables the simulation of a chronic progressive process in 

a shorter timeframe. Prediction experiments using our developed mathematical model indi-

cated that a 10-fold reduction of the IL-1 and an extension of the timeframes to 5 weeks 

resulted in a complete distribution of IL-1β and MMP-1/-3/-13 within the tissue, decreasing 

cell death, but a rather decelerated collagen type II degradation. These observations are 

highly comparable with in in vivo observations reporting the chondrocyte decline as crucial 
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during the onset of the disease followed by the progressive matrix degradation over time 

[141, 142]. The close collaboration with mathematicians allowed us to develop an in silico 

model in parallel to our in vitro model to serve as a prediction tool for further experimental 

design and to modify and optimize the in vitro model. Our reduced mathematical model 

allowed us to exclude unidentifiable parameters and uncertainties from the original equation 

system published by Kar et al. [143]. In general, common in silico approaches towards OA 

are mainly based on poroelastic models or cell mechanics [144-146]. 

One major limitation of our single component model to study cartilage is the narrow focus 

on one specific feature of the disease, cartilage degradation, although OA is known to affect 

the whole joint including the synovial membrane and the subchondral bone. Thus, in a fol-

low-up, we wanted to increase the complexity by combining the chondral part with a bone 

model to recapitulate the effects of the inflammatory process on the osteochondral unit, to 

determine and display its role in the pathogenesis of RA. Therefore, we created a dual 

system that exhibited an RA-like phenotype induced by the administration of an inflamma-

tory cytokine cocktail containing TNFα, IL-6 and macrophage migration inhibitory factor 

(MIF). Further, our approach studied the immunomodulatory effect of common clinically ap-

plied anti-rheumatic drugs, adalimumab [147, 148] and tocilizumab [149, 150], in addition 

to the antineoplastic agent milatuzumab [151]. In contrast to our parallel approach in the 

fracture gap model, where the bone part was created by adapted differentiation of the mac-

roscale scaffold-free constructs, we here chose tricalcium phosphate (TCP) ceramic parti-

cles for a scaffold-based approach. TCP is a widely used scaffold for clinical bone 

restoration and its biocompatibility, as well as osteoconductive ability, have been sufficiently 

proven [152-155]. The use of MSC as a cell resource to generate the chondrogenic as well 

as osteogenic part allowed for a stringent donor-matched co-cultivation as an osteochondral 

unit. The formation of a bridging zone between both parts suggested a potential functional 

interplay between the cells and tissues. However, to create a fully maturated bridging area 

a different approach might be superior in allowing a stable close contact between the tissues 

and the integrated cell differentiation, which could result in a proper intermediate zone. [156, 

157]. In contrast to OA, the disease progression and inflammatory component within the 

pathophysiology of RA is highly more pronounced mainly driven by synovial fibroblasts and 

different immune cells (neutrophils, macrophages, T-cells). In our model, we showed an 

increased expression of matrix metalloproteases (MMP1, MMP3), especially in the cartilage 

component, while the expression of metabolic markers such as LDHA and IL8 was elevated 

in bone components. Overall gene expression changes were more dramatic in the cartilage 

component than the bone component indicating different adaptation dynamics in both sys-

tems. The administration of clinically applied monoclonal antibodies directed against TNFα, 
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IL-6 and MIF resulted in reduced pro-inflammatory effects especially inhibiting the TNF and 

IL-6 signalling pathways. 

Despite the increase in complexity that our developed model displays by combining two 

tissue components into one osteochondral part, major limitations include the lack of immune 

cells, bone remodelling processes and biomechanical cues. Current and future approaches 

focus on the integration of the dual system in a bioreactor platform to enable perfusion and 

tissue adapted provision of differentiation and growth factors. Moreover, we aim at extend-

ing the model by introducing a synovial membrane component that will be enriched and 

triggered with immune cells to enable the precise recapitulation of the disease development 

in a tissue-hierarchical order. Current approaches from the literature already include all 

parts of the joints, e.g. combining patient-derived osteochondral plugs co-cultivated with 

explants from the synovial membrane or using microphysiological systems [6, 158]. 

Nevertheless, to allow standardization and reproducibility, current in vitro approaches 

mostly focus on simplification and miniaturization of a complex biological system and its 

disorders which is inevitable accompanied by losing important physiological or pathophysi-

ological information. Nevertheless, with regard to biomedical basic and translational re-

search, simplification and miniaturization can be used to develop and create controllable 

systems and can serve as a base to study complex biological interplays in vitro. However, 

there must be a fine-balanced and precisely elaborated strategy to maintain complexity in 

in vitro systems. The in vitro simulation of musculoskeletal disorders is one of the greatest 

challenges requiring distinct populations of mature cells, different stiffnesses of the sur-

rounding matrix, stable interconnections between different tissue types, specific environ-

mental conditions (e.g. oxygen and nutrient restriction) and the integration of diverse 

biomechanical insults. Therefore, while upcoming cutting-edge technologies in tissue- or 

organ-on-a-chip-technologies and corresponding approaches may be promising, they 

should be critically reviewed to successfully enhance translatability towards the human or-

thopaedic patient. 
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3.4 The active implementation of the 3R principle in biomedical research – 

Closing thoughts on challenges and opportunities  

Efforts for the active implementation of the 3R principle in biomedical research have expo-

nentially increased over the last years. One reason is the increasing public pressure on 

scientists with the demand for more transparency, exploitation of all possibilities to save 

animals and optimization of animal welfare to ensure animal wellbeing. Moreover, several 

3R centres, initiatives and platforms have been recently formed especially in Europe, mainly 

triggered by the legislative adaptations included in the Directive 2010/63/EU. Therefore, EU 

Member States need to “[...] contribute to the development and validation of alternative ap-

proaches which could provide the same or higher levels of information as those obtained in 

procedures using animals, but which do not involve the use of animals or use fewer animals, 

or which entail less painful procedures” and EU Member States “shall take such other steps 

as they consider appropriate to encourage research in this field.” ([23]; Article 47). Besides 

the demand for increased research efforts the directive also includes the requirement for 

adequate dissemination, education, and training to further accelerate the implementation of 

the 3R principle and ensure animal welfare on the highest possible level. In 2018 the JRC 

EURL ECVAM has launched a study on “Mapping education and training on the 3Rs”. Alt-

hough the data has not yet been published, a preceding study indicated the need for better 

provision of 3Rs courses and harmonization of materials across Europe [159]. The estab-

lishment of centralized structures, such as the establishment of a European 3R network 

(EU3Rnet), and the linking of decentralized services, e.g. by information platforms (Nore-

copa, ETPLAS), will play an important role in the future, if we are to expand the range of 

services and opportunities and offer them in an optimal way that conserves resources. In 

my opinion, the education of the next generation of scientists is fundamental to achieving a 

general mind shift towards animal sparing methods and increased animal welfare in the 

future. Therefore, attractive, and inspiring educational concepts need to be developed to 

transfer not only content-related information but also train scientific confidence, creativity, 

the ability to work in an interdisciplinary manner, teamwork and to tackle and implement 

innovative ideas. Exemplarily, in recent years we have successfully developed and imple-

mented a workshop concept which uses Design Thinking methods to create awareness and 

stimulate innovative ideas among early-career scientists to accelerate the active use and 

optimization of the 3R principle – ReThink3R (https://rethink3r.de/ [cited 2021 November 

26]). 

Besides the dissemination and distribution of information on the 3R principle, further evi-

dence is required, e.g. for the positive impact of improved handling and housing of labora-

tory animals (refinement measures) on scientific merits and quality of science [160], or the 
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potential superiority of in vitro methods over animal models in terms of translation to the 

human patient (replacement). As already mentioned above, I hold the opinion that all 3Rs 

must be prioritized to change the traditional way and mindset in biomedical research – a 

fragmentation of the field will be not successful in the long term. Therefore, funding oppor-

tunities need to be much more balanced, to provide more research resources for refinement 

and reduction as immediate measures to be implemented. However, resources for in vitro 

approaches must be maintained and increased to facilitate the development of sophisti-

cated alternative systems for the future. Therefore, advances and successes in toxicology 

can guide the development in biomedical research, although fundamental differences need 

to be considered with respect to requirements for complexity, multidimensionality, batteries 

for readout parameters as well as microenvironmental demands.  

To conclude, I am certain that the humane treatment of laboratory animals following the 3R 

principle is not opposed to performing ground-breaking research, but rather strengthens its 

innovative capacity, forward-thinking sustainability, and rapid translation into the clinic. 

“As new fields of biology open in the future, it may become a matter of routine to apply the 

lessons of the past and turn as soon as possible to the techniques of replacement”. ([1]; 

Chapter 4 – Other Uses of Microorganisms)
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SUMMARY 

Musculoskeletal disorders are a challenging clinical problem. Each year, millions of patients 

worldwide experience bone fractures and 10–15% of these fractures suffer from impaired 

healing. The global prevalence for osteoarthritis is higher than ever before due to an in-

creased life expectancy and rise in associated risk factors such as physical inactivity and 

obesity. Sophisticated complex treatment plans with novels biologics allowed to effectively 

achieve remission in patients with rheumatoid arthritis, however, about 25% of the patients 

still suffers from moderate or even high disease activity. Thus, further fundamental, and 

translational preclinical research is imperative to tackle the unmet medical needs for mus-

culoskeletal conditions and ensure health throughout the life course. The current gold-

standard in preclinical research is the use of animal models, i.e. mainly rodents (mouse, 

rat). However, during recent years, we have witnessed the failure of promising therapeutics 

in clinical testing albeit being based on strong evidence from animal experiments. There-

fore, it can be speculated that trans-species differences might be responsible for the limited 

transferability of findings to the human patient. The 3R principle (replace, reduce, refine) 

published by Russell and Burch in 1959 can be used as a framework for the humane use 

of animals in research. Moreover, it can enhance and ensure scientific quality and integrity 

in studies using animals, thereby accelerating the translational process. To enhance the 

current knowledge on refinement measures in fundamental research studies and to provide 

evidence-based data on pain management protocols in laboratory animals, we evaluated 

two analgesics, tramadol and buprenorphine in the drinking water, for their efficiency and 

side effects on experimental readout in the mouse-osteotomy model. Furthermore, we de-

veloped novel in vitro approaches to evade cross-species differences and to replace lab 

animal usage with a specific focus on fracture healing and joint pathologies. In detail, to 

recapitulate the initial phase of fracture healing, we specifically focused on integrating the 

interaction between immune cells and mesenchymal stromal cells/bone-related cells, ex-

emplified by artificial fracture hematoma models containing mesenchymal stromal cells and 

the combination with three-dimensional scaffold-free bone-like constructs (fracture gap 

model). This tissue-engineered macroscale approach was used in parallel to mimic cartilage 

degradation during the onset of osteoarthritis in vitro, which was later extended towards an 

osteochondral unit model by integrating a tricalcium phosphate-based bone equivalent to 

recapitulate key features of rheumatoid arthritis. Together, within this thesis, I provide an 

overview of the variety of approaches towards the active implementation of the 3R principle 

in musculoskeletal-related preclinical research. Thereby, I specifically underline the im-

portance of equivalently prioritizing all 3Rs to effectively rethink traditional research ap-

proaches in biomedicine for continuous improvement in animal welfare and successful 

human patient-driven translation.
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ZUSAMMENFASSUNG 

Erkrankungen des muskuloskelettalen Systems sind ein herausforderndes klinisches Prob-

lem. Jedes Jahr erleiden Millionen von Patienten weltweit Knochenbrüche und bei 10-15 % 

dieser Frakturen kommt es zu Heilungsstörungen. Die weltweite Prävalenz von Osteoarth-

rose ist aufgrund der gestiegenen Lebenserwartung und der Zunahme der damit verbunde-

nen Risikofaktoren, wie Bewegungsmangel und Übergewicht, höher als je zuvor. Dank 

ausgeklügelter komplexer Behandlungspläne mit neuartigen Biologika konnte bei Patienten 

mit rheumatoider Arthritis eine wirksame Remission erreicht werden, allerdings leiden etwa 

25 % der Patienten immer noch unter einer mäßigen oder sogar hohen Krankheitsaktivität. 

Daher ist weiterführende Forschung unerlässlich, um den verbleibenden medizinischen Be-

darf im Bereich der muskuloskelettalen Erkrankungen zu decken. Der derzeitige Goldstan-

dard in der präklinischen Forschung ist die Verwendung von Tiermodellen, insbesondere 

Nagetieren (Maus, Ratte). Dennoch sind in den letzten Jahren immer wieder neue Thera-

peutika in der klinischen Testung gescheitert, trotz vielversprechender Daten aus dem Tier-

versuch. Speziesübergreifende Unterschiede werden für die begrenzte Übertragbarkeit der 

Ergebnisse auf den menschlichen Patienten verantwortlich gemacht. Das von Russell und 

Burch 1959 veröffentlichte 3R-Prinzip (Replace, Reduce, Refine) kann als Rahmen für den 

humanen Einsatz von Tieren in der Forschung dienen sowie die Qualität und Integrität von 

Tierversuchen sicherstellen und so den Translationsprozess beschleunigen. Um das der-

zeitige Wissen über Refinement-Maßnahmen zu erweitern und evidenzbasierte Daten zu 

Schmerzbehandlungsprotokollen bei Labortieren bereitzustellen, haben wir zwei Analge-

tika, Tramadol und Buprenorphin im Trinkwasser, auf ihre Wirksamkeit und ihre Nebenwir-

kungen im Maus-Osteotomie-Modell untersucht. Darüber hinaus haben wir neue in vitro 

Ansätze entwickelt mit speziellem Fokus auf die Frakturheilung und Gelenkpathologien. Um 

die Anfangsphase der Frakturheilung zu rekapitulieren, konzentrierten wir uns insbeson-

dere auf die Interaktion zwischen Immunzellen und mesenchymalen Stromazellen/Kno-

chenzellen, z. B. durch die Kombination von Frakturhämatom-Modellen mit dreidimensio-

nalen trägerfreien knochenähnlichen Konstrukten (Frakturspaltmodell). Ein vergleichbarer 

Ansatz wurde verwendet, um den Knorpelabbau während der beginnenden Osteoarthrose 

in vitro zu imitieren. Später wurde dieser Ansatz auf ein Modell der osteochondralen Einheit 

ausgeweitet, um die Hauptmerkmale der rheumatoiden Arthritis zu rekapitulieren. In dieser 

Arbeit gebe ich einen Überblick über die Vielfalt der Ansätze zur aktiven Implementierung 

des 3R-Prinzips in der präklinischen muskuloskelettalen Forschung. Dabei unterstreiche 

ich insbesondere die gleichwertige Priorisierung aller 3R, um eine kontinuierliche Verbes-

serung des Tierschutzes und eine erfolgreiche, auf den menschlichen Patienten ausgerich-

tete Translation zu gewährleisten.
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